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Abstract 
 
The focus of this research is the role of conformational flexibility in catalysis by a TIM-
barrel enzyme in pyrimidine biosynthesis, orotidine 5’-monophosphate decarboxylase 
(OMPDC).  OMPDC catalyzes the decarboxylation of OMP to UMP; the uncatalyzed rate for 
this reaction has been estimated to be 2.8 x 10
16
 s
-1
 (1).  The slow rate without OMPDC is 
attributable to the lack of internal stabilization of the negative charge which must develop in the 
intermediate after decarboxylation.  Because OMPDC does not utilize a cofactor in its 
mechanism, discovering how it is able to enhance this very slow rate to near the limits of 
diffusion is an important problem, kcat/KM = 1.3 x 10
7
 M
-1
s
-1
 (2). 
 
Through alanine-scanning mutagenesis, I have identified important residues in OMPDC 
catalysis (3, 4).  The large impact of mutating residues on the periphery of the active-site has 
helped develop an understanding of the importance of conformational change.  Residues Ser127 
and Gln185 from two different loops form an interaction that helps to coordinate loop closure 
with substrate binding; these residues also interact with the substrate (4).  Besides active-site 
loop closure, crystal structures reveal the TIM-barrel of OMPDC to function as two halves which 
move toward one another when ligand binds.  Near one of the boundaries between these two 
domains, I identified residues remote from the active-site which form a hydrophobic cluster in 
the “closed” state of the enzyme; Val182 from the mobile active-site loop becomes anchored in 
this cluster upon loop closure (3).  Through site-directed mutagenesis, enzyme assays, and 
collaboration with X-ray crystallography experts in the Almo Group at Columbia University, I 
was able to determine that these hydrophobic interactions were important specifically to 
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conformational change from an “open” to a “closed” state of the enzyme and that mutations to 
these residues had little impact on the “closed” state itself (3).  It is thought that this cluster helps 
to coordinate the movement of domains as well as stabilize loop closure when substrate binds.  
Additional residues at the opposite domain interface are currently being investigated. 
 
In order to determine the rate-limiting step and to gain a better picture of the energy 
landscape for OMPDC catalysis, I measured the dependence of the kinetic parameters for various 
OMPDCs on viscosity (2).  This allowed me to determine to what degree chemistry was 
important to the measured rate because changing viscosity affects the rate of physical steps 
outside of the active-site while leaving unchanged the chemical steps secluded from solvent by 
the active-site.  For kcat and kcat/KM for yeast OMPDC and kcat/KM for the archaeal M. 
thermautorophicus OMPDC, OMP decarboxylation was found to be only partially dependent on 
the rate of chemical steps in the enzyme (2).  Therefore, the rate of carbon-carbon bond cleavage, 
which occurs ca. 2.8 x 10
-16
 s
-1
 in solution, is enhanced by OMPDC near to the rate at which 
substrate can diffuse into the active site.  Furthermore, kcat/KM for a “faster” substrate, 5-
fluoroOMP (FOMP), was found to be completely dependent on viscosity for the archaeal 
enzyme.  This demonstrated that the rate of FOMP decarboxylation is limited by the rate of 
FOMP diffusing into the active site.  This allowed for an explanation of the small difference in 
the kcat/KM for OMP and FOMP, 2-fold as opposed to 1000-fold as predicted.  Also, evidence for 
slow conformational change upon substrate binding was gleaned from the inability for FOMP 
decarboxylation catalyzed by the yeast enzyme to reach complete dependence on solvent 
viscosity.  In short, because the chemical rate is far too fast and because diffusive processes will 
iv 
 
exhibit linear dependence on viscosity, there must be a viscosity sensitive conformational change 
in the yeast enzyme. 
 
By applying the tools of enzymology learned in the Gerlt Laboratory and working 
successfully with numerous collaborators, I have furthered our understanding of the mechanism 
of one of Nature’s best catalysts, OMPDC.  Increasingly in enzymology, the role of 
conformational change in enzyme catalysis has been recognized as an important one.  This 
research has shed light on the conformational changes that take place when substrate binds 
OMPDC and how the two events are coordinated. 
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CHAPTER 1 
 
1 Introduction 
Enzymology is the study of the catalytic action of proteins, and it conscripts methods from as 
diverse fields as biochemistry, physical organic chemistry, bioinformatics, computational, and 
organic chemistry (1-4).  The enzyme, orotidine 5’-monophosphate decarboxylase (OMPDC), is 
of particular interest to enzymologists because of the difficult chemical questions it raises (5).  
As early as 1973, scientists recognized the difficulty of decarboxylating orotidine 5’-
monophosphate (OMP) Scheme 1.1 (6), an inevitable biochemical transformation given the 
pathway for pyrimidine biosynthesis (7).  The following thirty-six years saw much increase in 
the complexity of the problem, “How does OMPDC catalyze its reaction?”, but the unyielding 
nature of the mechanism and novel active site structure have only increased the importance of 
this problem in enzymology (8). 
 
 
Scheme 1.1:  Decarboxylation and protonation of orotidine 5’-monophosphate, OMP, at C6 
yields uridine 5’-monophosphate, UMP. 
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1.1 Biology, phylogeny, and the OMPDC model enzymes 
First, it is useful to understand the biological origins of an enzyme to better understand its 
function.  As shown in Figure 1.1, OMPDC, a (β/α)8, or TIM, barrel enzyme belonging to the 
ribulose-phosphate binding superfamily (9), catalyzes the sixth step in the de novo biosynthesis 
of uridine 5’-monophosphate (UMP) (7).  OMPDC is ubiquitous to all life because it is used in 
the synthesis of RNA and because it is the precursor to all other pyrimidine nucleotides in the 
cell, including the deoxyribonucleotides dTMP and dCMP which are necessary to replicate DNA 
(10).  UMP is also one of the small molecule regulators of pyrimidine biosynthesis in the cell 
because it acts as a feed-back inhibitor of the OMPDC-catalyzed reaction when pyrimidine 
concentrations rise (10). 
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Figure 1.1: The de novo biosynthesis of UMP is a six step process.  The last step removes the 
carboxyl group originating as the α-carboxyl group of aspartic acid.  The product, UMP, is a 
competitive inhibitor of OMPDC. 
 
The de novo UMP biosynthetic pathway (Figure 1.1) begins with the coupled amination/ 
phosphorylation reaction catalyzed by carbamoyl phosphate synthetase II wherein bicarbonate is 
converted to carbamoyl phosphate using the γ-ammonia of glutamine and the expenditure of two 
ATPs (10).  The carbamoyl phosphate is condensed with L-α-aspartate in the next enzymatic 
step (10).  The N-carbamoyl aspartate is then cyclized in a dehydration reaction catalyzed by 
dihydroorotase (10).  In most animals, the first three enzymes of the pathway are expressed as 
one fused gene product with extensive tunneling of the metabolites (10).  The decarboxylation of 
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dihydroorotate to dihydrouracil or the coupled decarboxylation/oxidation at C6 and C5 to form 
uracil might seem a logical next step; this would negate the need for such a highly evolved 
catalyst (OMPDC) at the end of the pathway to remove the carboxyl group from an sp
2
 carbon 
(carbon 6 of OMP) with no obvious electron sink near the resulting carbanion.  However, 
Nature’s pathway forms the double bond at C5-C6 via the enzyme, dihydroorotate 
dehydrogenase.  Orotate phophoribosyl transferase creates the nucleotide, OMP, from orotate 
and 5’-phosphoribosyl 1’-pyrophosphate; in mammals it is fused to OMPDC (10). 
 
Because OMPDC is found in all branches of life, a phylogenetic tree can be calculated from 
the sequences of all known OMPDC’s.  In Figure 1.2, the amino acid sequences from a diverse 
group of organisms are represented in a dendrogram relating the proteins’ sequence identities.  
More than 1600 distinct homologs (enzymes related by divergent evolution as evidenced by their 
high sequence and structural similarity) within the OMPDC family are known as of this writing, 
and more comprehensive sequence alignments reproduce the four subgroup pattern shown in 
Figure 1.2.  As will be discussed in Chapter 3, one subgroup is identified for each of the three 
superkingdoms: eukaryota, bacteria, and archaea, with one additional “miscellaneous” subgroup 
which contains both bacterial and eukaryotic human pathogens.   
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Figure 1.2: This dendrogram displaying the four subfamilies of OMPDC: eukaryota in yellow, 
archaea in red, bacteria in green, and a “miscellaneous” group in grey containing many bacterial 
and eukaryotic human pathogens was generated in the lab of Dr. Babbitt at UCSF. 
 
 The laboratories that have studied OMPDC have chosen enzymes from each of these four 
subgroups, so there are structures for enzymes from each: Saccharomyces cerevisiae (11) and 
Homo sapiens (12)&(Structural Genomics Consortium) from eukaryota; Escherichia coli (13), 
Bacillus subtilis (14), Geobacillus kaustophilus (unpublished – RIKEN Structural 
Genomics/Proteomics Initiative), and Thermotoga maritima (unpublished – Joint Center for 
Structural Genomics) from bacteria; Methanothermobacter thermautotrophicus (15, 16) and 
Pyrococcus horikoshii (unpublished – RIKEN Structural Genomics/Proteomics Initiative) from 
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archaea; and Plasmodium falciparum, P. vivax, and P. berghei (17, 18) (unpublished – Structural 
Genomics Consortium) from the miscellaneous subgroup.  By far the most studied are the 
archaeal M. thermautotrophicus OMPDC (MtOMPDC) (see Figure 1.3) and the eukaryotic S. 
cerevisiae OMPDC (ScOMPDC).  Though there are structures for enzymes from several 
bacteria, little enzymology has been reported for any enzymes.  An exception is our report in 
2009 that compared the enthalpies and entropies of activation for the enzymes from E. coli, S. 
cerevisiae, and M. thermautotrophicus (19). 
 
 
Figure 1.3: The crystal structure of MtOMPDC cocrystallized with 6-hydroxy-UMP (PDB code 
1x1z).  The active sites of these dimeric enzymes are located at the dimer interface, and 
conserved residues in each active site are contributed from both polypeptides. 
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Based on sequence alignments, the structures from the eukaryota, bacteria, and archaea 
subgroups seem representative of those groups as determined by their ability to predict key 
residues for enzymes without structures.  This is not true for the “miscellaneous” subgroup in 
which the active site loop and phosphate binding residues are not identifiable for a large number 
of OMPDCs.  While the crystallographic structures available are for the eukaryotic 
Plasmodium’s, many of the enzymes in this subgroup are from bacteria, so although they form a 
subgroup, the “miscellaneous” OMPDC may be very divergent.  Furthermore, some of these 
enzymes may not be functional OMPDCs; this includes some enzymes which are fused to orotate 
phosphoribosyl transferase.  The annotated OMPDC genes which for various reasons are 
predicted here not to be functional OMPDC’s will be discussed in Chapter 3.  The evolutionary 
origin of these enzymes poses an interesting question that is not addressed in this work, but one 
could postulate that lateral gene transfer was involved. 
 
1.2 Chemical insight and the importance of OMPDC 
1.2.1 Uncatalyzed rate of model compound decarboxylation 
Model compounds have been used to study enzyme-catalyzed reactions in the absence of 
their catalyst in order to better understand the chemical challenges that are overcome in active 
sites.  Peter Beak, also at the University of Illinois, was the first to apply this approach to the 
problem of elucidating the mechanism of OMPDC (6, 20).  Beak’s experiments involved 
measuring the temperature dependence for decarboxylation of 1,3-dimethylorotic acid from 206 
°C to 226 °C, and these data were used to extrapolate to the rate at 37 °C, 5 x 10
-14
 s
-1
 (20).  
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Thus, as early as 1976, Beak’s laboratory had pointed out that OMPDC’s rate enhancement was 
at least 12 orders of magnitude (20). 
 
The same technique of modeling decarboxylation with simpler pyrimidines was later used by 
Richard Wolfenden with the goal of quantifying the catalytic ability of OMPDC relative to other 
enzymes found in Nature (5).  In order to better compare enzyme catalytic abilities, Wolfenden 
defined the value “catalytic proficiency,” (kcat/KM)/knon, as the ratio of the enzyme-catalyzed rate, 
kcat/KM, to the extrapolated uncatalyzed rate, knon (5).  Wolfenden concluded that OMPDC was 
one of the best catalysts known after calculating the spontaneous rate of decarboxylation of 1-
methylorotic acid, 2.8 x 10
-16
 s
-1
 at 25 °C (5).  The value of OMPDCs catalytic proficiency in this 
1995 report, 2.0 x 10
23
 M
-1
, was also used as a lower limit for the affinity of the active site for the 
transition state for decarboxylation, the inverse of catalytic proficiency, 5 x 10
-24
 M (5)!  This 
discovery brought OMPDC to center stage of enzymology. 
 
Wolfenden has since published a second measurement of the rate of spontaneous 
decarboxylation of 1-methylorotic acid, 3.4 x 10
-15
 s
-1
, 25°C (21), which is closer to Beak’s value 
for 1,3-dimethylorotic acid of twenty years prior, 5 x 10
-14
 s
-1
 at 37 °C (20).  Using my 
measurement of the value of kcat/KM for ScOMPDC, 1.3 x 10
7
 M
-1
s
-1
 (22), my estimate of the 
catalytic proficiency for this enzyme is 3.8 x 10
21
 M
-1
.  Figure 1.4 reproduces Wolfenden’s plot 
depicting catalytic proficiency as the most useful approach for comparing the catalytic ability of 
enzymes by comparing those whose uncatalyzed rates have similarly been measured using 
models of substrates (5).  The difference between the catalyzed and uncatalyzed rates, visualized 
as the red bar in Figure 1.4, represents catalytic proficiency for each enzyme.     
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Figure 1.4: The catalytic proficiencies of eleven enzymes are compared on a logarithmic scale: 
orotidine 5’-monophosphate (21, 22), arginine decarboxylase (23), staphylococcal nuclease (23-
25), fumarase (26), mandalate racemase (27), carboxypeptidase B (28), cytidine deaminase (29), 
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ketosteroid isomerase (30), chorismate mutase (31), and carbonic anhydrase (32).  The red bars 
represent the magnitude of each enzymes’ catalytic proficiency.  The top of the red bar mark 
kcat/KM, and the bottom marks knon. 
 
Central to the argument that catalytic proficiency describes the catalytic power of an enzyme 
is that the chemical mechanism of the reaction is the same whether catalyzed or uncatalyzed.  
One of the main reasons OMPDC is an important enzyme to study compared to the other 
enzymes in Figure 1.4 is that it does not use a cofactor (33, 34).  For example, only amino acid 
decarboxylation (23) and uroporphyrinogen decarboxylation (35) have been measured to be 
slower uncatalyzed biological reactions than OMP decarboxylation, but amino acid 
decarboxylating enzymes, such as arginine decarboxylase, utilize pyridoxal phosphate to achieve 
their rate enhancements.  The mechanisms of cofactor-assisted reactions are most likely different 
than the uncatalyzed reactions, so catalytic proficiencies for cofactor-dependent enzymes can be 
misleading.  Also, the uncatalyzed rate for the uroporphyrinogen decarboxylase III (UroD) 
reaction was calculated to vary between 9.5 x 10
-18
 s
-1
 at pH 3 and 2.1 x 10
-12
 s
-1
 at pH 10 which 
would make UroD’s catalytic proficiency 3.1 x 1023 M-1 or 1.4 x 1018 M-1, respectively (35, 36).  
It is not known which the relevant rate is to judge the rate enhancement, so this enzyme was not 
added to Figure 1.4.  Furthermore, it is essential to the use of catalytic proficiency as a measure 
of transition state affinity that the catalyzed rate be an accurate depiction of the rate of chemistry 
within the enzyme; otherwise, the proficiency and transition state (TS) affinity will be 
underestimated.  I explicitly tested this for OMPDC as will be discussed in Chapter 2. 
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Another important point that Wolfenden made in 1995 was that enzymes with extremely high 
catalytic proficiencies, such as OMPDC, are likely to be more susceptible to competitive 
inhibition in general than other enzymes due to their extremely high affinity for the TS structure 
and close mimics thereof (5).  As mentioned previously, OMPDC is one of the main points of 
regulation of pyrimidine biosynthesis, and this is achieved through competitive inhibition.  
Nature seems to have been opportunistic in utilizing OMPDC’s tight binding affinity for certain 
nucleotides in metabolic regulation.  The best proof of the hypothesized zeptomolar (10
-21
 M) 
affinity of OMPDC for its transition state would be the discovery of a transition state analogue, a 
compound which mimics the structure of a transition state, whose dissociation constant 
approaches this value.  While no such compound is yet known, one extremely potent competitive 
inhibitor for OMPDC, 6-hydroxyuridine 5’-monophosphate, has a dissociation constant 
approaching the picomolar range (10
-12
 M) (4). 
 
1.2.2 Proposed mechanisms 
The means by which enzymatic mechanisms can best be described is through the principles 
of physical organic chemistry.  Because the reaction catalyzed by OMPDC is known to be slow 
and OMPDC is able to increase this rate to a value remarkable even in comparison to those of 
other highly evolved enzymes, the physical organic chemistry which occurs in the active site of 
OMPDC must be understood in order to grasp the catalytic abilities possible to this and other 
polypeptides.  One hope is that the mechanism is novel, so that the enzymological community 
may gain further understanding as to how enzymes work.  Many hypotheses have been put forth 
to describe this enzyme-catalyzed reaction, but as the subsequent chapters will show, the most 
likely mechanism is both more simple and elegant than enzymologists originally expected. 
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1.2.2.1  Ylide mechanism 
Dr. Beak published in 1973 a four-step mechanism for 1,3-dimethylorotate decarboxylation 
which progressed through a zwitterionic tautomer of the reactant that could provide stabilization 
of the negative charge that developed at C6 of the decarboxylated intermediate (6).  Scheme 1.2 
depicts the mechanism suggested by this model reaction.  Assuming that the active site contained 
a proximal acid, O2 of the substrate would be protonated prior to decarboxylation. 
 
 
Scheme 1.2: The proposed mechanism of Beak and Siegel (6, 20).  Preprotonation at O2 would 
provide inductive stabilization of the carbanionic intermediate to form after carbon-carbon bond 
cleavage. 
 
Evidence was already available for this electrostatic stabilization of a carbanion vicinal to an 
iminium.  As Beak noted in his 1965 work (37), the Hammick reaction (38) is thought to utilize 
such a zwitterion to stabilize an intermediate following decarboxylation vicinal to a nitrogen in a 
heterocyclic compound such as pyridine-2-carboxylic acid (α-picolinic acid).  Beak had also 
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previously studied the proton-deuterium exchange of N-methyl-4-pyridone catalyzed by sodium 
deuteroxide (see Scheme 1.3) (37).  The intermediate in this exchange reaction was hypothesized 
to resemble the zwitterion in Scheme 1.3. 
 
 
Scheme 1.3: The top reaction is N-methyl-4-pyridone deuterium exchange and postulated 
intermediate, 1965 (37).  These results served as the intellectual basis for Beak’s later hypothesis 
of a zwitterionic intermediate in the OMPDC catalyzed decarboxylation of OMP (6, 20).  The 
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three reactions in the bottom row are the model compounds used by Wu et al. to test the 
involvement of a zwitterion in the OMPDC-catalyzed reaction (39-41). 
 
N-Methyl-4-pyridone was later used by Wu et al. to investigate the importance of zwitterion 
formation to the stability of the decarboxylation intermediate.  In comparison to 1-methyl-3-
deaza-4-deoxy-uracil and 1,2-dimethyluracil, Wu computationally found N-methyl-4-pyridone to 
form an iminium at N1 much more readily (39).  Also, of the 2-carboxy analogues, N-methyl-2-
carboxy-4-pyridone was experimentally found to decarboxylate the fastest by three orders of 
magnitude (39, 41, 42).  However, the decarboxylation rates were measured in sulfolane and 
might not be comparable to aqueous reactions.  The pKa values of the three uracil analogues 
were measured in aqueous solution, and Beak’s N-methyl-4-pyridone had a similar pKa to 1-
methyl-3-deaza-4-deoxy-uracil and was actually higher than 1,2-dimethyluracil (42).  The pKa of 
C6 of the decarboxylation product can be thought of as a measure of the intermediate’s stability; 
therefore, contrary to Wu’s conclusion, the tendency to form a zwitterion does not correlate with 
the stability of the decarboxylation intermediate. 
 
1.2.2.2  Nucleophilic addition mechanism 
The next mechanism to be proposed was Michael addition of a nucleophile followed by 
decarboxylative elimination (Scheme 1.4).  Silverman hypothesized that a nucleophilic side 
chain would attack C5 of bound OMP as the carboxyl on C6 was protonated by an active site 
general acid to generate an enediol intermediate (43).  Subsequent acid/base-catalyzed 
tautomerization would produce a protonated, sp
3
-hybridized C6, and decarboxylation would then 
be concerted with elimination of the nucleophile producing the product, UMP (43).  This 
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hypothesis was supported by the previous report of Senda, et al. that a nucleophilic cyano group 
could add to C5 of 6-cyanouracil derivatives (44).  They also modeled each step of their 
proposed pathway with bisulfite addition to N,N-dimethyl -6-acetyluracil and decarboxylative 
elimination of dimethylsulfonium from C5 of 1,3-dimethyl-R-5-(dimethylthio)-5-methyl-trans-6-
carboxyl-5,6-dihydrouracil (43).  Notably, the elimination model is chemically very complicated, 
and the model underwent many versions before the elimination reaction could be observed (43).  
Furthermore, Wolfenden’s group studied the binding of 6-hydroxyUMP to OMPDC by 13C 
NMR, and they found that binding had little effect on the C5 resonance.  If covalent adduct 
formation were involved in binding of substrate and close mimics thereof, a change in 
hybridization at C5 upon binding should be observable by a change in resonance (45); therefore, 
the mechanism of nucleophilic addition is unlikely to be correct. 
 
 
Scheme 1.4: The mechanistic proposal of Silverman (43).  Nucleophilic attack and protonation at 
C6 would preceed carbon-carbon bond cleavage, and subsequent decarboxylation with 
elimination of active site covalent linkage would produce product UMP. 
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1.2.2.3  O4 protonation and carbene mechanism 
Because the carboxyl leaving group of OMP is β to the O4 carbonyl, one intriguing 
possibility for stabilizing a carbanionic intermediate would be an electron sink generated by acid 
catalyzed protonation at O4.  This would allow resonance delocalization of charge from the 
carbanionic C6 and formation of a carbene intermediate, as seen in Scheme 1.5 (46).  Lee and 
Houk proposed this mechanism along with the computational prediction that protonation at O4 
would yield a rate for decarboxylation of 26.5 s
-1
 compared to 5 x 10
-4
 s
-1
 for O2 protonated 
orotate and 3.3 x 10
-20
 s
-1
 for no acid/base catalysis (46).  Previous studies had shown that uracil 
is more basic at O4 than at O2 (47). 
 
 
Scheme 1.5: The mechanistic proposal of Lee and Houk (46).  Protonation at O4 of the orotate 
ring would be concerted with decarboxylation in the active site of OMPDC due to the low 
dielectric constant of 4 predicted. 
 
1.2.2.4  Concerted mechanism 
Another proposal came in 2000 from Begley and Ealick in which decarboxylation would be 
concerted with protonation at C6 (14).  This reaction could be called an SE2 or bimolecular, 
electrophilic substitution reaction (Scheme 1.6).  This mechanistic proposal was published along 
with one of the first crystal structures of an OMPDC, the OMPDC from B. subtilis.  The details 
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of the structural evidence will be described in a subsequent section of this chapter, but our own 
research into this mechanism will be detailed in Chapter 2. 
 
 
Scheme 1.6: The proposed mechanism of Begley and Ealick (14).  OMP bound in the active site 
of OMPDC would be protonated at C6 concerted with the loss of CO2 at C6. 
 
1.2.2.5  Two step mechanism with destabilization 
Another mechanism put forth at nearly the same time (Scheme 1.7) from Gao and Pai was 
also accompanied with a crystal structure, the MtOMPDC.  As opposed to the SE2 mechanism, 
Gao and Pai argued for a two step mechanism in which part of the large rate enhancement was 
provided by ground state destabilization (GSD) between the substrate and the enzyme; their 
evidence was structural as well as computational (3, 15).  Further computational evidence was 
presented in a later publication by Gao in which rigorous calculations reproduced the energy 
barriers measured for the uncatalyzed rate more accurately than Lee and Houk’s earlier work; the 
catalyzed rate was best approximated by modeling a destabilized enzyme ground state in the 
Michaelis-Menten complex (3).  GSD was also mentioned as a source of rate enhancement in the 
proposal by Begley and Ealick (14, 48).  The research from our lab to directly test for the 
presence of GSD in MtOMPDC will be discussed in Chapter 2. 
 
  18 
 
 
Scheme 1.7: The mechanistic proposal of Gao and Pai (15).   Decarboxylation would precede 
protonation in a two step mechanism where a negatively charged active site residue would 
destabilize the carboxylated substrate. 
 
 
1.2.2.6  C4 protonation and carbene mechanism 
Another mechanism supported by computation was proposed in 2001 by Peter Kollman (49).  
He suggested that OMPDC could enhance decarboxylation by protonating C5 of the orotate ring 
and generating a quaternary iminium intermediate which would become a neutral carbene upon 
decarboxylation.  Proton abstraction from C5 concomitant with proton donation to C6 would 
yield UMP (Scheme 1.8) (49).  It is beyond the scope of this thesis to describe the computational 
evidence, but the method could not reproduce the measured rate for the spontaneous 
decarboxylation of orotate.   
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Scheme 1.8: The mechanism proposed by Kollman (49).  In three steps, OMP is protonated at C5 
to produce an iminium ion which subsequently undergoes decarboxylation to a neutral carbene 
and a 1,2 proton shift to form UMP. 
 
1.2.2.7  Two step mechanism without destabilization 
The last mechanism is the simple, two step decarboxylation of OMP involving a carbanionic 
intermediate with catalysis entirely attributable to extremely tight binding to the transition state.  
This mechanism was first proposed by Warshel and Florian and later by Carloni (50-53).  The 
evidence for such a simple mechanism was based on crystal structures as well as computation.  
Warshel has promoted a theory that the origin of all enzymes’ catalytic ability is rooted in 
electrostatic preorganization of active sites to best stabilize the transition state for their reactions.  
The arguments made for this two-step mechanism followed a similar logic and was also based on 
disproving GSD (especially via desolvation and positioning the carboxyl of OMP into a 
hydrophobic environment) as a contributing factor.   
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A conflict of ideas centered on GSD arose in which the main debaters were Gao and Pai for 
two step decarboxylation facilitated by GSD and Warshel and Florian for two step 
decarboxylation without GSD.  The idea of GSD is often spoken of in the terminology of 
William P. Jencks, the “Circe effect (54).”  Jencks argued that GSD was a valid means for an 
enzyme to increase the rate of a chemical reaction.  However, as Jencks pointed out, catalysis by 
destabilizing the ground state will only benefit the first-order rate constant, kcat (s
-1
), and not the 
second order rate constant, kcat/KM (M
-1
s
-1
), because the value of KM can only be increased by the 
weakening of the interactions between the substrate and active site (54).  In order for an active 
site to increase kcat through destabilization of the reactant, Jencks noted there would need to be a 
remote functional group of the reactant which could be bound by the enzyme extremely tightly, 
the “Circe effect.”  This tight binding would aid in catalysis by not only providing the binding 
energy to remove the substrate from solvent but also by overcoming the destabilizing forces at 
the reactive portion of the active site.  As the reaction progressed, the destabilizing forces would 
subside so that there would be a net decrease in the activation energy.   
 
An important insight is that the electrostatic stress in OMPDC’s reaction which is released 
prior to transition state formation could originate not directly from interactions between the 
substrate and the enzyme but within the enzyme itself (3, 52, 55).  In this model, as envisioned 
by Warshel, the repulsion between closely spaced, negatively charged active site residues would 
be a part of the preorganization of the active site paid for by protein folding energy.  In 
Warshel’s reaction coordinate, a conformational change would release some of the preorganized, 
electrostatic stress aiding transition state stabilization, TSS (52, 55).  On the other hand, Gao and 
Pai suggested that electrostatic repulsive forces between OMP and OMPDC are released upon 
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decarboxylation (prior to the transition state), and that this step is closely associated with an 
enzyme conformational change (3).  In fact, these two schools of thought even agree as to what 
residue(s) in the active site are responsible for the electrostatic stress!  Here is where the two 
schools of thought come very close to agreeing: both suggest that enzyme motions are 
energetically involved in the reaction mechanism.  In a paper published two years after Warshel 
suggested that the electrostatic stress of Gao and Pai (15) could arise from the enzyme’s structure 
alone, Gao published a computational analysis in which he concluded that 90% of OMPDC’s 
reduction in the energy barrier for decarboxylation was obtained from a conformational change 
from an unstable “reactant state” formed in the Michaelis-Menten complex to a more stable one 
in the transition state (3).  The interplay of ideas is astonishing.  The main disagreements were 
the magnitude of the electrostatic stress and whether the stress is “paid for” before substrate 
binding by folding of the polypeptide into the TIM-barrel or after binding the remote functional 
groups of the substrate, namely OMP’s phosphoribosyl moiety. 
 
Wu suggested a compromise by proposing a two step reaction involving both Warshel’s 
electrostatic environment optimized for interactions with O2, O4, and C6 in the transition state 
and Pai’s destabilization of the substrate in the active site by electrostatic repulsion and/or 
desolvation; his suggested mechanism even invokes stabilization of negative charge at O4 vis á 
vis Lee and Houk (39, 40).  Needless to say, this did not resolve the scientific debate, and Wu 
went on to argue for a zwitterionic intermediate two years later (41). 
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1.3 Crystal structures of model enzymes 
Among model OMPDC’s, the ScOMPDC was by far the most well-studied until very 
recently, and evidence of crystallographic attempts for this enzyme appeared as early as 1991 
(56).  X-Ray structure determination is essential to the detailed study of enzyme reaction 
mechanisms as will be evidenced throughout these chapters.  Nine years after crystals of 
ScOMPDC were obtained, the structure was solved and published (11); however, several other 
laboratories had since become interested in the orthologs (homologous enzymes of the same 
function from different organisms) mentioned earlier and published crystal structures of three of 
these at nearly the same time (13-15).  Structures of mutants of ScOMPDC were difficult to 
determine, so the OMPDC from the archaeal M. thermautotrophicus OMPDC, MtOMPDC, a 
particularly suitable protein for crystallization from a thermophilic organism, has become the 
preferred model. 
 
1.3.1 Conserved active site structure 
Sequence conservation among OMPDCs, as in most enzymes, is greatest in the active site; 
the active site residues of MtOMPDC shown in Figure 1.5 are representative of all known 
OMPDCs with minor exceptions (e.g., the presence of an additional interaction with the 
substrate’s phosphodianion substituent from a residue in the loop containing Q185 is not 
conserved from one subgroup to another).  The active site contains ten residues which form ionic 
or hydrogen bonds with the substrate.  Not shown are the hydrophobic residues lining the 
binding pocket.  For example, a hydrophobic cavity is proximal to the carboxylate group at C6 of 
OMP into which the leaving CO2 could possibly enter before product dissociation. 
 
  23 
 
 
Figure 1.5: The active site of MtOMPDC cocrystallized with transition state analogue 6-
hydroxy-UMP.  Hydrogen bonds are indicated by the cyan lines connecting heteroatoms.   
 
The ligand in Figure 1.5 is 6-hydroxyUMP whose binding affinity has been measured to be 
ca. 10 picomolar for ScOMPDC (4).  The oxygen at C6 is positioned where the carboxyl would 
be positioned in the enzyme-substrate complex, proximal to the “catalytic triad” composed of 
D70, K72, and D75 (blue in Figure 1.5) from the end of the 3
rd
 β strand.  D75 is contributed 
from the 3
rd
 β strand of the opposite polypeptide in the dimer.  K72 is essential for catalysis, and 
is the most likely catalytic acid to donate a proton to C6 to form UMP (57).  These residues form 
many ionic or hydrogen bonding interactions amongst one another and together with the residues 
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interacting with the 2’ and 3’ hydroxyl groups of the ribose moiety form what is termed the 
hydrogen bonded network (58).  The residues in green in Figure 1.5 from the hydrogen bonded 
network are contributed by the end of 1
st
 and 2
nd
 with the structure suggesting a role in 
positioning K72.  Also, a crystal structure exists of a mutant of MtOMPDC (D70A/ K72A) in 
which OMP was cocrystallized (PDB code 1km6); and in this structure K42 is stretched slightly 
to interact with the C6 carboxyl group which is also distorted out of the plane of the orotate ring.  
It is not known whether this interaction has any functional significance, but it could offer a 
means of destabilizing the C6 carboxylate of OMP by stabilizing it in a distorted position (59).  
The residues in brown in Figure 1.5 are at the end of the 8
th
 β-strand and form numerous 
interactions with the phosphoryl group.  At the end of the 5
th
 and 7
th
 β-strands are loops situated 
at the C-termini of the β-strands of the barrel that cover the active site (Figure 1.3) and position 
residues S127 and Q185, respectively; these residues are shown in grey in Figure 1.5 and are 
important for substrate binding.  The “active-site loop” following the end of the 7th β-strand is 
similar to those in other TIM-barrel enzymes in that it opens for product to dissociate and closes 
over substrate with each round of catalysis.  Crystal structures (60) of micromolar purine 
inhibitors (61) with OMPDC reveal that the loop following the 5
th
 β-strand contributing S127 is 
mobile and can accommodate alternative binding modes.  In the case of Pai’s structure of 
MtOMPDC with xanthosine 5’-monophosphate bound, PDB code 1lol, the active site loop is 
disordered.  Together, S127 and Q185 form what is termed the “active site clamp” because of 
their interactions above the bound substrate which impedes the route for dissociation (62).  The 
mobility of the two loops above the active site might be important for OMP binding before the 
closed, Michaelis-Menten complex is formed.  Conspicuously absent from this discussion are 
D70 and D75 in the catalytic triad; these will be discussed in the following section. 
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1.3.2 Relevant mechanisms in light of crystal structures 
The active site of MtOMPDC shown in Figure 1.5 (15, 16) reveals much about the 
mechanism of OMPDC, not as much for what it shows to be possible as for what it proves 
impossible.  Beak’s, Silverman’s, Kollman’s, and Lee and Houk’s proposed mechanisms can be 
shown to be false (or questionable at best) due to the lack of suitable residues around the 
conserved orotate binding pocket.  Protonation at O2 would necessitate an amino acid to serve as 
a general acid catalyst (46).  For protonation to occur at O4, the same complication arises (13).  
However, Houk originally proposed that for the carbene mechanism to be viable, O4 protonation 
would occur concerted with decarboxylation; his calculations predicted that the pKa of the 
conjugate acid of O4 would increase to as high as neutrality at the transition state for 
decarboxylation.  An amide backbone (S127) and a water molecule proximal to O4 could 
provide some stabilization of negative charge at O4 by hydrogen bonding; however, a conserved 
architecture for coordinating the water molecule to act as an acid catalyst is absent as is a 
structural mechanism of depressing its pKa.  So, it is unlikely that O4 would be protonated by a 
water molecule, and there is little precedent for a backbone amide to serve as a functionally 
important acid in enzymes.  My own work described in Chapter 3 has shown that interactions 
with both N3 and O4 are important for catalysis.  The lack of a nucleophile close to C5 rules out 
the Silverman mechanism.  Lastly, the lack of an acid catalyst near C5 rules out Kollman’s 
carbene mechanism. 
 
What the crystal structures depict at the site of chemistry, i.e., where the C6 of the orotate 
ring is localized, is the catalytic triad whose position is fixed by the hydrogen bonded network: 
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two aspartates and a lysine in close proximity with one of the aspartates, D70, and K72 closest to 
the position where the carboxyl group of OMP would be located.  This mysterious positioning of 
functional groups has been used as evidence for all of the remaining hypotheses: one step SE2 
decarboxylation with GSD, two step decarboxylation with GSD, and two step decarboxylation 
without GSD.  In all of these, ionization of at least one of the aspartates, D70 or D75, is 
necessary.  [NMR evidence for the pKa values of these active site residues would be very 
informative.]  While only Warshel’s hypothesis makes use of D75, D70’s close proximity to the 
substrate’s C6 demands a role in catalysis.  Electrostatic repulsion between the carboxylate of 
D70 and either the carboxylate of OMP or the carboxylate of D75 is energetically coupled to 
decarboxylation.  K72 might be obligated to bend out of the way of OMP’s carboxylate group 
when substrate binds (15), but its role as the general acid catalyst which donates the proton that 
results at C6 of the UMP product is uncontested.  In Chapter 2 I describe how our own 
investigations have resulted in definitive evidence that GSD plays a role in the mechanism of 
OMPDC, although the exact nature and magnitude remain uncertain. 
 
Finally, the structure of 6-hydroxyUMP complex also provided mechanistic evidence.  The 
relatively acidic orotate ring about O4 and O6 (pKa ~4.5) is completely ionized at neutral pH 
where its binding affinity was measured (4) and the structure of its complex was determined 
(60).  Therefore, it is reasonable to conclude that OMPDC has a high affinity for negative charge 
localized in the vicinity of C6 of the pyrimidine ring.  Also, as shown in Scheme 1.9, the 
structure of 6-hydroxyUMP suggests that negative charge in a vinyl carbanionic intermediate 
could be partially delocalized to O4.  Strong hydrogen bonding to the O4 position from the 
backbone of S127 could account for some of the TSS (40). 
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Scheme 1.9: The resonance structures of 6-hydroxy-UMP suggest a mode of stabilization of the 
negative charge formed in the anionic intermediate, shown below, of the two-step 
decarboxylation mechanisms. 
 
1.3.3 Conformational changes associated with substrate binding 
The concept of the structure of an enzyme as a catalyst with moving parts has evolved 
substantially.  Since the idea that enzymes alter their conformation during catalysis was first 
developed (63), much effort has been undertaken to elucidate energetic connections between 
enzyme conformational change and the chemical reaction taking place at the active site (64, 65).  
To paraphrase, various enzyme conformations with energies on the order of RT, where R is the 
gas constant and T is temperature, are accessible to enzymes during the reaction coordinate (65).  
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As different intermediates are formed during the reaction, the energy landscape for enzyme 
conformation changes, so that each elementary reaction is catalyzed by a slightly different form 
of the enzyme on average.  Not only is this complexity the incredible result of selective pressure 
on the linear sequence, but the kinetics for conformational changes throughout the reaction 
coordinate also must be selected for by Nature so that enzyme motions do not hinder catalysis 
(64). 
 
From the wealth of crystal structures available for OMPDC’s, the presence of a nucleotide in 
the active site induces changes in the structure of the enzyme, with some more obvious than 
others.  In Figure 1.6, the chartreuse active site loop following the 7
th
 β-strand is not present in 
the crystal structure of MtOMPDC without ligand bound.  This is because the residues of this 
loop are disordered in the crystal and do not appear during structural refinement.  Further 
changes to the structure of the enzyme are measurable with the correct software; Larsen and 
Jensen (66) used a program called “Hingefind” by Klaus Schulten, also at the University of 
Illinois (67).  Their findings showed that the barrel of OMPDC moves in two parts in progressing 
from an “open” to a “closed” conformation where the “open” conformation is taken to be the apo 
crystal structure and the “closed” is taken to be OMPDC cocrystallized with a transition state 
analogue (66).  Larsen and Jensen argued that in the case of MtOMPDC two domains move with 
respect to each other in these crystal structures: a core domain (residues 16-32 and 40-159) and a 
mobile domain (residues 13-15, 160-168, 177-181, and 191-222) (66).  Their analysis took into 
account the entire dimer, and they found that the core domain consisted of the same residues 
from both polypeptides in a rigid structure about which the two mobile domains, one from each 
polypeptide, moved (66).  The coloration in Figure 1.6 is indicative of these domains in one 
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monomer, where the “open” conformation is shown in yellow (core) and cornflower blue 
(mobile), and the “closed” conformation is shown in dim grey (core) and sienna (mobile).  The 
conformational change from “open” to “closed” involves movement of the mobile domain 
toward the core domain and active site from the same polypeptide. 
 
 
Figure 1.6: Structural superposition of crystal structures of MtODC in the absence of ligand 
(PDB code 3g18) and MtODC cocrystallized with 6-hydroxyUMP (1x1z).  The structural 
alignment was made for the core residues from both polypeptides in the dimer, so that the 
movements in the mobile domain from the monomer shown would be more apparent. 
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In light of the significance attributed to enzyme conformational change by Gao (3) and 
Warshel (52), it is important to test Larsen and Jensen’s predictions based on the conformations 
trapped by crystallization.  I studied the residues in and around the active site of the yeast 
OMPDC which were seen to move based on a similar structural comparison.  These mutagenesis 
experiments informed the subsequent studies of MtOMPDC.  For example, Chapter 4 will 
describe the results of my investigation into a hydrophobic cluster of residues remote from the 
active site which appears to be conserved based on chemical functionality if not sequence 
identity among other OMPDCs (68).  These residues are located at one intersection (or hinge) 
between the predicted domains from Larsen and Jensen’s report, and this cluster was found to be 
important for conformational change associated with substrate binding.  My initial investigation 
into this cluster started in the yeast OMPDC, and Chapter 3 will discuss the findings from this 
model. 
 
The experiment that ties this project together is my direct test of whether chemistry 
determines the rate of OMPDC catalysis.  The chemical method of measuring kinetic isotope 
effects (KIE) is a powerful tool for analyzing the chemical steps in an enzyme catalyzed 
reaction; however, it presupposes that the chemical step(s) is(are) rate-determining.  In addition 
to chemical steps, the rate-determining step can be either the conformational change of an 
enzyme or the diffusion of substrate into the active site.  I found evidence presented in Chapter 
2 that enzyme motions partially determine the rate of OMP decarboxylation. 
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1.4 Isotopic evidence for a two step decarboxylation mechanism 
Kinetic isotope effects (KIE) have been successfully utilized to probe the nature of the 
transition state for rate-determining step(s) of enzyme catalyzed reactions (69).  Different 
isotopes of hydrogen, carbon, and nitrogen display different activation energies for chemical 
changes involving them.  A primary KIE occurs when the atom of varying mass is directly 
involved in the chemical transformation, and a secondary KIE occurs when the isotopic 
replacements are vicinal to the site of chemical change.  Another isotope effect that is not kinetic 
but thermodynamic is the equilibrium isotope effect; isotopic replacements can change the 
equilibrium for a reaction through their different ground state, or “zero-point,” energies.  Many 
studies utilizing KIEs have been conducted with OMPDC, and the most important ones will be 
briefly reviewed here. 
 
1.4.1 Zwitterionic intermediate stabilization and the 
15
N KIE 
Using α-picolinic acid and 1-methyl-α-picolinic acid as model compounds, Cleland reported 
the 
15
N isotope effect at elevated temperatures for their spontaneous decarboxylation as well as 
the 
15
N isotope effect for OMPDC-catalyzed decarboxylation of OMP (70).  If decarboxylation 
occurred after the formation of a quaternary, positively charged amine at N1 (Scheme 1.2), the 
change in hybridization of N1 would result in a large, inverse equilibrium isotope effect 
(assuming, as Cleland did, that OMP is largely in the keto form at C2) which would mask any 
additional secondary KIE (70).  Evidence comes from the inverse equilibrium isotope effect 
previously measured for protonation of pyridine, 0.9793 (71).  An isotope effect of 0.9955 was 
measured for the slow decarboxylation of α-picolinic acid at 190°C (70); Cleland concluded that 
this was due to the inverse equilibrium isotope effect for formation of a zwitterion as had been 
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proposed for this reaction (38).  For the somewhat faster decarboxylation of N-methyl-picolinic 
acid at 120°C, the isotope effect was 1.0053, and Cleland surmised that this was the result of a 
lack of an equilibrium isotope effect because N1 rehybridization was not possible and the 
presence of a small, normal isotope effect from “the loss of N-C-C bending and N-C-C-O 
torsional modes” (70).  For the OMPDC-catalyzed decarboxylation of OMP at 25 °C and pH 6.5, 
an intrinsic 
15
N KIE was estimated at 1.0068 (70).  The interpretation is the same as for N-
methyl-picolinic acid even though N-methyl-picolinic acid has a zwitterionic decarboxylation 
intermediate; no rehybridization occurs prior to decarboxylation because no inverse equilibrium 
isotope effect is observed (70).  Therefore, whether by protonation at O2 or by strong hydrogen 
bonding to O2, the stabilization of a carbanionic intermediate through formation of a quaternary 
N1 is not a part of OMPDC’s mechanism. 
 
1.4.2 Michael addition and the 
2
H KIE 
Secondary 
2
H KIE studies from Wolfenden’s laboratory in 1990 established that covalent 
adduct formation between an active site residue and the substrate (Scheme 1.4) was very 
unlikely (45).  Subsequent structural and NMR evidence discussed previously in this work lead 
to the same conclusion.  In short, if the nucleophilic attack of an active site residue or the 
decarboxylative elimination of an active site residue were involved in the rate-determining step, 
an inverse or normal isotope effect should be observed from the deuteration at C5 of OMP, 
respectively (45).  For both kcat and kcat/KM, no such affect was seen, so the hybridization at C5 of 
OMP remains the same during the OMPDC-catalyzed reaction (45). 
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1.4.3 Concerted SE2 decarboxylation and the product isotope effect 
Work from the group of John Richard and ours tested the hypothesis that proton transfer 
occurs simultaneously with decarboxylation (14).  The experiment was the decarboxylation of 
OMP by ScOMPDC or MtOMPDC in a 50%/50% mixture of D2O/H2O (16, 72).  If proton 
transfer to C6 occurred simultaneously with decarboxylation, there would be a preference for 
1
H 
incorporation in the product over 
2
H (72).  The reaction was analyzed by 
1
H NMR, and it was 
found that no discrimination was evident in the protonation step (72).  The conclusion was that 
protonation occurred in a very fast step, so fast that rotation of the ε nitrogen of K72 is slow in 
comparison (72).  And because carbon-carbon bond cleavage would be much slower, protonation 
must have occurred to a very unstable vinyl carbanionic intermediate (72). 
 
1.4.4 Two step decarboxylation and the deuterium product exchange 
Another experiment from the collaboration between our group and Richard’s group was the 
exchange of H6 of UMP product catalyzed by OMPDC.  If the OMPDC-catalyzed reaction 
involved the formation of a carbanionic intermediate with a lifetime, however finite, it should be 
possible for OMPDC to catalyze the reverse reaction of protonation, the exchange of the proton 
at C6.  Because the reaction was conducted in D2O and followed by 
1
H NMR, it was possible to 
observe the loss of 
1
H at C6 of UMP.  For this exchange to occur, the experiment needed to be 
conducted at pD 9.3, so that the active site K72 would be largely neutral and able to function as a 
base.  Because 
2
H exchange was observed, it is certain that 1) a carbanionic intermediate is 
formed and 2) that the intermediate is stabilized sufficiently to allow the ε-nitrogen of K72 to 
occasionally rotate breaking and remaking strong hydrogen bonds with neighboring D70 and 
D75 and to present a solvent-derived deuterium to the negatively charged C6.  In addition, the 
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rate of OMPDC-catalyzed 
2
H exchange allowed an estimation of the stabilizing ability that the 
active site has at the transition state through calculation of the reduction of the pKa of UMP from 
30 in solution to ≤ 22 in the active site.  The important conclusions from these experiments are 
summarized in Chapter 2 of this work. 
 
1.4.5 
13
C KIE and the rate-determining step 
The primary KIE due to 
13
C at the carboxylate carbon at C6 of OMP was measured in 1991 
in Mary Ellen Jones’ Laboratory (73).  Because the intrinsic 13C KIE measured was rather large, 
1.0494 at pH 4.0, carbon-carbon bond cleavage is largely rate-determining (73).  At pH 6.8, 
closer to where the enzyme is assayed and is most active, the 
13
C KIE decreased to 1.0247 (73).  
The KIE was found to decrease with increasing glycerol at pH 6.8 but not at pH 4.0 (73).  
Furthermore, the rate of the catalyzed reaction has a sharp maximum at about 7.0, and decreases 
below and above this value are likely due to the pKa of the phosphoryl group of OMP (73, 74) 
and the pKa of the active site Lys72, respectively (73).  Therefore, it was evident as early as 1991 
that decarboxylation is only partially rate-determining at neutral pH.  Decreasing the pH 
decreased the rate of the reaction, and decarboxylation became fully rate-determining as 
evidenced by the independence of the 
13
C KIE on added glycerol.  My own research discussed in 
Chapter 2 better quantifies the degree to which decarboxylation is rate-determining at pH 7.1 
where MtOMPDC is most active.  In 1999, Blanchard and Cook’s laboratories published that the 
13
C KIE for OMP decarboxylation by the E. coli OMPDC decreases from 1.043 to 1.034 when 
the reaction is conducted in entirely D2O (75).  Though they did not appreciate this, it may be 
that the deuterium-sensitive, partially rate-determining step prior to decarboxylation is an 
enzyme conformational change associated with substrate binding. 
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1.4.6 
13
C KIE, fluorine substitution, and timing of the TS 
A halogen not much larger than hydrogen, fluorine, was substituted at C5 to make the 
substrate analogue, 5-fluoroOMP (FOMP), for a 2008 publication from the lab of Cleland (76).  
Theoretically, FOMP can decarboxylate 1000-fold faster than OMP due to the inductive 
stabilization of the vinyl carbanionic intermediate by the more electronegative fluorine atom 
(Scheme 1.7) (76).  Because the 
13
C KIE measured for OMPDC-catalyzed decarboxylation of 
FOMP was smaller than that for OMP, Cleland concluded that the transition state for carbon-
carbon bond cleavage had become earlier in the reaction compared to OMP decarboxylation 
(76).  This is chemically reasonable (i.e., the Hammond Postulate) because the reaction 
intermediate would be slightly more stable for FOMP.  An alternative explanation that we put 
forth in our 2009 publication was that the rate for FOMP decarboxylation by OMPDC is 
determined not by carbon-carbon bond cleavage but by a physical step such as substrate binding 
because the measured enzyme-catalyzed rate for OMP is only two-fold slower than for FOMP 
even though chemistry must be much faster for the fluoro-substituted substrate (22). 
 
 
Scheme 1.7: Decarboxylation of 5-fluoroOMP.  The fluoro-substituent offers inductive 
stabilization of negative charge generated at C6. 
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1.5 A role for OMP’s phosphodianion substituent in catalysis? 
The dependence of the rate for OMPDC catalysis on pH is easily understood above neutrality 
because the general acid catalyst for the reaction is required to be protonated for activity (16, 57, 
73).  However, the strong dependence of OMPDC activity on the protonation state of OMP’s 
phosphate group as the pH of reaction is decreased offered the first evidence that phosphodianion 
binding was crucial to OMPDC catalysis (73, 74).  Many biochemical reactions involve 
phosphorylated substrates, and these phosphate groups are well understood to allow localization 
of metabolites within cellular compartments, to preserve chemical potential energy to drive 
chemical reactions coupled to phosphate ester hydrolysis, and to provide an affective molecular 
handle for binding via the repeated use of divergent, evolutionarily related phosphate binding 
motifs (77).  Further, the ability to bind phosphoryl substituents seems to have been perfected in 
enzymes to the point where the binding energy can be utilized in catalysis (78). 
 
1.5.1 Intrinsic phosphate binding energy and the two-part enzyme 
Binding of the substrate’s 5’-phosphodianion group is achieved mainly through the backbone 
amides of two adjacent residues at the end of the 8
th
 β-strand, Gly202 and Arg203 (Gly 234 and 
Arg235 in ScOMPDC), and the side chain guanidinium of Arg203.  In ScOMPDC the 
Arg235Ala mutation decreases catalysis through an increase in activation energy of 5.8 kcal/mol 
(79).  The loss of activity in this mutant could be due to a number of causes: 1) the loss of 
binding energy could weaken substrate binding and increase KM, 2) the loss of interactions could 
result in less stabilization of the phosphodianion at the transition state and decrease kcat, 3) the 
loss of interactions could result in less ground state destabilization dependent on phosphodianion 
binding energy and decrease kcat
 
 and decrease KM, or 4) the cavity created could result in poor 
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orientation of reactive groups in the active site and decrease kcat and increase KM.  In the 
ScOMPDC Arg235Ala, kcat was decreased 14-fold and KM was increased nearly 1400-fold 
relative to wild-type (79), suggesting that the majority of the effect was in poor substrate 
binding.  Amazingly, Richard’s group found that exogenous guanidinium cation was found to 
recover nearly all of the effect on kcat (79).  Coupling of GSD to guanidinium-phosphodianion 
binding would involve the generation of strain; because the connection between guanidinium and 
enzyme was not necessary to recover ~wild-type kcat, it can be assumed that the kcat effect did not 
involve GSD.  Therefore, the total binding energy available from phosphodianion binding, the 
intrinsic phosphate binding energy, is at least partially used for positioning OMP in the active 
site via Arg235’s side chain.  It is not certain whether binding to the phosphodianion is “timed” 
to occur maximally in the transition state to affect TSS or to occur optimally in the Michaelis-
Menten complex onward.  However, the Arg235 side chain appears to mainly play a role in 
forming the Michaelis-Menten complex, so it is likely that the enzyme binds to the 
phosphodianion group maximally at the Michaelis-Menten complex. 
 
1.5.2 Intrinsic phosphate binding energy and the two-part substrate 
Warshel pointed out that for binding of the phosphodianion group of OMP to “pay” for the 
destabilization of the C6 carboxylate, the phosphodianion binding affinity for the active site 
would need to approach -32 kcal/mol (52).  Measurements of the binding affinity of the 
phosphodianion group through the use of a truncated substrate, β-D-erythrofuranosylorotic acid 
(EO), allowed Tina Amyes, John Richard, and James Tait to determine the intrinsic phosphate 
binding energy for the phosphodianion of OMP in OMPDC’s active site to be -11.8 kcal/mol 
(80).  Even though -12 kcal/mol is the largest binding energy to a phosphate group ever 
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measured (78), it represents only a fraction of the total energy necessary to affect OMPDCs 
remarkable rate enhancement, -28.5 kcal/mol (21, 68).  It would seem that GSD through 
electrostatic stress between enzyme and substrate could play at most a partial role in OMPDC 
catalysis. 
 
The same report from Amyes et al. showed that EO could be activated for decarboxylation by 
a mimic of phosphodianion, phosphite dianion.  This two-part substrate had a rate 80,000-fold 
better than the truncated EO substrate alone.  The ability for the substrate to bind cooperatively 
in two parts suggested to Amyes that the two binding events were energetically coupled to an 
enzyme conformational change.  Because binding-induced conformational change from the 
binding of one part enhances the binding of the second part, it was not necessary for the two 
parts of the two-part substrate to be covalently linked. 
 
1.6 “Catalysis by conformational change” 
Central to the following chapters on my research on OMPDC is the role that conformational 
changes play in achieving its remarkable catalytic proficiency.  One of the foils of earlier 
enzymological studies on OMPDC was the lack of appreciation of the plasticity of the OMPDC 
structure, especially in ScOMPDC.  For example, single active site mutations cause unforeseen 
and uncontrolled affects to other residues in the active site, so characterization of mutations can 
be extremely misleading.  This situation likely arises from the cooperative function of residues in 
and around the active site due in part to conformational changes that take place during the 
reaction coordinate. 
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The following chapters will present my research aimed at providing evidence to help 
describe the chemical mechanics and the protein dynamics of what takes place in this 25 
kiloDalton, TIM-barrel enzyme.  First, a chapter focused on the chemical mechanism of the 
OMPDC-catalyzed reaction will be followed by a chapter presenting bioinformatics on the 
OMPDC family of enzymes shared by all life.  The third chapter also discusses my preliminary 
enzymological studies undertaken with the ScOMPDC model: the in vivo testing for activity of 
specific mutants or random libraries of mutants at selected positions as well as the results of in 
vitro assays for site-directed mutants.  Finally, in the fourth chapter mutagenesis work for 
MtOMPDC directly testing the role of structures remote from the active site hypothesized to be 
responsible for coupling conformational change to catalysis will be discussed. 
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CHAPTER 2 
 
2 Studies of the chemical mechanism of the OMPDC-catalyzed reaction 
Much research had been conducted on the chemical mechanism of OMPDC as outlined in the 
previous chapter; however, important mechanistic questions remained that required additional 
investigation.  In the many isotope effect experiments reported for the OMPDC-catalyzed 
reaction, few researchers allowed for the possibility that the rate of the reaction might not be 
limited by a chemical step which is necessary for correct interpretation of the results.  Also, 
among the proposed mechanisms that remained valid after OMPDC crystal structures became 
available, evidence was lacking to suggest one over the others.  In the following sections, 
experiments are described that were designed to address these questions.  In the first section, the 
kinetics for OMP decarboxylation catalyzed by three model OMPDC‟s, ScOMPDC, MtOMPDC, 
and EcOMPDC, are presented.  Next, experiments to capture or identify the anionic intermediate 
via H6 proton exchange or electrophilic attack of formaldehyde are discussed.  Finally, the rate-
determining step for catalysis was investigated using viscosity effects, and the nature of the 
ground state and the transition state was investigated using analogues as competitive inhibitors. 
 
● ● ● 
 
2.1 Kinetics of model OMPDC’s 
In order to add to the confidence in mechanistic conclusions, multiple enzymes were purified 
and studied.  The model enzymes came from three different subfamilies.  The OMPDC from E. 
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coli represented the bacterial subfamily (EcOMPDC); ScOMPDC, the eukaryotic subfamily; and 
MtOMPDC, the archaeal subfamily. 
 
2.1.1 Methods: protein purification 
2.1.1.1 Saccharomyces cerevisiae OMPDC 
The gene for ScOMPDC, gi: 6320814, was a gift from Steven Short at GlaxoSmithKline.  
The gene contained a few mutations (S2H, C155S, A160S, and N267D), but the sequence was 
consistent with the ScOMPDC previously studied in Wolfenden and Short‟s laboratories.  The 
gene was subcloned from Steven Short‟s vector, pBGM88 (1) into pET-15b (Novagen) using 
these primers: 
 
ScForwardNde I: 5‟ - CGAAGATAACATATGTCGAAAGCTAC - 3‟ 
ScReverseBamH I: 5‟ - ATACGGATCCTTAGTTTTGCTGGCC - 3‟ 
 
The bold sequences represent the start codon for the forward primer and the stop codon for the 
reverse primer, respectively; the sequences highlighted in grey indicate mutations created outside 
of the gene in order to facilitate subcloning into the Nde I and BamH I sites of the plasmid, pET-
15b.  The restriction site sequences are underlined in the primer sequences. 
 
The PCR reaction to amplify the ScOMPDC gene from pBGM88 and generate the correct 
restriction sites contained 5 units of Pfx DNA polymerase (Stratagene), 10 μL of 10 x Pfx buffer, 
1 mM MgSO4, 400 μM of each dNTP (Invitrogen), 0.4 μM of each primer, 100 ng of template 
pBGM88, and ultrapure water to produce a final volume of 100 μL.  The thermocycler 
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parameters were: 95 °C for 4 min; 25 cyles of 1) 95 °C for 45 s, 2) 55 °C for 45 s, and 3) 72 °C 
for 2 min 15 s; and 7 min at 72 °C.  This amplification was repeated with 40% of the purified 
PCR product from the first reaction used as a template for the second.  Enough PCR product was 
obtained from this method to clone the gene into pET-15b after digestion with Nde I and BamH 
I.  The Nde I digest contained diluted REact 6 (50 mM Tris-HCl, pH 7.4, containing 6 mM 
MgCl2, 50 mM NaCl, and 50 mM KCl) and 30 units of NdeI (Invitrogen) as well as the purified 
PCR product, and the volume was brought to 80 μL with distilled water.  The reaction was 
incubated at 37 °C for ~12 hrs.  After purification with Qiagen‟s PCR cleanup kit, the NdeI 
digest was further digested with BamHI.  The digested DNA was incubated for 3 hrs with 30 
units of BamHI (Invitrogen) and 0.1 mg/mL BSA in 60 μL of 50 mM Tris-HCl, pH 8.0, 
containing 10 mM MgCl2, and 100 mM NaCl (diluted REact 3, Invitrogen).  The 810 bp 
restriction fragment was purified by 1% agarose gel electrophoresis.   
 
The pET-15b plasmid was similarly prepared in order to obtain the complementary “sticky 
ends;” however, the digested plasmid was also dephophorylated in order to inhibit vector 
religation without the insert.  The dephosphorylation reaction contained the entire purified vector 
prep, 50 mM Tris-HCl, pH 9.3, 1 mM MgCl2, 0.1 mM ZnCl2, 1 mM spermidine, and 3 units of 
calf intestinal alkaline phosphatase (Promega) in a total of 60 μL; the reaction was incubated at 
37 °C for 3 hrs.   
 
The ligation reaction was carried out at 16 °C for 12 hrs; the 20 μL reaction contained Fisher 
Ligase Buffer (30 mM Tris-HCl, pH 7.8, 10 mM MgCl2, 10 mM DTT, and 1 mM ATP), 8 μL of 
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the double restriction digested PCR product; 1 μL of the double restriction digested and 
dephosphorylated pET-15b vector; and 3 units of T4 DNA ligase (Fisher). 
 
An aliquot (1.5 μL) of the ligation reaction was added to 60 μL of electrocompetent XL1 
Blue cells.  A pulse of 1.8 V was applied, and the cells were plated on Luria-Bertani (LB) agar 
plates containing 100 μg/mL ampicillin (Amp).  After ~14 hrs at 37 °C, a single colony was 
inoculated into 7 mL of LB/Amp and incubated at 37 °C for ~14 hrs.  From this liquid culture, 1 
mL was mixed with 600 μL of 80% sterile glycerol and stored at -80 °C as a frozen stock; 
plasmid DNA was extracted from the remaining volume using QIAgen‟s miniprep kit.  The 
sequence of the ScOMPDC insert in this new plasmid, pScODC-15b, was confirmed with the 
following primers: 
 
T7pro “outside” primer: 5‟- TAATACGACTCACTATAGG-3‟ 
T7ter “outside” primer: 5‟- GCTAGTTATTGCTCAGCGG-3‟ 
 
In order to express the ScOMPDC, conditions needed to be found under which the 
expression strain producing the T7 RNA polymerase could overexpress the gene.  The pScODC-
15b DNA was electroporated into BL21 (DE3) cells as mentioned before, and single colonies 
were screened for expression of ScOMPDC in 3 mL cultures via SDS-PAGE of sonication 
lysate.  After 5 transformations and ~20 colonies, one colony was found to express ScOMPDC 
well (50 mg/L) but only at 20 °C. 
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After inoculation with 5 mL of BL21 (DE3) containing pScODC-15b, ScOMPDC was 
expressed from 2 L of LB/Amp at 20 °C and was induced with 0.5 mM IPTG when the culture 
reached OD600 = 0.6.  After 48 hrs, the cells were harvested by centrifugation, resuspended in 
100 mL of bind buffer (5 mM imidazole, 20 mM Tris-HCl, pH 7.9, and 0.5 M NaCl), and 
sonicated in 5 s pulses spaced 10 s apart for 36 min.  The lysate was cleared by centrifugation at 
31,000 x g for 30 min and then loaded onto a freshly charged Ni-Sepharose fast flow column 
(150 mL).  The column was rinsed with 350 mL of bind buffer followed by 300 mL of wash 
buffer (bind buffer containing 60 mM imidazole) to remove proteins bound nonspecifically to 
the column.  The His6-tagged ScOMPDC was then eluted with a linear gradient from 60 mM to 1 
M imidazole in bind buffer. 
 
Fractions containing ScOMPDC were identified by the presence of a 29.5 kDa band by SDS-
PAGE, and these were pooled before dialysis against 20 mM Tris, pH 7.9.  Dialysis in 4 L of 
buffer with stirring was performed twice at 5 °C; nearly 1000-fold dilution of the elution buffer 
of achieved.  With the imidazole removed, it was possible to determine the protein concentration 
via absorbance at A280 (the extinction coefficients are listed in Section 2.1.3, “OMP 
decarboxylation assay”).  One unit of thrombin per mg of OMPDC was added after addition of 
concentrated phosphate buffered saline diluted to 10.1 mM Na2HPO4, 1.8 mM KH2PO4, pH 7.4, 
137 mM NaCl, and 2.7 mM KCl in order to remove the N-terminal His6-tag.  The thrombin 
cleavage reaction was allowed to continue at room temperature for ca. 14 hrs, and a second 
round of dialysis identical to the first was performed.  Removal of the phosphate buffered saline 
was necessary before applying the ScOMPDC to a Q Sepharose column because the pI of 
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ScOMPDC is 7.1 as determined previously using the ExPASy ProtParam tool.  When this second 
dialysis was omitted, ScOMPDC came off of a Q Sepharose column in the flow through. 
 
After dialysis, the ScOMPDC was loaded onto a Q Sepharose column (50 mL).  Without the 
additional dialysis, the phosphate buffered saline will inhibit ScOMPDC‟s binding to Q 
Sepharose.  The column was first washed with 50 mL of 20 mM Tris, pH 7.9 followed by a 500 
mL linear gradient of 0 to 0.5 M NaCl in 20 mM Tris, pH 7.9.  Again the desired fractions were 
identified by a 29.5 kDa band by SDS-PAGE, and the pooled fractions were dialyzed three times 
against 4 L of 20 mM Tris, pH 7.9, 100 mM NaCl, and 20 % glycerol at 5 °C for 3 hrs each.  The 
dialyzed OMPDC was concentrated by ultrafiltration with pressurized nitrogen to ca. 25 mg/mL 
and stored as drop-sized pellets by freezing in liquid nitrogen and storage at -80 °C (2-8). 
 
2.1.1.2 Methanothermobacter thermautotrophicus strain Delta H OMPDC 
The expression of MtOMPDC, gi: 15678157, was achieved from the pET vector (pMtODC-
15b) which was produced by Wen Shan Yew, a former graduate student in our lab, after 
amplification of the gene from the M. thermautotrophicus strain delta H genome.  Besides 
expression at 37 °C for ~18 hrs, the isolation of MtOMPDC was identical to that used for 
ScOMPDC.  The storage buffer for MtOMPDC was 20 mM HEPES, pH 7.5, 150 mM NaCl, and 
3 mM DTT (5, 6, 8-10).   
 
2.1.1.3 Escherichia coli OMPDC 
EcOMPDC, gi: 118361, was expressed using a modified pET-15b; the N-terminal tag was a 
His10-tag.  The vector, pEcODC-TOM, was produced by Wen Shan Yew after cloning from the 
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E. coli K12 genome, and expression of EcOMPDC was achieved under the same conditions as 
described for MtOMPDC.  However, the purification differed in the Ni-Sepharose elution.  After 
loading the cleared cell extract in bind buffer onto the Ni-Sepharose column, the column was 
washed with 350 mL bind buffer followed by 450 mL of 0.2 M imidazole in bind buffer.  Then, 
elution was achieved with 400 mL of 0.1 M EDTA in bind buffer.  The remaining purification 
steps were exactly the same as for ScOMPDC (5). 
 
2.1.2 Methods: enzymatic synthesis of orotidine 5‟-monophosphate and 5-fluoroorotidine 5‟-
monophosphate 
The method used for enzymatic synthesis of OMP was similar to that published by the 
Cleland group (11).  Orotate-phosphoribosyl transferase (OPRTase) from Salmonella 
typhimurium was a gift from the Switzer lab at the University of Illinois and was used with 
orotate and α-1‟-pyrophospho-5‟-phosphoribose (PRPP) to generate OMP and pyrophosphate.  
Pyrophosphatase was also added in order to degrade the pyrophosphate produced and drive the 
reaction to completion.  In a total of 25 mL, the reaction contained: 0.3 mmoles orotic acid, 0.25 
mmoles PRPP, 50 mM MgCl2, 100 mM Tris-HCl, pH 7.9, 220 units of pyrophosphatase, and 63 
units of OPRTase.  All of the reaction components except for 90 units of pyrophosphatase, 16 
units of OPRTase, and 60 mg PRPP were present from the start of the reaction; these were added 
after the first 6 hrs of the total 18 hrs of incubation at 30 °C with mild shaking because PRPP 
degrades quickly.  Addition in aliquots helped to increase yields. 
 
The reaction was ended by removing the enzymes with Amicon 10k NMWL centrifugal 
filters.  The flow-through was diluted to 100 mL, and the pH was approximately 7.5.  The diluted 
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filtrate was purified on a 1.5 x 20 cm Dowex 1x8 anion exchange column (Cl
–
 form) by washing 
with ca. 100 mL distilled water following loading and eluting with a linear gradient of 300 mL 
from 0 – 0.8 M LiCl.  FOMP eluted at 0.55 M LiCl as determined by UV absorption at 280 nm 
and 
1
H-NMR.  A second peak was always found by UV absorption with no signal in D2O by 
1
H-
NMR.  The 8 mL fractions containing pure FOMP were pooled and rotoevaporated to dryness 
three times following washes with distilled water.  The powder was then washed with 150 mL 
(95:5) acetone:methanol and rotovaporated to dryness.  The powder was again dissolved in 60 
mL (95:5) acetone:methanol and kept at 4 °C for ca. 18 hrs.  The solution became cloudy with 
precipitated FOMP, and the slurry was then filtered on a 0.2 μm Millipore filter and eluted with 
ca. 70 mL distilled water.  The concentration was determined in 0.1 M HCl at 267 nm (ε267 = 
9430 M
-1
cm
-1
); the use of dilute acid in determining OMP absorbance is necessary because of the 
dependence of the extinction coefficient of OMP on the protonation state of N3.  A yield of 51% 
(128 μmoles) was attained.  After rotoevaporation to dryness, the white OMP powder was 
dissolved in ca. 3 mL distilled water and transferred to a 15 mL plastic centrifuge tube for 
lyophilization overnight.  The powder was stored at -20 °C (6). 
 
Enzymatic synthesis of 5-fluoro-OMP (FOMP) was carried-out in exactly the same manner 
except that the orotic acid component of the reaction was substituted with 5-fluoroorotic acid and 
the concentration of FOMP was measured at 270 nm (ε270 = 9895 M
-1
cm
-1
) (6). 
 
2.1.3 Methods: OMP and FOMP decarboxylation assay 
Continuous spectrophotometric assays for the decarboxylation of OMP were performed at 25 
°C, pH 7.1, and 279 nm.  At this wavelength the difference in extinction coefficients, ΔεUMP-OMP, 
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between OMP and UMP is greatest, 2400 M
-1
cm
-1
.  The dependence of the rate of substrate 
consumption on time (initial velocity, Ms
-1
) could be calculated using the difference in Beer‟s 
Law equations (A = ε*c*l; where ε is extinction coefficient (M-1cm-1), c is concentration (M), 
and l is path length (1 cm here)) for OMP and UMP (see Equation 2.1). 
 
Δ 
Δ 
  
Δ 
Δ  
Δε* 
 
Equation 2.1 This equation was used to calculate initial velocity from the initial slope of 
spectrophotometric time courses of OMPDC assays.  In this equation, t is time, c is 
concentration, A is absorbance, l is pathlength, and ε is extinction coefficient. 
 
Reaction volumes were typically 1 mL and contained 100 mM NaCl, 10 mM MOPS, pH 7.1, 
5 – 100 μM OMP, and 20 – 80 nM OMPDC.  OMP concentrations were determined at 267 nm in 
0.1 M HCl as mentioned above (ε267 = 9430 M
-1
cm
-1
).  The KM value for ScOMPDC, 1.5 μM, is 
highly dependent on the ionic strength of the reaction medium  (12); therefore, the ionic strength 
was held constant with NaCl.  This ensured that the enzyme was in the dimeric form and that 
changes in substrate binding were not due to variations in the reaction medium (12).  The 
dependence of both kcat and kcat/KM on pH was determined for ScOMPDC (12) as well as 
MtOMPDC (9), and maximal activity was found at ca. pH 7.1.  Therefore, all OMP 
decarboxylation assays were conducted in 10 mM MOPS, pH 7.1. 
 
Assays were prepared by first adding distilled water, buffer, salt, and any other adjuncts to a 
1 mL quartz cuvette.  The same cuvette was used throughout any set of experiments.  For 
example, only one cuvette was used for all assays contributing to a given viscosity dependence 
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data set (in the same 24 hr period).  This cuvette was first used to zero the absorbance in the 
spectrophotometer, and after adding substrate, the time course was started.  Once during the 
project, a thermometer was used to calibrate the thermal regulator to 25 °C.  The absorbance was 
monitored for ca. 1 min prior to initiating the reaction through the addition of enzyme.  Reactions 
were initiated by the addition of enzyme, and enzyme volumes added to assays were typically 1 
μL.  A high concentration in the enzyme stock was maintained to ensure that the enzyme was 
fully dimeric; 1 μL is the smallest volume that can be measured and delivered with an error of 
5% or less.  Reactions were mixed by sealing the cuvette with Parafilm and inverting ca. 9 times. 
 
KM values of ca. 1.5 μM are low compared to the detection limits using the ΔεUMP-OMP of       
-2400 M
-1
cm
-1.  For example, complete reaction with 1.5 μM OMP corresponds to a change in 
OD279 of 0.0036.  Possible methods for calculating the low value of KM for OMPDC using 
absorption time courses include increasing the KM value with added competitive inhibitor or 
fitting the kinetic trace for the decarboxylation of [OMP] << KM to a first-order equation 
(Equation 2.2).  The use of competitive inhibitor, 6-azaUMP, was found to give much more 
error than first-order curve fitting.  Curve fitting was performed using SigmaPlot.  In this 
method, Vmax was measured in a separate assay at high substrate concentration, [OMP] ≥ 10*KM, 
and assays for curve fitting were performed separately with as little initial OMP concentration as 
possible in order to minimize the concentration of UMP at the end of the reaction at which KM 
was determined.  This was necessary because UMP is a competitive inhibitor of OMPDC (Ki ca. 
450 μM for ScOMPDC (12)). 
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At = Af + (Ai - Af)*e
(-k*t)
 
Equation 2.2: The equation used to fit time-courses of assays with [S] << KM where: At is the 
absorbance at time, t, Ai is the initial absorbance, Af is the final absorbance, and the first order 
rate constant is k with units s
-1
.  k is equal to Vmax/KM. 
 
Derivation: 
Vo = -d[S]/dt = (Vmax/KM)*[S] = k*[S], when [S] << KM 
[S]/[S]i = e
(-k*t)
 is the integrated rate equation 
A = [S]*ε*1 cm 
Subscripts O, U, i, t, and f denote OMP, UMP, initial, time t, and final, respectively. 
[S] = [OMP]t = [UMP]f - [UMP]t 
= ([UMP]f*Δε - [UMP]t*Δε)*Δε
-1
 
= ([UMP]f*εO - [UMP]t*εO + [UMP]t*εU - [UMP]f*εU)*Δε
-1
 
= (([UMP]f -[UMP]t)*εO + [UMP]t*εU - [UMP]f*εU)*Δε
-1
 
= ([OMP]t*εO + [UMP]t*εU - [UMP]f*εU)*Δε
-1
 
= (At - Af)*Δε
-1
; if At = AOMP + AUMP; 
[S]i = [OMP]i = [UMP]f = ([OMP]i*Δε)*Δε-1 = ([OMP]i*εO - [OMP]i*εU)*Δε
-1
 
= ([OMP]i*εO - [UMP]f*εU)*Δε
-1
 = (Ai - Af)*Δε
-1
; 
therefore, [S]/ [S]i = 
  t-  f *Δε
-1
( i-  f)*Δε
-1
 = 
   -    
   -    
 = e
(-k*t)
 
At - Af = (Ai - Af)*e
(-k*t)
 
At = Af + (Ai - Af)*e
(-k*t)
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After obtaining the value of Vmax/KM from curve fitting and Vmax from the initial velocity at 
saturating substrate concentrations, KM was calculated as the ratio of the two, and kcat was the 
ratio of Vmax to enzyme concentration.  Extinction coefficients for determining concentrations of 
enzyme in stock solutions were calculated using the ExPASy ProtParam tool (13).  For 
MtOMPDC, ScOMPDC, and EcOMPDC, the ε280 are 25196 M
-1
cm
-1
, 30160 M
-1
cm
-1
, and 10095 
M
-1
cm
-1
, respectively. 
 
For mutant enzymes with KM values of 25 μM or larger, initial velocities for small substrate 
concentrations relative to KM were measurable, and Michaelis-Menten plots were utilized to 
determine the values of kcat and KM.  For initial OMP concentrations larger than ca. 120 μM, it 
was necessary to vary the wavelength at which the reaction was followed because of the large 
initial absorbance.  Table 2.1 shows the extinction coefficients determined by our collaborator, 
Tina Amyes. 
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Wavelength 
(nm) 
OMP FOMP 
Δε Ai Relative to Δε Ai Relative to 
M
-1
cm
-1
 279 nm M
-1
cm
-1
 282 nm 
279 -2400 1.00 -1355 1.14 
280 -2409 0.92 -1370 1.10 
281 -2402 0.85 -1375 1.05 
282 -2386 0.78 -1378 1.00 
283 -2358 0.70 -1369 0.95 
284 -2311 0.64 -1354 0.89 
285 -2244 0.57 -1327 0.83 
286 -2158 0.51 -1290 0.77 
287 -2048 0.46 -1248 0.71 
288 -1971 0.40 -1200 0.65 
289 -1775 0.36 -1147 0.59 
290 -1620 0.31 -1091 0.53 
291 -1456 0.27 -1036 0.48 
292 -1292 0.24 -978 0.42 
293 -1131 0.20 -921 0.37 
294 -983 0.17 -864 0.32 
295 -842 0.15 -805 0.28 
296 -715 0.12 -743 0.24 
297 -604 0.10 -682 0.21 
298 -504 0.09 -617 0.17 
299 -416 0.07 -554 0.15 
300 -344 0.06 -489 0.12 
 
Table 2.1 The difference in extinction coefficients for OMP and UMP or FOMP and FUMP, Δε 
(M
-1
cm
-1
) at various wavelengths can be used to calculate velocities of substrate turnover in Ms
-1
 
from the slope of the time course (ΔA/s).  The data were contributed by Tina Amyes. 
 
Assays with FOMP were performed in the same manner as OMP assays.  The substrate 
concentration was determined at 270 nm (9895 M
-1
cm
-1
).  It was important to mix enzyme into 
the reaction cuvette and return it to the spectrophotometer as quickly as possible in order to 
ensure that the initial velocity measured was ca. 5% of the reaction or less due to the high value 
of kcat.  For producing time-courses for KM determination, the lowest FOMP concentration 
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necessary to measure the end of the reaction was carefully determined in order to maximize the 
amount of absorbance readings at the end of the reaction while minimizing the final FUMP 
concentration.  Toward the same goal, the smallest enzyme concentration which maintained a 
constant kcat was used in these assays in order to ensure that enzyme dimerization did not affect 
the rate. 
 
2.1.4 Results and discussion: kinetic results 
The kinetic constants for decarboxylation of OMP and FOMP by ScOMPDC, MtOMPDC, 
and EcOMPDC are listed in Table 2.2.  The larger value for the kcat for OMP with ScOMPDC 
previously reported from the Wolfenden laboratory, 39 s
-1
, was likely due to the use of dimer 
concentration instead of active site (or monomer) concentration in calculating kcat from Vmax (i.e.: 
the first-order rate equation at [OMP] >> KM, Vmax = kcat*[E]).  Also, Wolfenden reported a 
slightly lower value for KM for OMP, 0.7 μM; however, the assay conditions in that laboratory 
contained no added NaCl.  I have reproduced a similar low KM for OMP with ScOMPDC by 
lowering the ionic strength of the reaction medium.  As detailed above, 100 mM NaCl was used 
to ensure that OMPDC was a dimer throughout the assay (12).  Furthermore, 100 mM NaCl is 
closer to physiological ionic strength than ca. zero ionic strength.  The value of kcat for 
EcOMPDC reported here, 27 s
-1
 at 25 °C, is higher than was reported by our collaborators in the 
Richard laboratory, 13 s
-1
 at 25 °C, but perhaps the EcOMPDC shipped from Illinois to New 
York became partially heat inactivated during the travel since both enzyme samples were 
prepared by me (5). 
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 OMP 
 kcat (s
-1
) KM (μM) kcat/KM (M
-1
s
-1
) 
ScOMPDC 20 ± 0.2 [8] 1.5 ± 0.4 [11] (1.4 ± 0.4) x 10
7
 
MtOMPDC 4.6 ± 0.6 [25] 1.6 ± 0.6 [18] (3 ± 1) x 10
6
 
EcOMPDC 26.6 ± 0.2 [2] 12.4 ± 0.6 [3] (2.2 ± 0.1) x 10
6
 
 FOMP 
 kcat (s
-1
) KM (μM) kcat/KM (M
-1
s
-1
) 
ScOMPDC 140 ± 10 [8] 6 ± 1 [15] (2.3 ± 0.5) x 10
7
 
MtOMPDC 187 ± 4 [3] 50 ± 10 [3] (4 ± 1) x 10
6
 
EcOMPDC n.d. n.d. n.d. 
 
Table 2.2 The kinetic constants for OMP and FOMP decarboxylation by the three model 
OMPDC‟s determined at 25 °C in 10 mM MOPS, pH 7.1, and 100 mM NaCl.  Not determined is 
abbreviated as n.d.  Bracketed figures give the number of measured or calculated values which 
contributed to averages. 
 
The kcat/KM for OMP with ScOMPDC, 1.3 x 10
7
 M
-1
s
-1
, was greater than the kcat/KM for 
MtOMPDC or EcOMPDC.  However, the KM for OMP was the same for ScOMPDC and 
MtOMPDC, but the kcat for OMP with MtOMPDC was ca. 4-fold lower than with ScOMPDC.  
On the other hand, kcat for OMP with ScOMPDC and EcOMPDC were similar, but the KM for 
OMP with EcOMPDC was ca. 8-fold larger than with ScOMPDC.  There was no clear 
explanation as to why the bacterial enzyme had a higher KM for OMP than the other two models, 
but the trend in kcat for OMP was presumably due to the different temperatures to which their 
organisms have adapted.  Both ScOMPDC and EcOMPDC come from mesophilic organisms 
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(growth temperatures ca. 37 °C), but MtOMPDC comes from a thermophilic organism (growth 
temperature 65 – 70 °C) (14).  One adaptation of MtOMPDC to the higher temperature is its 
shorter active site loop.  The loop in MtOMPDC is 9 residues long (Pro180 – Asp188), whereas 
in ScOMPDC and EcOMPDC the loops are both 17 residues long (Pro202 – Arg218 and Pro189 
– Met205, respectively).  While conserving the Q185 - phosphodianion interaction, the active 
site loop in MtOMPDC is also different from ScOMPDC and EcOMPDC‟s loops in that it lacks 
a second interaction with the phosphodianion substituent of bound nucleotide; Try217 and 
Arg192 serve this function in ScOMPDC and EcOMPDC, respectively. 
 
In order to test the hypothesis that changes to the active site loop were important in adapting 
OMPDC catalysis to different temperatures, the dependence of kcat for OMP on temperature for 
each enzyme was measured with the Richard Laboratory.  Using the Eyring equation (Equation 
2.3), the thermodynamic activation parameters for OMP decarboxylation were determined: ΔH‡ 
= 11.2 kcal/mol and ΔS‡ = 16 cal K-1 mol-1 for ScOMPDC; ΔH‡ = 11.2 kcal/mol and ΔS‡ = 16 
cal K
-1
 mol
-1
 for EcOMPDC; and ΔH‡ = 14.8 kcal/mol and ΔS‡ = 6 cal K-1 mol-1 for MtOMPDC 
(5).   
 
ln  cat*  B*     
Δ ‡
 
-
Δ ‡
 * 
 
Equation 2.3 The Eyring equation where h is Plank‟s constant, kB is Boltzman‟s constant, R is 
the gas constant, T is temperature, kcat is Vmax/ [E], ΔS
‡
 is the entropy of activation, and ΔH‡ is 
the enthalpy of activation. 
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The identical activation parameters for both enzymes from mesophilic organisms suggested a 
common structural strategy to catalysis at 37 °C while their differences compared to MtOMDPC 
offered clues to MtOMPDC‟s thermophilic adaptation.  Catalysis by MtOMPDC involved less 
enthalpic stabilization while providing a smaller entropic cost.  Nature has stabilized the closed, 
active conformation at high temperatures in MtOMPDC by shortening the active site loop in 
MtOMPDC relative to ScOMPDC and EcOMPDC.  However, this truncation seems to have 
required the omission of an important interaction present in ScOMPDC and EcOMPDC, the 
aforementioned Tyr217 or Arg192 interaction with the phosphodianion of bound nucleotide.   
Therefore, at higher temperatures where the contribution of enthalpy is less important relative to 
entropy, trimming of excess loop residues offsets the loss of enthalpic stabilization from one 
absent interaction, and the result is that all three enzymes are of nearly equal catalytic ability at 
their temperature optimum (5). 
 
The results from assays of the rates of decarboxylation of FOMP catalyzed by MtOMPDC 
and ScOMPDC are also listed in Table 2.2.  Most striking about these results were that kcat/KM is 
ca. two-fold greater for FOMP than OMP (6).  As mentioned in Chapter 1, the inductive 
stabilization of the fluorine substituent vicinal to the negative charge, which develops at C6 in 
the intermediate, could increase the rate by ca. 1000-fold (11).  Therefore, it was concluded that 
FOMP decarboxylation must be rate-limited by a step other than chemistry. 
 
● ● ● 
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2.2 Evidence for an anionic intermediate 
Based on the evidence in the literature, we were unable to discriminate between the 
remaining possible mechanisms despite the availability crystal structures of OMPDC.  The main 
mechanistic problem remaining was whether the reaction progressed in a conerted, SE2 
mechanism, or in two steps with the formation of a vinyl carbanionic intermediate.  One reported 
experiment was designed to resolve this issue, and it did not require that chemistry be rate-
determining.  Investigators in Jeffrey Smiley‟s laboratory had reported the inability of 
ScOMPDC to catalyze the exchange of protium for deuterium at C6 of UMP (15).  This result 
could mean that the enzyme is incapable of abstracting the H6 of UMP to form its conjugate base 
as would otherwise be expected according to the principle of microscopic reversibility (16) if a 
vinyl carbanionic intermediate were formed by the decarboxylation of OMP.  However, the lack 
of an observed exchange reaction could also have been due to poor UMP binding or slow 
reaction given the time allowed.  The enzyme in their experiment would have been ca. 97 % 
bound with UMP if the Ki is similar for EcOMPDC as it is with ScOMPDC (410 μM (12)).  If 
the deuterium exchange reaction were very slow compared to the decarboxylation reaction, the 
reaction might only be observed with large amounts of enzyme and/ or long reaction times.  
Their exchange reaction was carried-out in D2O for 14 hrs with ca. 3.4 μM ScOMPDC.  It would 
later be revealed that much longer reaction times and larger enzyme concentrations are necessary 
to observe this reaction.   
 
2.2.1 Methods: synthesis of 5-fluorouridine 5‟-monophosphate 
The synthesis of 5-fluorouridine 5‟-monophosphate, FUMP, was modified from Fujuita et 
al., 1994 (17).  Molecular sieves were added to the solvent, anhydrous trimethyl phosphate; the 
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reaction relies on anhydrous conditions because the reagent, phosphorous oxychloride, is very 
reactive.  The reaction, phosphorylation of 5-fluoro-uridine, was performed in a 10 mL 
Erlenmeyer flask with a small stir bar.  The fask and stir bar should be washed with concentrated 
NaOH, thoroughly rinsed with water, and dried overnight in a 120 °C oven prior to setting up the 
reaction.  To the dry flask purged with N2(g) in a shallow container with dry ice, 5 mL anhydrous 
trimethyl phosphate, 1.9 mmoles (498 mg) of 5-fluorouridine powder, and 330 μL phosphorous 
oxychloride were added.  This was performed by purging the flask with nitrogen and sealing the 
lid with parafilm between each addition.  After stirring for a few minutes on dry ice with a 
magnetic stir plate, the purged and parafilm-sealed reaction was incubated at 4 °C for 16 hrs. 
 
The reaction was quenched by dilution into 100 mL of cold, distilled water.  The reaction 
was very acidic because for every mmole of phosphorous oxychloride added, 4 mmoles of 
hydrochloric acid are produced.  The pH of the reaction was brought to 8 with 18 mmol of solid 
NaOH as measured with pH paper.  Neutralization was essential before purification because the 
column can otherwise be damaged by the acid-catalyzed conversion of bicarbonate to gaseous 
carbon dioxide.  Due to the high salt concentration, it was necessary to dilute the reaction to 500 
mL with distilled water before loading onto the (3 x 15 cm, bicarbonate form) DEAE column.  
Before elution, as much as 1 L of distilled water was used to remove all 5-fluorouridine from the 
column.  A 1 L linear gradient from 0 – 250 mM triethylammonium bicarbonate, pH 8.4 (pH 
adjusted with dry ice) was used to elute FUMP.  Fractions were screened at 269 nm (in 0.1N 
HCl, 9200 M
-1
cm
-1
), and the center fraction of the peak was confirmed to be FUMP by 
1
H-NMR. 
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Fractions in the confirmed peak were pooled and rotoevaporated to dryness.  The collected 
white residue was redissolved three times in distilled water and rotoevaporated to dryness to 
remove triethylamine (until no smell remained).  The residue was then dissolved in ca. 5 mL 
distilled water.  A 50% yield was obtained as determined at 269 nm.  The FUMP was lyophilized 
overnight and stored at -80 °C.  The purity of the FUMP product was confirmed by 
1
H-NMR 
(see Figure 2.1).   
 
 
Figure 2.1 
1
H-NMR spectra of purified FUMP in D2O.  The water peak was adjusted to 4.65 
ppm. 
 
UMP was similarly made from uridine.  FUMP can also be produced enzymatically from 
PRPP and 5-fluorouridine as detailed in Section 2.1.2.  Indeed, some attempts at synthesis of 
FOMP yielded FUMP due to slight (≥ 25 ng) of OMPDC contamination. 
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2.2.2  Results and discussion: product deuterium exchange 
The experiment first published by Smiley‟s laboratory was repeated by Kui Chan and me in 
collaboration with the Richard Group in order to provide evidence in support of either the SE2 
mechanism or the two-step mechanism (Scheme 2.1) (2, 15).  Because of the slow kinetics for 
the UMP deuterium exchange reaction, it was necessary to add 32-fold more enzyme and to 
allow for 12-fold longer reaction time than was utilized by Smiley et al.; however, by observing 
the loss of resonance coupling to H6 in UMP, it was shown that OMPDC can form the conjugate 
base of UMP (2).  Barring the possibility of reversible OMPDC-catalyzed CO2 condensation 
with UMP, this result shows that a vinyl carbanionic intermediate can be formed from UMP and 
rules out the SE2 mechanism because it is likely that the same intermediate is formed from OMP. 
 
 
Scheme 2.1 The exchange for the C6 proton of UMP or FUMP for solvent derived deuterium 
catalyzed by OMPDC. 
 
For ScOMPDC, Tina Amyes found it necessary to incubate 110 μM enzyme with 2.5 mM 
UMP for 7 days at 25 °C.  The reaction also contained 100 mM glycylglycine, pD 9.3, and NaCl 
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to an ionic strength of 0.1 in D2O (2).  The high pD is used because of the pKa of the catalytic 
lysine; in order for maximal exchange activity to be observed, it is necessary for this lysine to be 
in the basic form.  The dependence of exchange rate on pH carried-out by Amyes showed that 
the kex increases from neutrality to ca. pD 9.3 where it becomes pH independent.  These results 
were reproduced with MtOMPDC at UIUC by Kui Chan. 
 
An example of the results for UMP deuterium exchange catalyzed by ScOMPDC verified by 
me is shown in Figure 2.2.  In this end point assay, the conditions designed by Tina Amyes were 
used, and after 10 days at 25 °C, the reaction was ended by filteration of the enzyme.  The filtrate 
was dried by lyophilization, and the reaction products were dissolved in D2O for 
1
H-NMR.  The 
peaks shown in Figure 2.2 correspond to the anomeric 1‟-hydrogen and the C5-hydrogen at ca. 
5.82 ppm and 5.78 ppm, respectively.  At low enzyme concentrations, the UMP is largely [6-
1
H]-
UMP.  The 1‟-hydrogen is a doublet with a small „shoulder‟ due to its coupling to the C6-
hydrogen, and the C5-hydrogen is a doublet of doublets due to its coupling to the C6-hydrogen.  
At higher enzyme concentrations, UMP has been converted mostly to [6-
2
H]-UMP.  The loss of 
coupling to the C6-hydrogen results in the loss of the “shoulder” of the 1‟-hydrogen‟s resonance 
and the collapse of the C5-hydrogen‟s resonance to a singlet.  The maximum kex determined for 
ScOMPDC with UMP by Tina Amyes was 1.2 x 10
-5
 s
-1
 (2).  Kui Chan‟s results with the 
MtOMPDC gave a maximum kex of 2.2 x 10
-5
 s
-1
 (9).   
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Figure 2.2 UMP deuterium exchange at C5 catalyzed by varying concentrations of ScOMPDC.  
Each reaction was incubated at 25 °C at pD 9.3 in D2O for 10 days after which the enzyme was 
filtered.  Peaks A and B are due to the C5 proton of [6-
1
H]-UMP and [6-
2
H]-UMP, respectively.  
Peaks C and D are due to the anomeric C1‟ protons of [6-1H]-UMP and [6-2H]-UMP, 
respectively. 
 
In order to compare the rates of FOMP decarboxylation to the exchange reaction, FUMP was 
used as a substrate for MtOMPDC-catalyzed deuterium exchange.  The synthesis of FUMP 
performed by me is described in Section 2.2.1 (9).  The UMP and FUMP bound state of 
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MtOMPDC are superimposable as illustrated in Figure 2.3.  Furthermore, the published Ki 
values determined in the same laboratory for UMP and FUMP with MtOMPDC were similar 
(330 μM (18) and 650 μM (19), respectively).  Therefore, the 5-fluorosubstituent had little effect 
(~2 fold) on the binding affinity of UMP.  This allowed for kinetics to be measured much more 
quickly and accurately due to the 5-fluoro substituent‟s rate enhancement and the ability to 
monitor the reaction by 
19
F-NMR.  Kui Chan measured the maximum kex for MtOMPDC-
catalyzed FUMP deuterium exchange to be 0.02 s
-1
 (9).  Chan continued these experiments to 
determine the pH dependence of kinetics with wild-type and mutants of MtOMPDC described in 
the following section.   
 
 
Figure 2.3 Active site image of superimposed crystal structures of MtOMPDC mutant Asp70Gly 
liganded with chloride and UMP (cornflower blue - 1g1x[2.60 Å resolution]) or chloride and 
FUMP (magenta - 1g1v[1.90 Å resolution]).  The spheres represent the crystallographically 
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conserved chloride ion.  Enzyme was purified by Kui Chan, and crystallization and structure 
determination was performed by Alexander and Elena Fedorov (9). 
 
2.2.3  Results and discussion: D70 has a role in ground state destabilization but not transition 
state stabilization 
Mutations of active site residue D70 in MtOMPDC were constructed and purified by Kui 
Chan in our laboratory in order to test for a role in ground state destabilization implied for this 
residue by crystal structures.  The residue is likely positioned approximately 3 Å from one of the 
C6-carboxylate oxygens of the bound substrate.  If both were charged, considerable 
destabilization of the substrate in the active site would exist.  Chan was able to provide evidence 
for this destabilization by comparing the effect of mutating D70 to Gly and Asn on the rate of 
FOMP decarboxylation and the rate of deuterium exchange of FUMP at C6.  The effect of these 
mutations was large for decarboxylation (kcat was decreased by 500- and 40-fold for D70G and 
D70N, respectively), but small for product deuterium exchange (kex was unaffected by D70G and 
decreased 2-fold by D70N) (9).  These results provide the only direct, experimental evidence of 
ground state destabilization in OMPDC. 
 
● ● ● 
 
2.3 Electrophilic capture of the anionic intermediate 
Difficulty in providing evidence for the existence of carbanionic intermediates is due to their 
short lifetime; however, such evidence can be obtained through the use of electrophilic traps 
(20).  Observation of the condensation product of the SN2 reaction of a carbanionic intermediate 
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with an electrophile such as an aldehyde can show that the active site is capable of stabilization 
of the carbanion to provide a lifetime long enough for reaction with a second substrate.  
Relatively large electrophiles such as benzaldehyde have been reported (20); however, the 
crystal structures of OMPDC show insufficient room for such a large second substrate to bind 
with UMP.  Furthermore, because the pKa of the C6 proton of UMP is 32, the intermediate 
would have no lifetime outside of the active site.  Therefore, the relatively small formaldehyde 
was tested as a trap for the conjugate base of UMP in order to gain further evidence for its role in 
the mechanism of OMP decarboxylation (Scheme 2.2).   
 
 
Scheme 2.2 Capture of the vinyl carbanionic intermediate by reaction with formaldehyde to give 
6-hydroxymethyl-UMP. 
 
2.3.1 Methods: assay for electrophilic capture of the vinyl carbanionic intermediate by 
formaldehyde 
The appearance of 6-hydroxymethyl-UMP by 
1
H-NMR was sought as a test for the 
substitution for the C6 carbanion of UMP for one proton of formaldehyde.  Specifically, if the 
C6 proton of UMP were substituted by a hydroxymethyl group, there should be a change in 
resonance coupling of the C5 and C1‟ protons.  Assays were carried-out for 12 hrs at 25 °C with 
varying concentrations of paraformaldehyde, the form of formaldehyde obtainable as a dry 
powder from Sigma, before filtration and NMR spectroscopy.  Formaldehyde exists in three 
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forms in solution: formaldehyde, hydrated formaldehyde (methanediol), and a polymer of 
condensed formaldehyde known as paraformaldehyde.  Only the former could possibly be 
reactive with the carbanionic intermediate.  The equilibrium for hydration of formaldehyde is 
very large, Kh = 1,278 M
-1
 (21), so less than 0.1 % of [formaldehyde] in solution is available as 
formaldehyde.  On the other hand, high concentrations of formaldehyde will inactivate the 
enzyme by condensing with amines such as the active site lysine, so careful selection of 
[formaldehyde] concentration was essential. 
 
 
Figure 2.4 The inactivation of ScOMPDC, EcOMPDC, and MtOMPDC by varying 
concentrations of [formaldehyde], which consists of mostly hydrated formaldehyde with less 
than 0.1 % of formaldehyde and paraformaldehyde all in rapid equilibrium (21). 
 
Control incubations of various OMPDC‟s with varying concentrations of [formaldehyde] 
were therefore performed in order to test for concentrations of [formaldehyde] that will 
inactivate the enzyme.  Using OMP decarboxylation in standard assay conditions with saturating 
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substrate (Section 2.1.3) as a test for the retention of activity, Figure 2.4 shows that ScOMPDC 
and EcOMPDC are extremely susceptible to formaldehyde inactivation while MtOMPDC is 
slightly more resistant.  Formaldehyde inactivation was worse at pH 9.3 than at pH 7.1, but pH 
9.3 is necessary for efficient formation of the intermediate from UMP.  Both 20 mM and 100 
mM [formaldehyde] were used in incubations of OMPDC with UMP or FUMP, even though at 
least 85% of activity was known to be lost before the completion of the 12 hr assay. 
 
The conditions tested for formation 6-hydroxymethyl-UMP in 1 mL final volume were: 2 or 
5 mM of either UMP or FUMP; 200 μM ScOMPDC, EcOMPDC, or MtOMPDC; 100 mM 
NaCl; 20 or 100 mM [formaldehyde]; 50 mM MOPS, pH 7.1 or 50 mM CHES, pH 9.3.  As 
mentioned above, the reaction was incubated at 25 °C for 12 hrs before filtering the enzyme 
away from the reaction.  The filtrate was then lyophilized overnight and resuspended in D2O.  
The deuterated filtrate was then analyzed by 
1
H-NMR at 500 mHz using a Varian narrow-bore 
instrument. 
 
2.3.2  Results and discussion: formaldehyde is not a co-substrate 
Capture of the vinyl anionic intermediate with formaldehyde was not observed under any of 
the conditions tested.  Figure 2.5 shows example spectra for reactions with FUMP, 20 mM 
[formaldehyde], and each of the three enzymes at pH 9.3.  The spectra in Figure 2.5 is focused 
on the resonance for the anomeric C1‟-hydrogen which is a doublet of doublets because of 
coupling to the C2‟-hydrogen and coupling to the C6-hydrogen.  The C5 resonances are lacking 
due to the substitution of a fluorine substituent.  These experiments were repeated with 
MtOMPDC by Kui Chan in this lab, and the same results were found. 
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Figure 2.5 
1
H-NMR spectra of the filtrate from 12 hr incubations of 2 mM FUMP with 200 μM 
OMPDC, 20 mM [formaldehyde], 50 mM CHES, pH 9.3, and 100 mM NaCl at 25 °C showing 
resonances for the C1‟ proton coupled to the C6-proton of UMP.  A shows control incubations 
without OMPDC.  B, C, and D indicate the results after incubation with ScOMPDC, EcOMPDC, 
and MtOMPDC, respectively.  The signal at ca. 5.95 ppm is due to an error in signal acquisition. 
 
Independently in the Rudolf Laboratory, the product of the reaction between formaldehyde 
and the vinyl carbanionic intermediate, 6-hydroxymethylUMP, has been synthesized and 
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crystallized bound in the Homo sapiens OMPDC (22).  Therefore, the lack of observed reaction 
is not due to the inability of 6-hydroxymethyl-UMP product to fit in the active site (Figure 2.6). 
 
 
Figure 2.6 6-hydroxymethyl-UMP bound to the Asp312Asn mutant of the human OMPDC 
(2qcl[1.85 Å resolution]). 
 
Additional peaks were observed at near neutral pH after incubation with OMPDC and 
formaldehyde.  However, these peaks were due to contaminating phosphatase activity seen in all 
three enzymes.  Figure 2.7 shows an example of the production of 5-fluorouridine from FUMP 
after incubation with ScOMPDC and compares the two sets of resonances to a control spectrum 
of authentic FUMP and 5-fluorouridine.  Presumably, the phosphatase was not active at higher 
pH.  Personal communication between John Gerlt and Tina Amyes detailed that the phosphatase 
activity was also observed in their laboratory for deuterium exchange assays with UMP at near 
neutral pH. 
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Figure 2.7 Production of 5-fluorouridine from FUMP after incubation with OMPDC 
contaminated with a mononucleotide phosphatase was verified with a control spectra containing 
50/50 5-fluorouridine/ FUMP which gave resonances identical to those produced in the 
formaldehyde assay.  The upfield shifted peaks are therefore attributable to 5-fluorouridine. 
 
The lack of an observed reaction between formaldehyde and the proposed vinyl carbanionic 
intermediate is necessary for the hypothesis that the reaction progresses by an SE2 mechanism, 
but it is not sufficient to rule out the two step mechanism.  It is possible that formaldehyde 
cannot bind the OMPDC active site concomitantly with UMP or FUMP, and it is less likely that 
the active site is accessible to formaldehyde once a closed conformation of OMPDC with UMP 
is formed.  Also, the enzymes might have been inactivated by formaldehyde sufficiently to 
reduce the formation of the intermediate.  This last auxiliary hypothesis is supported by the loss 
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of OMP decarboxylation activity in control incubations of OMPDC with formaldehyde.  The 
negative results of these experiments do not cast doubt on the conclusions drawn from the 
deuterium exchange of UMP and FUMP catalyzed by OMPDC, i.e.,  these enzymes have the 
ability to form the proposed vinyl carbanionic intermediate (3). 
 
● ● ● 
 
2.4 The rate-determining step 
Many indications have called into question whether OMP decarboxylation is entirely 
chemistry rate-determined (see Figure 2.8).  First, the second-order rate constant, 1.3 x 10
7
      
M
-1
s
-1
 for ScOMPDC, approaches the limits of diffusion, ca. 10
8
 (23).  Second, as mentioned 
above, the small two-fold rate-enhancement produced by the 5-fluoro substituent suggested that 
OMP decarboxylation is within a factor of two of some process‟s rate that does not include 
chemistry and which can limit the rate of the OMPDC-catalyzed reaction.  Third, the Jones 
Laboratory found that the 
13
C-KIE of OMPDC was dependent on glycerol at pH 6.8 but not at 
pH 4.  At pH 6.8 a partially rate-determining, physical step (not chemistry) was likely slowed by 
the addition of glycerol and made more rate determining.  The small 
13
C-KIE at pH 6.8 shows 
that chemistry was also partially rate-determining without glycerol.  Also, the magnitude of the 
13
C-KIE was greater and the kcat/KM was smaller at pH 4.  Therefore, it is logical that chemistry 
is fully rate-determining only at the lower pH.  In argreement with this hypothesis, the Jones 
laboratory considered the KIE at pH 4 to be the intrinsic KIE.  Fourth, a publication from our 
collaboration with the Richard Group reported the dependence of kcat/KM on temperature for 
MtOMPDC and ScOMPDC-catalyzed decarboxylation of OMP, and it was suggested that for 
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both there is a change in the rate-determining step as temperature is increased (5).  The rate-
determining step at lower temperature probably includes chemistry for both enzymes, as 
chemistry would be expected to vary directly with temperature.  However, at higher temperatures 
relatively slow enzyme motions limited the rate of reaction, as collisions between enzyme and 
substrate would be expected to become more frequent.  For ScOMPDC these rate-determining 
enzyme motions actually became slower as the temperature was increased.  Lastly, as discussed 
in Chapter 1, the Cleland group reported that the 
13
C-KIE for FOMP decarboxylation was lower 
than the 
13
C-KIE for OMP by ca. 1.5 %.  This suggested to us that the rate of decarboxylation 
was less dependent on carbon-carbon bond cleavage for FOMP compared to OMP.  These 
observations led to the hypothesis that catalysis by OMPDC is not rate-limited by chemistry and 
approaches the limits of diffusion. 
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Figure 2.8 Example energy diagrams for an enzyme-catalyzed reaction coordinate.  Enzyme-
catalyzed reactions in which the rate-determining step(s) are: A) substrate binding; B) product 
release; C) chemistry (such as a mutant); and D) substrate binding, chemistry, and product 
release. 
 
2.4.1 Increasing solvent viscosity as a test for chemistry‟s involvement in the rate-determining 
step 
To test the hypothesis that FOMP decarboxylation and possibly OMP decarboxylation are 
not rate-limited by chemistry, an experiment was necessary which could distinguish the rates of 
chemistry occurring in the active site from those that involve bulk solvent such as substrate 
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binding and product release (Scheme 2.3).  By varying the viscosity of a reaction medium, 
enzymologists have shown that enzymes such as triose phosphate isomerase and fumarase have 
achieved perfection because the rate of the enzyme-catalyzed reactions are independent of the 
chemical steps (23, 24).  The enzyme-catalyzed rates are thought to be limited by the rate of 
interaction of substrate and enzyme in solution.  This physical limit arises from the finite rate of 
diffusion of molecules in solution as well as the necessity for substrate to interact with one 
particular spot on the enzyme.  The Stokes-Einstein equation (25) (Equation 2.4) predicts that 
changes in viscosity will produce an inverse, linear change in rate for any process whose rate is 
dependent solely on diffusion.  Several enzymes have also been found to show partial 
dependence of kcat/KM on the viscosity of the solution (26, 27).  In these cases, it is assumed that 
chemistry is partially rate-determining, and the fractional dependence of the rate on a physical 
step (diffusion) is presumably described by the fractional slope (between zero and unity) of plots 
of normalized kcat/KM against relative viscosity. 
 
    B 6     
Equation 2.4 The Stokes-Einstein equation (25).  D is the rate of diffusion (m
2
s
-1
), kB is the 
Boltzman constant, T is temperature,   is viscosity, and r is the radius of a theoretically spherical 
molecule. 
   
In order to change the solvent viscosity, a microviscogen is added to the reaction medium.  
Other physical properties such as temperature also affect viscosity; however, changing 
temperature would also affect the rate of chemistry.  Viscogens can influence the rate of enzyme-
catalyzed reactions by means other than slowing the rate of diffusion of substrate or product.  
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One possibility is that the affinity of the substrate for the enzyme might be affected by a change 
in solvation of the substrate.  Also, viscogens could affect the protein structure in a way that 
might slow the reaction.  One control to test for such additional affects is the use of a 
macroviscogen.  Macroviscogens increase the measured macroscopic viscosity of the solution 
and could interact with the enzyme or change the solvation properties of the solution without 
affecting the rate of diffusion of substrate because they are too large to efficiently interact with 
substrate.  Another control would be to slow the chemical rate of the reaction through the use of 
a “slow” substrate or enzyme; the latter would be a mutant enzyme in which a residue involved 
in chemistry but not substrate binding were mutated.  Slowing the chemical steps of the reaction 
in a controlled manner independent of solvent viscosity would have the effect of forcing 
chemistry to be rate-determining, and if the added viscogen affects a step prior to chemistry such 
as an enzyme conformational change, these additional effects will be apparent in the “slow” 
reaction.  On the other hand, a “faster” substrate, such as FOMP, could be used in which the rate 
of chemistry was specifically altered in a manner independent of solvent viscosity, substrate 
binding, or product release.  Mutations of key active site residues or use of altered substrates can 
serve as controls for chemistry dependent and independent reactions, respectively, in analyzing 
viscosity effects. 
 
 
Scheme 2.3 Chemical equation for the OMPDC-catalyzed reaction. 
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Additionally, the microviscogen used could bind in the active site and act as a competitive 
inhibitor.  This would completely defeat the purpose of varying viscosity because the added 
viscogens should not have any effect on processes that occur in the active site.  One test for this 
sort of additional viscogen effect is that the rate could show a dependence on relative viscosity of 
greater than unity.  This result was found when glycerol was used as a viscogen, so glycerol was 
omitted from these studies.  Because glycerol (92.1 g/mol) is small compared to OMP (368.2 
g/mol), it was assumed that glycerol could bind in the relatively large active site of OMPDC 
because of the high concentrations used (≤ 4 M).  The microviscogen sucrose (342.3 g/mol) is of 
a similar size to OMP, and sucrose has been used in enzyme assays for viscosity effects 
experiments (26).  For comparison, the macroviscogen, Ficoll 400PM, has an average molecular 
weight of 400,000 g/mol.  Also, previous viscosity effects on the ScOMPDC-catalyzed reaction 
used trehalose (342.3 g/mol) as a microviscogen (28).  As discussed below, neither sucrose nor 
trehalose had an effect on the catalyzed rate of MtOMPDC Asp70Asn, a chemistry rate-limited 
enzyme, so it is assumed that neither sucrose nor trehalose can bind the active site of OMPDC. 
 
When viscogens affect only the microviscosity, the interpretation of the dependence of 
normalized rate on relative viscosity is straightforward (Equations 2.5 – 2.10).  For the 
OMPDC-catalyzed reaction, the chemical steps are essentially irreversible due to the loss of 
CO2.  This allows the reaction to be partitioned into two, overlapping parts.  Substrate binding 
through the irreversible release of CO2 is kinetically described by kcat/KM; kcat describes the 
decarboxylation of substrate bound in the Michaelis-Menten complex followed by the diffusion 
of product out of the enzyme.  Viscosity effects can then be used to measure the rates of every 
step in the Scheme 2.3. 
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Equations 2.5 – 2.7 The definition, the dependence on relative viscosity, and the relationship to 
the slope from plots of viscosity effects of kcat. 
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Equations 2.8 – 2.10 The definition, the dependence on relative viscosity, and the relationship to 
the slope from plots of viscosity effects of kcat/KM. 
 
2.4.2 Methods: viscogen preparations, viscosity measurements, and assays for viscosity effects 
Viscogens were prepared as described in Hale et al. (29).  For each value of relative 
viscosity, a two-fold concentrated solution was prepared in ultrapure water.  For sucrose and 
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trehalose, the concentrations of the two-fold diluted viscogens in the reaction medium were 13.3, 
15.6, 21.3, 26.7, 30, and 32% (w/v).  400PM ficoll was prepared in order to yield concentrations 
of 2.5, 5, and 10% (w/v) in the reaction medium.  Relative viscosities were measured at 25 
°
C 
using an Ostwald viscometer and an analytical balance.  When calculating relative viscosity, the 
equation for solution viscosity simplifies to  o/  i = ρoto/ρiti where ρ is density and t is the amount 
of time it takes for a solution to travel between the marks in the capillary tube of an Ostwald 
viscometer (29).  For sucrose, the relative viscosities of each viscogen preparation diluted into 
one volume of reaction buffer (10 mM MOPS, pH 7.1 and 100 mM NaCl) relative to the reaction 
buffer alone were 1.41, 1.51, 1.87, 2.21, 2.60, and 2.74 for 13.3, 15.6, 21.3, 26.7, 30, and 32% 
(w/v) sucrose, respectively.  For trehalose, the calculated relative viscosities were 1.38, 1.52, 
1.84, 2.24, 2.54, and 2.69 for 13.3, 15.6, 21.3, 26.7, 30, and 32% (w/v) trehalose, respectively.  
The ficoll relative viscosities were 1.53, 2.42, and 5.52 for 2.5, 5, and 10% (w/v) ficoll, 
respectively. 
 
Assays for viscosity effects were carried-out as described in Section 2.1.3 except that one-
half of the reaction volume came from the two-fold concentrated viscogen stocks.  At higher 
viscosities, it was necessary to wait while the viscous stock solution drained to the bottom of the 
pipette tip.  Mixing by sealing the top of the cuvette with Parafilm was carried-out slowly in 
order to make sure solution physically moved in the cuvette. 
 
2.4.3 Methods: site-directed mutagenesis and mutant expression and purification 
Mutations were made by PCR reactions with primers containing the desired codon(s).  Two 
different site-directed mutagenesis procedures were used: the commercially available 
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QuikChange kit (Stratagene) and a method called overlap extension (30).  All of the yeast and E. 
coli OMPDC mutants were constructed using the Quikchange II procedure; nearly all of the 
MtOMPDC mutants were made by overlap extension.  Overlap extension has a few additional 
steps, but it always succeeded in generating mutants.  Mutagenesis primers for all mutants 
discussed in this thesis can be found in Appendix A. 
 
2.4.3.1 ScOMPDC D91N – site-directed mutagenesis 
QuikChange PCR reactions require that an entire plasmid encoding the gene be amplified.  
The yields are far too small to be seen on an agarose gel by ethidium bromide staining, so the 
PCR product is electroporated into a recA
-
 E. coli strain for propagation, here XL1 Blue 
(Stratagene).  However, in order to reduce contamination from the wild-type template, the PCR 
reaction is first digested with DpnI.  DpnI is specific for the sequence GATC where the 
adenosine is methylated at N6.  This methylation in the template plasmid is the result of dam 
methylase activity in XL1 Blue from which it was purified.  Synthetic DNAs, such as the 
plasmid DNA containing the mutated gene, are not substrates for DpnI.  Colonies on antibiotic 
plates were inoculated into liquid overnight cultures for purification of DNA which was 
subsequently analyzed by DNA sequencing similar to the subcloning in Section 2.1.1.1. 
 
The primers for mutagenesis were constructed as reverse complements of each other using 
the QuikChange II manual as a guide.  In short, primers for QuikChange should be between 40 
and 45 base pairs in length and between 78 °C and 85 °C in melting temperature (TM) using the 
following equation:  M   81.5 + 0.41*      -  
675
 
  -          , where %GC is the 
percentage of nucleotides that are G or C, N is the total oligonucleotide length, and % mismatch 
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is the percentage of N which is designed to be different from the template (to create the 
mutation).  The codon to be changed is altered to fit the mutant amino acid as per the codon 
table; it is also important to utilize codons with the most abundant population of tRNAs in E. coli 
(31).  The tRNA abundances in a cell are likely proportional to the codon usage in open reading 
frames of that organism‟s genome, so I used a table from the internet of E. coli‟s codon usage 
(http://www.geneinfinity.org/images/codon_usage_e_coli.gif). 
 
The 50 μL PCR reaction contained 5 μL of 10 x PfuUltraTM HF reaction buffer (Stratagene), 
30 ng of template pScODC-15b, 125 ng of each mutagenesis primer, 1 μL of a solution 
containing 20 mM of each dNTP, and 1 μL of PfuUltraTM High Fidelity DNA polymerase 
(Stratagene) in distilled water.  Thermocycler parameters were as follows: 30 s at 95 °C followed 
by 19 cycles of 30 s at 95 °C, 1 min at 55 °C, and 13 min at 68 °C.  Following completion of 
temperature cycling, 20 units of DpnI were added (New England Biolabs).  The DpnI digestion 
was incubated at 37 °C for 3 hrs before 1 μL of the mixture was added to a thawed, 60 μL aliquot 
of electrocompetent XL1 Blue cells.  Electroporation was performed as mentioned in Section 
2.1.1.1.  The sequence of purified pScODC-D91N-15b was verified by sequencing at the UIUC 
Core Sequencing Facility.   
 
 
2.4.3.2 MtOMPDC D70N – site-directed mutagenesis 
Overlap extension as described by Ho et al. consists of two different sets of PCR reactions in 
which the mutant gene is created in two halves and then pieced together (10, 30).  After the 
second round of PCR, the mutant gene is cloned into a vector for propagation. 
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In the first round of PCR, the T7pro and T7ter  “outside” primers discussed in Section 
2.1.1.1 that anneal to the plasmid roughly 100 bp on either side of the MtOMPDC gene and 
mutagenesis primers which anneal to the gene at the site to be mutated are combined in separate 
reactions to create the mutant gene in two halves.  The two sets of primers are mix-matched, so 
that “outside” primer whose sequence is complementary to the T7 promoter is combined with the 
mutagenesis primer whose sequence is the reverse complement of the gene sequence to be 
mutated.  Similarly, the “outside” primer whose sequence is the reverse complement of the T7 
terminator is combined with the mutagenesis primer which is complementary to the gene 
sequence to be mutated.  I have termed these reactions the “first” reactions, and each “first” 
reaction produces one gene fragment which overlaps with the other fragment in the sequence 
specified by the mutagenesis primer.  This property is exploited in a single, “second” PCR 
reaction to produce the whole mutated gene. The purified product of the “second” reaction was 
then restriction digested and ligated into pET-15b.  Ligation reactions were then electroporated 
into XL1 Blue cells (Stratagene), and plasmids purified from the transformed cells were 
sequenced at the UIUC Core Sequencing Facility to verify the presence of the mutation. 
 
The “first” reactions consisted of 50 ng of template pMtODC-15b mixed with 2.5 units of 
native Pfu (Stratagene), 2 μL of solution containing 20 mM of each dNTP (Invitrogen), 5 μL of 
10x Taq PCR buffer (Invitrogen), 4 μL of 50 mM MgCl2 (Invitrogen), 30 picomoles of the 
"outside” primer, 150 ng of the mutagenesis primer, and ultrapure water to produce a final 
volume of 50 μL.  The products were purified from a 1% agarose gel after electrophoresis to 
remove template pMtODC-15b. 
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The “second” reaction consisted of 5 μL of each product from the “first” reactions, 5 μL of 
10x Taq PCR buffer, 4 μL of 50 mM MgCl2, 30 picomoles of the forward “outside” primer, 30 
picomoles of the reverse “outside” primer, and ultrapure water to a final volume of 50 μL.  Both 
sets of PCR reactions, “first” and “second,” were carried-out using the following thermocycler 
parameters: 95 °C for 4 min; 25 cyles of 1) 95 °C for 45 s, 2) 55 °C for 45 s, and 3) 72 °C for 2 
min 15 s; and 7 min at 72 °C.  The PCR product was restriction digested and ligated into pET-
15b as detailed in Section 2.1.1.1.  Approximately 1.5 μL of the ligation reaction was added 
directly to electrocompetent XL1 Blue cells for electroporation.  After selection on plates 
containing 100 μg/mL Amp, single colonies were isolated, and plasmids encoding MtOMPDC 
mutants were purified by QIAgen miniprep columns and sequenced using the “outside” primers 
from Section 2.1.1.1. 
 
2.4.3.3 Mutant expression and purification 
Mutants of OMPDC were expressed similarly to their wild-type parents except that a 
different strain was used.  In order to ensure that no endogenous E. coli OMPDC was co-purified 
with the recombinant OMPDC, a knockout strain of E. coli was used, BW25113 (ΔpyrF), in 
which the chromosomal copy of the OMPDC gene had been insertionally deleted using the 
method of Datsenko, et al. performed by Wen Shan Yew in the laboratory (32).  Additionally, 
the Ni-Sepharose column used for mutant purification was reserved for purification of mutants 
expressed in the OMPDC KO; it was identical in all other respects.  In order to use the vector, 
pET-15b, for expression in BW25113 (ΔpyrF) which lacked the chromosomal copy of the T7 
RNA polymerase, an auxiliary vector, pTara, was used as a source of RNA polymerase.  Low 
expression was achieved for all proteins in this strain (from zero to ca. 15 mg/L in LB).  
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Furthermore, no additional yields were observed upon addition of the inducing agents L-
arabinose (for expression of RNA polymerase from pTara) or IPTG (for expression from pET-
15b), so they were not generally used.  However, by increasing the routine scale of growths for 
expression to 12 L, suitable quantities of protein were obtained (up to ca. 200 mg).  The cultures 
contained 100 μg/mL Amp to select for pET-15b, 34 μg/mL chloramphenicol to select for pTara, 
and 50 μg/mL kanamycin to select for BW25113 (ΔpyrF).  All other details of the expression 
and purification were identical to the wild-type enzymes discussed in Section 2.1.1. 
 
2.4.4 Results and discussion: the effect of viscosity on the catalyzed rate 
After conducting assays for determining kcat and kcat/KM for every viscosity, the results were 
plotted as shown in Figure 2.9 through Figure 2.20.  If the rate of a reaction is entirely 
chemistry-determined, the slopes from plots of the dependence of normalized rate constants, 
[(kcat/KM)°/ (kcat/KM)] or [kcat°/ kcat], on relative viscosity will be zero (see Figure 2.8, panel A 
and B).  This is seen for the control enzyme, the D70N mutant of MtOMPDC (Figure 2.9 
through Figure 2.12).  However, if chemistry were fast compared to the rate of diffusion, the rate 
of the reaction would be expected to be limited by diffusion, and the measured rate constants 
would be inversely proportional to solvent viscosity (see Figure 2.8, Panel C).  This result is 
seen for kcat with ScOMPDC and kcat/KM with MtOMPDC for decarboxylation of the “fast” 
substrate, FOMP (Figure 2.19 and Figure 2.16, respectively).  For cases in which physical steps 
such as substrate diffusing into the active site or product diffusing out of the active site are about 
equal in rate to the chemical steps (see Figure 2.8, Panel D), the slopes from plots of the 
dependence of normalized rate constants on relative viscosity will be fractional (between zero 
and unity).  There were many instances of this found in these studies: kcat/KM for OMP 
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decarboxylation by MtOMPDC (Figure 2.14) and ScOMPDC (Figure 2.18); kcat for OMP 
decarboxylation by ScOMPDC (Figure 2.17); kcat for FOMP decarboxylation by MtOMPDC 
(Figure 2.15); and kcat/KM for FOMP decarboxylation by ScOMPDC (Figure 2.20).  It is not 
clear why a viscosity effect was observed here and not in the Wolfenden Laboratory (28).  We 
sought to reproduce their conditions using trehalose in control experiments where no NaCl was 
added as was the case in the Wolfenden laboratory, and the results were similar to the viscosity 
effects of the 100 mM NaCl experiments shown here.  Also, the homologous mutation to D70N 
in ScOMPDC, D91N, had no activity with OMP and a kcat/KM with FOMP of 70 M
-1
s
-1
, so its 
use as a control for viscosity effects for ScOMPDC was not possible.  As will be shown below, 
assays with ScOMPDC D91N were mechanistically misleading. 
 
 
Figure 2.9 The viscosity effects on kcat for MtOMPDC D70N-catalyzed OMP decarboxylation 
shown as a plot of normalized kcat versus relative viscosity. 
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Figure 2.10 The viscosity effects on kcat/KM for MtOMPDC D70N-catalyzed OMP 
decarboxylation shown as a plot of normalized kcat/KM versus relative viscosity. 
 
Figure 2.11 The viscosity effects on kcat for MtOMPDC D70N-catalyzed FOMP decarboxylation 
shown as a plot of normalized kcat versus relative viscosity. 
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Figure 2.12 The viscosity effects on kcat/KM for MtOMPDC D70N-catalyzed FOMP 
decarboxylation shown as a plot of normalized kcat/KM versus relative viscosity. 
 
Figure 2.13 The viscosity effects on kcat for MtOMPDC-catalyzed OMP decarboxylation shown 
as a plot of normalized kcat versus relative viscosity. 
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Figure 2.14 The viscosity effects on kcat/KM for MtOMPDC-catalyzed OMP decarboxylation 
shown as a plot of normalized kcat/KM versus relative viscosity. 
 
Figure 2.15 The viscosity effects on kcat for MtOMPDC-catalyzed FOMP decarboxylation shown 
as a plot of normalized kcat versus relative viscosity. 
 
  93 
 
 
Figure 2.16 The viscosity effects on kcat/KM for MtOMPDC-catalyzed FOMP decarboxylation 
shown as a plot of normalized kcat/KM versus relative viscosity. 
 
Figure 2.17 The viscosity effects on kcat for ScOMPDC-catalyzed OMP decarboxylation shown 
as a plot of normalized kcat versus relative viscosity. 
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Figure 2.18 The viscosity effects on kcat/KM for ScOMPDC-catalyzed OMP decarboxylation 
shown as a plot of normalized kcat/KM versus relative viscosity. 
 
Figure 2.19 The viscosity effects on kcat for ScOMPDC-catalyzed FOMP decarboxylation shown 
as a plot of normalized kcat versus relative viscosity. 
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Figure 2.20 The viscosity effects on kcat/KM for ScOMPDC-catalyzed FOMP decarboxylation 
shown as a plot of normalized kcat/KM versus relative viscosity. 
 
Using Equations 2.7 and 2.10, it was possible to calculate the rate constants for substrate 
binding, k1°, and product dissociate, k3°, from the results of viscosity effects (see Scheme 2.3).  
Tables 2.3 and 2.4 show the rate constants calculated for OMP and FOMP decarboxylation, 
respectively.  It was found that values for k2 determined from the y-axis intercepts from Figures 
2.9 – 20 were too imprecise to utilize.  For the mutant, D70N, Equations 2.7 and 2.10 were not 
solvable due to the lack of a measurable change in kcat/KM or kcat.  Thus, it was concluded that 
there were no additional effects from the addition of sucrose and trehalose to assays of 
MtOMPDC.  Also, plots of the dependence of kinetic constants for all three enzymes on relative 
viscosity due to Ficoll showed a slope of zero; this offered further evidence that the only effect 
of adding microviscogens relevant to the measured kinetics was to change the rate of diffusion of 
small molecules. 
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As described at the end of Section 2.4.1, because the decarboxylation reaction is irreversible, 
kcat cannot be limited by the “on” rate for substrate, k1, and kcat/KM cannot be limited by the “off” 
rate for product, k3.  Hence, kcat/KM and k1 describe rates that are in competition for determining 
the rate of the catalyzed reaction at low substrate concentration.  Analogously, kcat and/or k3 can 
determine the rate at substrate concentrations much greater than KM. 
 
OMP decarboxylation catalyzed by MtOMPDC (Table 2.3) was described by the first-order 
rate constant equal to 4.6 s
-1
 at high substrate concentrations and by the second-order rate 
constants k1, 4.0 x 10
6
 M
-1
s
-1
, and k2 at low substrate concentrations.  At high substrate 
concentrations the lack of a viscosity effect showed that kcat is completely determined by 
chemistry.  At low substrate concentrations, the partial dependence on viscosity showed that k1 
and k2 are of similar value and each partially determined the measured rate constant, kcat/KM, 2.9 
x 10
6
 M
-1
s
-1
.  Unfortunately, k2 could not be determined for any of the reactions.  FOMP 
decarboxylation catalyzed by MtOMPDC (Table 2.4) was described by both k2 and a rate 
constant equal to ~300 s
-1
 at high substrate concentrations, and at low substrate concentrations 
the rate was described by k1, 5 x 10
6
 M
-1
s
-1
. 
 
 
 
 
 
 
 
  97 
 
 
kcat slope  3
o
         slope   
  
 
s
-1
  cat  3
o  s-1 M-1s-1 
(  cat KM )
 1
o  M
-1
s
-1
 
       
D70N 0.02   5.0 x 10
3
   
sucrose  0.02 ± 0.04 i.  -0.08 ± 0.05 i. 
trehalose  -0.01 ± 0.02 i.  -0.08 ± 0.09 i. 
Ficoll  0.09 ± 0.07 i.  0.16 ± 0.06 i. 
       
MtOMPDC 4.6   2.9 x 10
6
   
sucrose  0.05 ± 0.03 i.  0.60 ± 0.10 4.0 x 10
6
 
trehalose  0.00 ± 0.01 i.  0.59 ± 0.06 4.1 x 10
6
 
Ficoll  0.02 ± 0.02 i.  0.04 ± 0.08 i. 
       
ScOMPDC 20   1.3 x 10
7
   
sucrose  0.39 ± 0.05 50  0.37 ± 0.05 3.3 x 10
7
 
trehalose  0.31 ± 0.03 60  0.35 ± 0.06 3.3 x 10
7
 
Ficoll  0.00 ± 0.01 i.  0.05 ± 0.02 i. 
 
Table 2.3 Results for viscosity effects on OMP decarboxylation by MtOMPDC D70N, 
MtOMPDC, and ScOMPDC.  When kinetic constants are independent of solvent viscosity, k1° 
and k3° are not solvable; therefore, i. stands for indeterminant. 
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kcat slope  3
o
         slope   
  
 
s
-1
  cat  3
o  s-1 M-1s-1 
(  cat KM )
 1
o  M
-1
s
-1
 
       
D70N 4   5.0 x 10
5
   
sucrose  -0.01 ± 0.03 i.  -0.07 ± 0.05 i. 
trehalose  0.02 ± 0.02 i.  0.02 ± 0.07 i. 
Ficoll  0.01 ± 0.01 i.  0.04 ± 0.06 i. 
       
MtOMPDC 190   4.8 x 10
6
   
sucrose  0.67 ± 0.05 280  0.9 ± 0.3 5.3 x 10
6
 
trehalose  0.59 ± 0.07 320  0.9 ± 0.1 5.3 x 10
6
 
Ficoll  -0.01 ± 0.02 i.  -0.2 ± 0.2 i. 
       
ScOMPDC 130   2.6 x 10
7
   
sucrose  1.0 ± 0.2 130  0.65 ± 0.08 4.0 x 10
7
 
trehalose  1.01 ± 0.04 130  0.51 ± 0.06 5.1 x 10
7
 
Ficoll  0.01 ± 0.01 i.  0.04 ± 0.02 i. 
 
Table 2.4 Results for viscosity effects on FOMP decarboxylation by MtOMPDC D70N, 
MtOMPDC, and ScOMPDC.  When kinetic constants are independent of solvent viscosity, k1° 
and k3° are not solvable; therefore, i. stands for indeterminant. 
 
For ScOMPDC, the rate of reaction at high concentrations of OMP was described by both k1, 
~55 s
-1
, and k2, and at low concentrations of OMP, the rate was described by both k2 and k3, 3.3 x 
10
7
 M
-1
s
-1
.  ScOMPDC-catalyzed decarboxylation of FOMP was rate limited by k3, 130 s
-1
, at 
high substrate concentrations and by both k1, ~4.6 x 10
7
 M
-1
s
-1
, and k2 at low substrate 
concentrations (Tables 2.3 and 2.4).  This last result was unexpected because the enhancement 
of k2 should be ca. 350-fold relative to OMP (9), thus k2 should be too fast to contribute to the 
rate-determining step, >> 10
3
 s
-1
.  Our conclusion is that an additional step that is susceptible to a 
change in rate upon addition of microviscogen not described by k1 or k2 is partially determining 
the rate of FOMP decarboxylation at low substrate concentration.  A likely explanation is that a 
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solvent-sensitive conformational change such as active site loop closure occurs after substrate 
binding.  Thus the rate constant, kc, was introduced in the chemical equation of Scheme 2.3 for 
OMPDC catalysis to describe this conformational change.  It is of interest to note the deuterium 
sensitive 
13
C-KIE observed by Cook and Blanchard; their deuterium sensitive step and our 
proposed conformational change may be one-and-the-same. 
 
 
Figure 2.22 Qualitative energy diagrams depicting the results from viscosity effects studies.  A) 
The energy landscape for MtOMPDC-catalyzed OMP decarboxylation (black), FOMP 
decarboxylation (blue), and D70N-catalyzed OMP or FOMP decarboxylation (red).  B) The 
energy landscape for ScOMPDC-catalyzed OMP decarboxylation (black) and FOMP 
decarboxylation (blue). 
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These conclusions about the energy landscape of the reactions catalyzed by MtOMPDC and 
ScOMPDC can be qualitatively represented in energy diagrams such as those in Figure 2.22.  At 
the top of Figure 2.22, the reaction catalyzed by MtOMPDC is shown in black, and the effect on 
the chemical steps of the D70N mutation and the 5-fluoro substituent are shown in red and blue, 
respectively.  The chemical steps for MtOMPDC-catalyzed OMP decarboxylation have energy 
barriers approximately equal to the energy barriers for substrate binding at [OMP] << KM, yet 
product release is fast relative to chemistry at high [OMP].  At the bottom of Figure 2.22, the 
decarboxylation of OMP and FOMP catalyzed by ScOMPDC are shown in black and blue, 
respectively.  ScOMPDC-catalyzed OMP decarboxylation chemical steps are similar in energy to 
the energy barrier for substrate binding and enzyme conformational change (drawn as one step) 
and product release.  As shown in these diagrams and discussed in Section 2.2.2, the effect on 
substrate binding and product release of the D70N mutation or the 5-fluoro substituent is likely 
to be negligible for both. 
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Figure 2.23 Structural superpositions of four 6-azaUMP co-crystal structures.  Panel A shows 
MtOMPDC (cornflower blue - 3g1a[1.50 Å resolution]) and it‟s mutant D70N (magenta - 
3g24[1.50 Å resolution]), and Panel B shows ScOMPDC (cornflower blue - 3gdl[1.65 Å 
resolution]) and it‟s analogous mutant D91N (magenta - 3gdt[1.60 Å resolution]).   
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An explanation for the lack of activity of the ScOMPDC mutant, D91N, became available 
after Alexander and Elena Fedorov determined its crystal structure liganded with 6-azaUMP (9).  
As can be seen to the left in Figure 2.23, the 6-azaUMP co-crystal structure of MtOMPDC 
D70N and MtOMPDC wild-type are nearly perfectly superimposable (9); MtOMPDC D70N had 
a kcat/KM of 5 x 10
3
 M
-1
s
-1
 with OMP (6).  On the right side of Figure 2.23, the difference in 
structure of ScOMPDC and its analogous mutant, D91N, when either are liganded with 6-
azaUMP, is large about the active site loop.  The closed conformation of this loop is shown in the 
wild type structure; in the D91N structure the active site Q215 (Q185 in MtOMPDC numbering) 
is pointing in the opposite direction because the loop is in the open conformation.  Figure 2.24 
highlights the similarity in structure of ScOMPDC D91N with and without ligand, 6-azaUMP.  It 
is obvious that the mutation at D91 has removed the enzyme‟s ability to respond to ligand 
binding thus altering its specificity.  6-azaUMP binding to the active site of ScOMPDC D91N is 
accidental because it binds in a different orientation than is shown in every other cocrystal 
structure of an OMPDC.  OMP likely also binds ScOMPDC D91N in a nonproductive manner; 
thus, the effect of the mutation cannot be used for drawing mechanistic conclusions. 
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Figure 2.24 Active site image of superimposed crystal structures of ScOMPDC mutant D91N 
without ligand (cornflower blue - 3gdr[1.90 Å resolution]) or liganded with 6-azaUMP (magenta 
- 3gdt[1.60 Å resolution]).  Crystallization and structure determination was performed by 
Alexander and Elena Fedorov (9). 
 
● ● ● 
 
 
 
  104 
 
2.5  Modeling the structure of the ground state and the transition state 
In as much as catalysts function by preferentially stabilizing the transition state for a given 
reaction, molecules which resemble the structure of the transition state will bind tightly to the 
catalyst‟s active site.  Such molecules are termed transition state analogues; because these 
analogues can bind well relative to reactants they are also competitive inhibitors.  The discovery 
of tight binding competitive inhibitors, conversely, can be very informative regarding the 
structure of the transition state (33, 34). 
 
In Scheme 1.9, the structure of the best known inhibitor for OMPDC, BMP, was presented.  
Because this inhibitor binds the enzyme more tightly than any other known compound, BMP‟s 
structure can be looked at as the closest approximation of the structure of the transition state for 
OMP decarboxylation.  BMP has a small, negatively charged substituent at C6, an oxyanion 
(35), and the resonance structures of BMP in Scheme 1.9 show that the negative charge can also 
reside on O4 of the pyrimidine ring in the transition state. 
 
Molecules which bind to the active site may resemble the substrate in the ground state 
instead of the transition state.  Such compounds are expected to bind less tightly than transition 
state analogues; however, they should bind with affinities comparable to the natural substrate.  
Substrate analogues can be used as a test for the presence of ground state destabilization; if 
strain, e.g., electrostatic or steric, is hypothesized to exist in the enzyme-substrate complex, an 
analogue which could avoid this strain should bind tighter than the substrate and may offer 
evidence of the destabilization based on the structural differences between the analogue and the 
substrate.  Many competitive inhibitors have been studied for OMPDC (9, 12, 18, 19, 36-50) (see 
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Appendix B).  Hypothetically, the number of compounds which could be rationally designed to 
take advantage of an enzyme‟s mechanism while satisfying its specificity should be small 
because enzymes are evolved to avoid most of the compounds in the cell.  A few of the 
compounds in Appendix B have been published which claim to have achieved this feat. 
 
Some inhibitors have been found with binding affinities greater than or equal to substrate‟s 
but with structures wholly dissimilar to the ground state or the transition state.  For example, 
OPP (oxypurinol-ribose-5‟-monophosphate), PZP (pyrazofurin-ribose-5‟-monophosphate), 
AMP, and XMP (xanthosine-5‟-monophosphate) have each been measured to bind OMPDC.  
OPP [ScOMPDC Ki is 52 ± 5 nM (12)], AMP [MtOMPDC Ki is 3.5 mM (18)], and XMP [Ki for 
ScOMPDC is 24 ± 8 μM (12) and for MtOMPDC is 130 ± 3 μM (18)] are purine nucleotides, 
and each likely binds to a form of the enzyme with the loops following the 5
th
 and 7
th
 β-strands 
extended away from the active site or completely open to accommodate the extra bulk at C1‟ 
(Figure 2.25).  AMP and XMP may be natural regulators of OMPDC activity (51), and OPP 
appears to mimic these natural purines.  Unlike OPP, PZP [ScOMPDC Ki is 5 nM (37)] has been 
crystallized with OMPDC (Figure 2.26).  PZP is a synthetic compound with some anti-cancer 
activity because it targets OMPDC and subsequently reduces the production of cellular 
pyrimidines for DNA synthesis.  The active site image in Figure 2.26 shows how this unnatural 
compound is able to interact with appropriate residues to take full advantage of the interactions 
available to the transition state.  Such inhibitors either act on conformations of the enzyme meant 
for regulation instead of catalysis, or they bind the active site via interactions serendipitously 
similar to that of the transition state.  Therefore, tight binding inhibitors with too large a change 
in structure compared to the substrate‟s structure are of limited functional relevance.  However, 
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hypothesis-driven synthesis of pyrimidine-based compounds as putative substrate or transition 
state analogues has led to several interesting structures which are illustrative of the reaction 
mechanism. 
 
 
Figure 2.25 Active site image of the superposition of crystal structures of MtOMPDC bound 
with BMP (cornflower blue - 1x1z [1.45 Å resolution]) (52) and XMP (magenta - 1lol [1.90 Å 
resolution]).  Hydrogen bonds between XMP and active site residues are shown in cyan. 
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Figure 2.26 Active site image of the superposition of crystal structures of the Homo sapiens 
OMPDC with BMP (cornflower blue - 3ex4[1.24 Å resolution]) (52) or PZP (magenta - 
3mi2[1.20 Å resolution]).  Hydrogen bonds between PZP and active site residues are shown in 
cyan. 
 
2.5.1 The structure of the ground state and the transition state 
One hypothesis as to the structure of the ground state for OMP decarboxylation came from 
the crystal structure of OMP bound to the mutant D70A/K72A of MtOMPDC (PDB: 1km6) (53).  
In this structure, the carboxyl group at C6 is distorted out of the plane of the pyrimidine ring.  
Figure 2.27 compares this structure to the two other co-crystal structures of OMPDC with OMP.  
In Panel B, the pyrimidine ring of three OMP ligands are superimposed in order to compare the 
angle of bending of the C6 carboxylates.  The two mutants, Homo sapiens D312N (D70N by 
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MtOMPDC numbering) and MtOMPDC D70A/K72A, show the distortion at C6; however, the 
wild-type Plasmodium falciparum structure lacks this bending.  Furthermore, of the three OMP 
structures, only the structure with wild-type Plasmodium falciparum OMPDC represents an 
active enzyme; MtOMPDC D70A/K72A and Homo sapiens OMPDC D312N are both inactive.  
It is surprising that OMP was observed intact in the wild-type structure; however, the resolution 
of the wild-type structure is lower than the other two, 2.65 Å.  Depending on the accuracy of the 
positioning of the carboxylate at this resolution, the functional relevance of the observed C6 
carboxylate distortion could be in question. 
 
 
Figure 2.27 Superposition of crystal structures of MtOMPDC D70A/K72A (cornflower blue - 
1km6[1.50 Å resolution]) (53), Homo sapiens mutant OMPDC D312N (magenta - 2qcl[1.85 Å 
resolution]) (22), and Plasmodium falciparum OMPDC (chartreuse - 2za1[2.65 Å resolution]) 
(54) each bound with OMP.  Panel A shows the canonical view of a TIM-barrel enzyme‟s active 
site with structural alignment of the entire polypeptide; Panel B shows the active site from the 
side (5
th
 β-strand) in order to show the various angles of bending observed for the C6 -
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carboxylate.  The structural alignment for Panel B referenced only the pyrimidine ring atoms N1 
– C6. 
 
A crystal structure with an active OMPDC which supports the functional relevance of the 
distortion of the C6 carboxylate of substrate in the ground state comes from the structure of 
MtOMPDC bound with 6-cyanoUMP (see Figure 2.30 for chemical structure of 6-cyanoUMP).  
This inhibitor is a substrate for the slow substitution of cyanide for hydroxide catalyzed by 
OMPDC.  Figure 2.28 shows how this conversion of 6-cyanoUMP to 6-hydroxyUMP was 
captured at ca. 50 percent completion in the crystal structure, 2zz1 (55).  This structure is an 
average of a putative substrate analogue and a transition state analogue, and the substrate 
analogue‟s 6-cyano substituent is clearly distorted out of the plane of the pyrimidine ring.  
Although this putative substrate analogue is a substrate itself for a very different chemical 
transformation, this provides further evidence for a ground state destabilization mechanism in 
which the C6 carboxyate of OMP is distorted out of the plane of the pyrimidine ring prior to 
decarboxylation. 
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Figure 2.28 Crystal structure (2zz1[1.57 Å resolution]) of 6-cyanoUMP bound to MtOMPDC 
and partially converted to 6-hydroxyUMP (55).  The enzyme and 6-cyanoUMP are colored 
cornflower blue, and 6-hydroxyUMP is shown in magenta.  Hydrogen-bonds are displayed as 
cyan lines.  Panel A shows the canonical view of a TIM-barrel enzyme‟s active site; Panel B 
shows the active site from the side (5
th
 β-strand) in order to show bending of the 6-cyano group 
out of the plane of the ring. 
 
The binding affinities of putative substrate analogues dihydroOMP and 6-phosphonoUMP 
(see Figure 2.30 for chemical structure of 6-cyanoUMP) were used as a test for the functional 
relevance of C6 carboxylate distortion to a possible ground state destabilization mechanism.  The 
transition state analogue, 6-azaUMP, was used as a well studied control for inhibition studies.  
DihydroOMP and 6-phosphonoUMP have both been reported as having Ki values comparable to 
the KM for OMP.  My own research revisited these published inhibitors with some surprising 
results. 
 
  111 
 
2.5.2 Methods: assays for determining inhibition constants 
ScOMPDC, MtOMPDC, and EcOMPDC were expressed and purified as discussed in 
Section 2.1.1.1 – 2.1.1.3.  OMP was enzymatically synthesized as discussed in Section 2.1.2.  6-
azaUMP was purchased from R.I. Chemicals Corp; its extinction coefficient at 262 nm in 0.1 M 
HCl is 5900 M
-1
cm
-1
.  5,6-DihydroOMP and 5,6-dihydroUMP were both synthesized and 
quantitated by Heidi Imker in our lab (9).  6-PhosphonoUMP was a gift from Stephen Bearne; it 
has an extinction coefficient at 266.5 nm in 0.1 M HCl of 9300 M
-1
cm
-1
.  The OMP 
decarboxylation procedure of Section 2.1.3 was modified only to include varying inhibitor 
concentrations.  Where inhibition was seen, it followed the competitive inhibition described by 
Equation 2.11, and Ki was determined from Equation 2.12 where the slope of a plot of the 
dependence of KM,app on inhibitor concentration is equal to KM/Ki.   
 
 o  
 max*[S]
(KM+(KM* I Ki )+ S )
 
Equation 2.11 The modified Michaelis-Menten equation for competitive inhibition; where Ki is 
the inhibition constant equal to [E I] ( E + I ) . 
 
KM,app  KM(1+  I Ki ) 
Equation 2.12 The dependence of KM on the concentration of competitive inhibitor with binding 
affinity, Ki. 
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2.5.3 Results and discussion: a lack of evidence for a particular form of ground state 
destabilization from substrate analogues 
Inhibition of OMPDC by 6-azaUMP has been well studied (12, 38, 41, 42, 47, 56, 57).  
Independent of the model enzyme studied, a Ki of between 0.1 and 1 μM has been found with 
few exceptions.  My results for inhibition of ScOMPDC and MtOMPDC are shown in Figure 
2.29.  The Ki for ScOMPDC is 0.17 μM (KM   1.5 μM), and the Ki for MtOMPDC is 0.58 μM 
(KM   1.6 μM).  These experiments reproduced the affinity previously reported for this 
compound.  Although the Ki is about 22,000-fold larger than BMP‟s (ca. 10 picomolar), it is 
small relative to KM.  The nitrogen at C6 of 6-azaUMP is sp2-hybridized, and has a lone pair 
precisely where the lone pair of the vinyl carbanionic intermediate would have a lone pair.  
Though lacking the negative charge at C6, 6-azaUMP‟s tight binding is due to the electron 
density at C6 which resembles the transition state/intermediate (Figure 2.30). 
 
 
Figure 2.29 Inhibition by 6-azaUMP of OMP decarboxylation catalyzed by ScOMPDC (A) and 
MtOMPDC (B). 
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Figure 2.30 Chemical structures of dihydroOMP, OMP, the transition state/intermediate, UMP, 
and the various analogues reported for OMPDC with substitutions at the C6 position and their 
affinities. 
 
It has been estimated that bending of the C6 carboxylate of OMP by as much as 15 to 30 
degrees would destabilize the ground state by 2 to 7 kcal/mol, respectively (55).  Consequently, 
it would require as much extra binding energy (-4.5 kcal/mol for ~22.5 degrees) in addition to 
that approximated by the value of KM (ie. -7.9 kcal/mol + -4.5 kcal/mol = -12.4 kcal/mol intrinsic 
binding energy) to account for both substrate binding and this form of ground state 
destabilization.  The published inhibitors, 5,6-dihydroOMP and 6-phosphonoUMP, purport to 
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provide evidence that this extra binding energy is present in the enzyme-substrate complex 
(offset by the distorted carboxylate) due to their high affinities relative to substrate. 
 
The proposed substrate analogue, 5,6-dihydroOMP, was reported by the Wolfenden 
Laboratory to have a Ki of 0.3 μM for ScOMPDC (58).  The structure of 5,6-dihydroOMP 
resembles an upstream intermediate in pyrimidine biosynthesis, 5,6-dihydroorotate.  It may also 
resemble a “preformed,” destabilized conformation of the substrate in the ground state.  The 
results from my experiments shown in Figure 2.31 gave a Ki value of 110 μM for 5,6-
dihydroOMP for MtOMPDC-catalyzed OMP decarboxylation (ca. 70-fold reduction in binding 
affinity relative to OMP).  I also examined the inhibition by 5,6-dihydroUMP to get a better idea 
as to how the reduced double bond about C5-C6 affects binding in 5,6-dihydroOMP.  The Ki 
value I obtained with 5,6-dihydroUMP for MtOMPDC-catalyzed OMP decarboxylation was 1.5 
mM.  Therefore, the binding affinity of 5,6-dihydroUMP is ca. 4-fold smaller than the binding 
affinity of UMP (200 – 450 μM), so an approximately 18-fold reduction in the binding affinity 
of 5,6-dihydroOMP relative to OMP is due to the out-of-plane carboxylate with the remaining 
ca. 4-fold reduction due to other effects also present in 5,6-dihydroUMP such as loss of a planar 
pyrimidine ring.  The distorted carboxylate of this inhibitor has actually worsened binding rather 
than strengthened it relative to OMP as previously reported, so it is concluded that 5,6-
dihydroOMP is not a substrate analogue.  We were able to obtain a crystal structure of both 5,6-
dihydroOMP and 5,6-dihydroUMP bound to MtOMPDC (Figure 2.32); the 5,6-dihydroOMP 
structure does not show any additional interactions with the “distorted” C6 carboxylate to 
suggest that it is stabilized out of the “plane” of the pyrimidine ring (9).  The lack of tight 
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binding by 5,6-dihydroOMP argues against a functional relevance for the observed C6 
carboxylate distortion. 
 
 
Figure 2.31 Inhibition by dihydroOMP (A) and dihydroUMP (B) of MtOMPDC-catalyzed OMP 
decarboxylation. 
 
 
Figure 2.32 Crystal structure of BMP (cornflower blue - 1x1z[1.45 Å res] (59)), 5,6-
dihydroOMP (magenta - 3g1f[2.50 Å res] (9)), and 5,6-dihydroUMP (chartreuse - 3g1h[2.30 Å 
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res] (9)) bound to MtOMPDC.  Panel A shows the canonical view of a TIM-barrel enzyme‟s 
active site with structural alignment of the entire polypeptide; Panel B views the active site from 
the side (5
th
 β-strand) in order to compare the various positions of the C6 substituents.  The 
structural alignment for Panel B only referenced the pyrimidine ring atoms N1 – C6. 
 
Another possible substrate analogue which could mimic the out-of-plane anionic C6 
substituents found in many of the crystal structures mentioned above is 6-phosphonoUMP.  This 
compound also has been reported in the literature; the Bearne Laboratory measured a Ki of 25.8 
± 0.4 μM for 6-phosphonoUMP with EcOMPDC and a KM of 14 μM for OMP (50).  The 
structure of 6-phosphonoUMP (Figure 2.30) could test the importance of C6 carboxylate 
distortion.  If the active site destabilizes charge in the plane of the pyrimidine ring at C6 it might 
stabilize charge out of the plane (50).  Furthermore, there is less effect on the rest of the UMP 
structure than in 5,6-dihydroOMP.  Bearne was kind enough to let us test this inhibitor in our 
laboratory.  My KM for EcOMPDC-catalyzed OMP decarboxylation is 12.4 μM, and the Ki I 
determined for 6-phosphonoUMP (Figure 2.33) is 1.3 mM.  I was unable to measure inhibition 
of MtOMPDC with 6-phosphonoUMP.   
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Figure 2.33 Inhibition by 6-phosphonoUMP of OMP decarboxylation catalyzed by EcOMPDC 
(A) and MtOMPDC (B). 
 
6-R-UMP Ki (μM) 
R = ScOMPDC MtOMDPC 
carboxy 1.5
a
 1.6
a
 
ammonium  0.3
b
 (47) 
aza 0.2 0.6 
cyano 24
b
 (45) 10
b
 (47) 
methyl  50
b
 (47) 
methylamino 6
b
 (43)  
methylammonium 30
b
 (43)  
phosphono  N.I. 
oxyanion 9 x 10
-6
 (35)  
hydro 410 (12) 110
b
 (18) 
 
Table 2.5 Binding affinities of C6 substituted UMP derivatives.  Superscript “a” designates 
values for KM.  Superscript “b” designates that the Ki value has been corrected for differences in 
KM between this work and the referenced work likely due to temperature or ionic strength.  
“N.I.” designates no inhibition. 
 
Like 5,6-dihydroOMP, the lack of inhibition by 6-phosphonoUMP would argue against the 
active site having a high affinity for charge displaced out of the plane of the pyrimidine ring.  
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Another compound which could serve as a substrate analogue and provide a test for ground state 
destabilization is 6-ammoniumUMP.  Though I did not test the inhibition of 6-ammoniumUMP, 
the Kotra Laboratory has reported the Ki value for MtOMPDC to be 0.84 ± 0.03 μM at 55 °C 
where they measured the KM for OMP to be 4.8 μM (47).  By crudely correcting for the 
difference in experimental conditions with the ratio of KM,OMP values (1.6 μM/ 4.8 μM   0.33) I 
obtained a value for 6-ammoniumUMP‟s affinity of 0.3 μM in order to compare to the other 
affinities in Table 2.5.  With an affinity in the range of a transition state analogue‟s, 
6-ammoniumUMP appears to have successfully taken advantage of the mechanism of OMPDC 
catalysis by presenting a positive charge to the catalytic triad in the active site whose purpose is 
in part likely to destabilize negative charge in the substrate.  The crystal structure of 6-
ammoniumUMP liganded to the Homo sapiens OMPDC in Figure 2.34 shows how there is no 
bending of the ammonium group out of the plane of the pyrimidine ring.  It appears to bind 
precisely as BMP binds with no changes in active site residue positioning.  One exception is the 
multiple conformations of K72 (MtOMPDC numbering).  This is likely due to the ability of the 
ammonium group of 6-ammoniumUMP to rotate and provide multiple angles for interacting with 
K72.  The corrected Ki for “greasy” 6-methylUMP is ca. 30 fold higher than KM and translates to 
ca. 2 kcal/mol reduction in binding affinity.  Analogously, the hydrophobic methylene of 
6-methylammoniumUMP (as well as the added steric bulk) may be responsible for its poor 
binding compared to 6-ammoniumUMP.   
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Figure 2.34 Active site image of the superposition of crystal structures of Homo sapiens 
OMPDC liganded with 6-hydroxyUMP (cornflower blue - 3bgg[1.93 Å resolution]) and 6-
ammoniumUMP (magenta - 3dbp[1.50 Å resolution]). 
 
Cyano substituents have no charge, so the bending observed in the structure of Figure 2.28 
must be caused by sterics.  The decrease in affinity from OMP to 6-methylUMP is only 2 
kcal/mol; however, the 6-methylUMP binds 2-fold more tightly than UMP.  Therefore, the 
penalty for binding a pyrimidine nucleotide with a “bulky” 6-methyl substituent, at most 2 
kcal/mol, is not sufficient for steric repulsion to explain the ca. 4.7 kcal/mol of ground state 
destabilization previously observed (9).  Furthermore, of the MtOMPDC mutants D70N and 
D70G studied by Kui Chan in our laboratory, the “bulky” Asn substitution was actually more 
active for OMP decarboxylation (kcat/KM of 2500 M
-1
s
-1
 for D70N compared to 260 M
-1
s
-1
 for 
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D70G) (9).  Therefore, it is not safe to conclude that steric repulsion is the main force behind 
OMPDC‟s ground state destabilization.   
 
Crystal structures which display evidence of bending of substituents at C6 include mutants 
inactive for OMP decarboxylation and/or ligands with long, uncharged C6 substituents (eg. 6-
cyanoUMP).  Because MtOMPDC D70A/K72A in the structure 1km6 lacks the proposed active 
site residues to affect ground state destabilization, it is not clear what has caused the carboxylate 
to be displaced.  The HsOMPDC mutant D312N retains steric bulk positioned to interfere with 
the C6 carboxylate; however, the D312 side chain in this structure has moved away from the 
active site (unique among the 123 deposited OMPDC crystal structures) and away from the bent 
cyano group.  Furthermore, 6-cyanoUMP is a substrate for a reaction involving heterolytic 
cleavage of the C6-C7 bond in which the electrons from this bond remain with the leaving group.  
In this reaction it is beneficial for the electrons of the C6-C7 bond to be removed slightly from 
the C6 sp2-hybridized orbital at the ground state.  However, for the OMP decarboxylation 
mechanism, this bending in the ground state would not facilitate the approach to an intermediate 
in which heterolytic cleavage leaves the C6-C7 electrons in the C6 sp2-hybridized orbital.  
Therefore, the observed bending of C6 substituents is likely a “red herring” and not functionally 
relevant. 
 
It would appear that the ca. 10-fold poorer binding of 6-cyanoUMP relative to OMP (Table 
2.5) is due to the need for the longer substituent to bend away from the catalytic triad in a 
manner dissimilar to OMP binding.  By comparing evidence from X-ray crystal structures with 
substrate and substrate analogues as well as affinities for such analogues from inhibition studies, 
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evidence has been accumulated for the hypothesis that OMPDC utilizes ground state 
destabilization in its mechanism.  Furthermore, the nature of this destabilization appears to be 
due to the electrostatic repulsion between the substrate‟s C6 carboxylate and one or more 
carboxylates of the catalytic triad.   
 
● ● ● 
 
2.6  Conclusions: the OMPDC reaction coordinate 
The experiments described in this chapter addressed OMPDC‟s chemical mechanism and the 
energy landscape for OMPDC catalysis.  The SE2 mechanism has been ruled-out, and evidence 
for a two step mechanism for decarboxylation was provided from the observation of the 
deuterium exchange of H6 of UMP.  The ability for OMPDC to catalyze the formation of a vinyl 
carbanionic intermediate from UMP is highly suggestive of its ability to form the same 
intermediate from OMP after decarboxylation.  The lack of an observed capture of the 
intermediate with the electrophile, formaldehyde, was likely due to inactivation of enzyme by 
formaldehyde and/or the inability of formaldehyde to bind concomitantly with UMP.  
Furthermore, the inhibition of OMPDC by transition state analogues provide evidence that the 
enzyme is capable of binding tightly to pyrimidine nucleotides with high electron density close 
to C6 as would be expected in the intermediate of the two step decarboxylation mechanism.  
Also, various substrate analogues suggest a role for ground state destabilization via electrostatic 
repulsion between the C6 carboxylate of OMP and the carboxylates of D70 and possibly D75.  
Direct evidence for this ground state destabilization was provided by results from Kui Chan in 
the laboratory by comparing catalyzed UMP-deuterium exchange rates of mutants of D70.  
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Together with the results of the previous few decades of research on OMPDC, these results 
provide a near complete picture of the chemical steps of OMPDC catalysis. 
 
The experiments with viscosity effects addressed whether chemistry was rate-determining for 
various substrates.  Using multiple techniques for modifying the energy barrier for the chemical 
steps without effecting substrate binding or product release, the observed viscosity effects 
showed that OMP decarboxylation is near the limits of diffusion.  This also helped to explain the 
results of 
13
C KIE experiments from the Cleland Group in which isotope effects for FOMP were 
found to be smaller than for OMP (11).  The viscosity effects results showed that for MtOMPDC 
product release is faster than substrate binding or chemistry.  For MtOMPDC, both substrate 
binding and chemistry partially determine the overall rate at low OMP concentrations.  The 
chemical steps for FOMP decarboxylation in MtOMPDC are of nearly equal rate to product 
release, and substrate binding completely determines the overall rate at low FOMP 
concentrations.  For ScOMPDC, the energy barriers for substrate binding, chemistry, and product 
release were all of nearly equal energy; a diffusive, physical process partially controlled the rate 
at any concentration of OMP.  At high concentrations of FOMP, the energy barrier to product 
release is completely rate determining.  However, at low FOMP concentrations the rate of 
substrate binding was found to be only partially viscogen sensitive, as enzyme conformational 
change in this ortholog with a larger active site loop was found to contribute to the rate-
determining step.  These results highlight the evolutionary problem of optimizing enzyme 
motions to minimize the kinetic influence of substrate binding and product release to the overall 
rate; reducing the activation barrier for chemistry is only part of the problem! 
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Remaining mechanistic questions not addressed in this chapter involve how OMPDC is 
capable of stabilizing the vinyl, carbanionic intermediate shown here to form upon 
decarboxylation; to what degree protein-protein or protein-substrate interactions are important 
for ground state destabilization; and what enzyme conformational changes take place in OMPDC 
catalysis.  Not all of these questions are addressed in this work.  The use of multiple model 
enzymes in this chapter has afforded more evidence for mechanistic conclusions than would 
otherwise come from kinetic experiments with any one enzyme.  The following chapter describes 
the information gleaned from bioinformatics towards structure function relationships among all 
OMPDC‟s, mutagenesis studies largely undertaken in ScOMPDC, and the reasons for focusing 
on one particular model ortholog over another.  This will be pertinent to the study of transition 
state stabilization and enzyme conformational change. 
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CHAPTER 3 
 
3 Enzyme structures relevant to efficient catalysis: a bioinformatic, biochemical, and 
protein engineering approach 
With a better picture of the chemical steps occurring within the OMPDC active site, studies 
of the structure/function relationships within OMPDC are important to fully understand this 
enzyme’s remarkable proficiency.  The previous chapter addressed experiments that provided 
evidence for a two step decarboxylation mechanism in which catalysis relied on ground state 
destabilization and transition state stabilization.  This description ignores a significant aspect of 
enzyme catalysis: the conformational change of the enzyme to efficiently produce the Michaelis-
Menten complex, the conformational change of the enzyme as ground state destabilization 
decreases and transition state stabilization increases, and the conformational change which leads 
to a destabilized enzyme-product complex.  All of these structural changes have been optimized 
by evolution to yield smooth transitions from one conformation to the next because the rate of 
the overall reaction depends on it.  Any structural movement in the enzyme can become rate 
determining if sufficiently slowed by mutation.  The question is: how does Nature optimize the 
response of a ~25,000 Da enzyme to the various ~300 Da chemical species regularly occupying 
the active site in order to ensure an overall rate which approaches the rate of diffusion?  The 
answer likely involves a series of residues, beginning close to the active site and radiating 
through the rest of the enzyme, which relay the message as to which step in the enzymatic cycle 
the structure should accommodate.  A better understanding of evolution’s structural solution to 
the kinetic puzzle of efficient catalysis in OMPDC may lead to a more general understanding of 
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the extent to which an enzyme’s entire structure functions in catalysis to achieve the rate 
enhancements routine to Nature. 
 
3.1 OMPDC bioinformatics 
Before diving into structure/function experiments of any one ortholog of OMPDC, an 
understanding of what defines an OMPDC through sequence comparisons of all known 
OMPDC’s is necessary.  As mentioned in Chapter 1, the OMPDC family forms four branches 
depicted in Figure 3.1.  Collaborators in the Babbitt laboratory constructed a comprehensive list 
of OMPDC’s and a sequence similarity representation of their relatedness based on BLASTP 
expectation values.  The evolutionary origins of the branching of bacterial enzymes into two 
distinct subfamilies are not obvious.  However, by sequence comparison the majority of these 
enzymes group with other OMPDC’s from their respective domains (i.e., eukaryotic, bacterial, 
and archaeal).  The observed pattern of grouping is expected for an enzyme with origins pre-
dating the formation of the three domains of life; the de novo pathway likely evolved very early 
given the centrality of pyrimidine nucleotides in metabolism. 
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Figure 3.1 Sequence similarity network of the OMPDC family.  Four subfamilies are labeled 
archaeal, bacterial 1, bacterial 2, and eukaryotic. 
 
By observing conservation of amino acid residues from sequences and structural 
conservation from X-ray structures of multiple enzymes, I was able to glean information about 
the relative importance of different positions in the enzyme’s structure to the OMP 
decarboxylation activity that were selected for over ~3 billion years.  This technique served as 
the starting point for hypothesis generation in an effort to better understand the functional 
significance of residues at different positions across the entire enzyme’s structure. 
 
3.1.1 Methods: bioinformatics 
First, I generated multiple sequence alignments of a comprehensive list of divergently related 
OMPDC’s using the program, ClustalW (1).  I also used sequence similarity networks (2) to 
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visualize the branching of OMPDC’s into their four subfamilies as well as the mixing of specific 
eukaryotic and bacterial enzymes between their respective subfamilies.  In conjunction with 
structural alignments using the program UCSF Chimera (3), multiple sequence alignments of this 
list of enzymes were used to hypothesize particular residues important for catalysis.  Using the 
crystal structures as a means to unambiguously identify where residues in the primary structure 
lay in the 3-dimensional structure, multiple sequence alignments allowed a glimpse of the 
functionality of every residue in the enzyme.  Assuming all enzymes perform (primarily) the 
OMP decarboxylation reaction, such large sequence alignments provide the results of many 
mutagenesis experiments carried out in Nature; however, because of the selective pressure 
present in Nature, all of the results in a sequence alignment correspond to optimum amino acid 
placement in the context of any given enzyme.  Criteria for identifying functionally important 
residues included at least one of the following: residues conserved across all four subfamilies in 
sequence and structure, residues located in the active site of any OMPDC structure, residues with 
conservation of some general chemical functionality, or (based on structure alone) the 
observation of different conformations of the same residues depending on the state of the 
enzyme, i.e., open or liganded.  Therefore, I used bioinformatics as a tool for understanding 
structure/function relationships within the enzyme.  The tests of structure/function relationships 
and functional importance will make up the majority of the following chapter. 
 
3.1.2 Results and discussion: conservation of structure/function relationships 
Given the long evolutionary time periods separating many of these genes, the low sequence 
identity found amongst them is not surprising.  While all structurally characterized OMPDC’s 
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form a TIM barrel and have a largely conserved active site, sequence identity between 
subfamilies is ca. 15 %.  Figure 3.2 shows how the four subfamily pattern can be reproduced 
from a random pool of OMPDC’s.  These sequences were chosen from a multiple sequence 
alignment of each subfamily in a random fashion so that the sequence diversity may best be 
represented.  There are ten sequences from each subfamily.   
 
 
Figure 3.2 Unrooted phylogenetic tree of randomly chosen OMPDC’s evenly distributed in 
multiple sequence alignments of each of the four subfamilies.  Each subfamily is represented 
with ten sequences. 
 
The species of bacteria represented among the two bacterial subfamilies overlap 
taxonomically at the phylum level.  Among the bacteria 1 subfamily, the more populously 
represented phyla are (and percentages of bacteria 1 enzymes) Acidobacteria (1%), 
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Actinobactera (1%), Aquificae (2%), Cyanobacteria (8%), Dictyoglomi (1%), Firmicutes (18%), 
Fusobacteria (1%), Nitrospirae (1%), and Proteobacteria (66%).  The classes of Firmicutes with 
OMPDC’s from this subfamily are (and percentages of bacteria 1 Firmicutes) Bacillales (38%), 
Clostridia (25%), Lactobacillales (31%), and Erysipelotrichi (6%).  Also, the Proteobacteria in 
the bacterial 1 subfamily come from the following classes (percentages of bacteria 1 
Proteobacteria): Alphaproteobacteria (44%), Betaproteobacteria (3%), Deltaproteobacteria 
(7%), Epsilonproteobacteria (3%), and Gammaproteobacteria (42%). 
 
Bacterial organisms encoding the enzymes from the bacteria 2 subfamily fall into eight major 
phyla: Actinobacteria (12%), Bacteroidetes (15%), Chlorobi (3%), Chloroflexi (6%), 
Deinococcus-Thermus (3%), Fermicutes (21%), Proteobacteria (36%), and Spirochaetes (3%).  
Among those enzymes from Fermicutes, the representative classes are Lactobacillales (14%) and 
Clostridia (86%).  The enzymes from the Proteobacteria phylum further divide into the classes 
Alphaproteobacteria (8%) and Betaproteobacteria (92%).  The two bacterial subfamilies contain 
many enzymes whose organisms share the same phylum and some even share the same class.  
Therefore, bacterial OMPDC genes must have diverged shortly after the formation of the 
bacterial superkingdom in a manner dissimilar to the divergence of the bacterial organisms 
themselves.  For comparison, I aligned sequences of DNA polymerases from the organisms 
chosen in making Figure 3.2 (data not shown); the “bacterial 1” and “bacterial 2” enzymes did 
not form distinct subfamilies in that alignment.  So it is unclear why OMPDC genes diverged 
amongst bacteria, but it may be due to extensive horizontal gene transfer. 
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The sequence alignment of Figure 3.3, which resulted from the same calculations used to 
prepare the tree in Figure 3.2, shows the amino acid residues under the most selective pressure 
by sequence conservation.  Using the ruler at the top of the alignment, the positions with absolute 
sequence conservation are (ScOMPDC numbering) 260 (D37), 308 (K59), 350 (D91), 352 
(K93), 355 (D96), and 496 (G203).  Except for G203 at the base of the active site loop, all of 
these positions are responsible for directly interacting with the substrate as evidenced by their 
structural conservation from every crystal structure available.  The conservation of G203 as well 
as P202 suggests that these two residues are important for the dynamics of loop opening and 
closing.  Many positions can be seen to be conserved within individual subfamilies, for instance: 
position 351 is an Arg in eukaryotes (R92 in ScOMPDC), position 424 is a threonine in the 
bacteria 1 subfamily (S154 in ScOMPDC), position 528 is a serine among the bacteria 2 
subfamily (G234 in ScOMPDC), and the sizes and sequences of the active site loops vary less 
within subfamilies than without.  Each of these differences indicates small divergences in the 
structure/function relationships of enzymes between the four subfamilies, and because these 
show high conservation within their respective subfamilies, these differences in sequence may be 
evidence for small differences in the mechanism of action of these orthologs.  This speaks to the 
importance of utilizing multiple orthologs in studing the mechanism of enzyme catalysis. 
 
There are many cases where sequence conservation is absent; although, evidence of 
functionality is still present in the sequence alignment.  For example, the sequences of positions 
497 (V204), 525 (I231), and 527 (V233) vary greatly; however, the vast majority of OMPDC’s 
possess hydrophobic residues at all three of these positions.  There are many cases when this 
would indicate a purely structural role; however, one of these positions, 497, is in the active site 
135 
 
loop.  Furthermore, the other positions are proximal to phosphate binding residues in the primary 
structure.  In crystal structures, these three residues form a structurally conserved hydrophobic 
cluster across all four subfamilies.  Greater detail will be paid later to the structure/function 
relationships of these positions (Section 4.1).  These residues are an example of small 
divergences in sequence that retain the same function because selective pressure in this case 
required a general chemical functionality as opposed to a specific one as would be found in the 
active site.  Other examples of structure/function relationships that can be gleaned from 
unconserved positions are the phosphodianion interaction from position 510 (Y217 in 
ScOMPDC) in the active site loop and the dimer interface interaction from position 351 (D63 in 
ScOMPDC) which likely aids in dimer formation.  These residues will be discussed in the 
following section. 
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Figure 3.3 Sequence alignment of OMPDC’s chosen to represent the diversity of sequence with 
ten proteins from each of the four subfamilies (generated with ClustalW). 
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Figure 3.4 shows a ScOMPDC crystal structure image generated using the program ConSurf 
(4) which allows structure and sequence information to be viewed simultaneously by coloring 
residues based on sequence conservation.  This image confirms that sequence conservation is 
highest in the active site and dimer interface (the same in some instances).  The varying shades 
of pink can qualitatively show that there are varying levels of selective pressure on positions 
remote from the active site.  For example, the hydrophobic cluster residues are shaded dark pink.  
Also, D63 and Y217 are shaded light pink.  Interestingly, sequence conservation radiates from 
the active site from high to low as indicated by a change in color from dark pink to blue.  I 
propose that this gradient of sequence conservation is a direct product of the gradient of selective 
pressure on residues remote from the active site.  The selective pressure on remote residues 
stems from their role in conducting structural changes throughout the enzyme in response to 
ligand binding.  Residues closer to the active site have a more important functional role in that 
they must somehow communicate with the more distal residues that a change in conformation is 
required. 
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Figure 3.4 Images of the ScOMPDC crystal structure (1dqx [2.40 Å resolution]) represented in 
space filling and colored by sequence conservation among 99 OMPDC’s between 20 and 65% 
sequence identity.  The second monomer of the dimer is represented in ribbon form in dim grey, 
and 6-hydroxyUMP ligand is colored magenta in both.  Calculations were performed using the 
ConSurf website <http://consurf.tau.ac.il/>. 
 
3.1.3 Results and discussion: OMPDC orthologues or homologues? 
In order to aid classification of enzymes discovered from genome and metagenome 
sequencing projects, bioinformatics was used as a tool to implicate specific functional roles for 
conserved residues.  This technique has aided other members of the Gerlt Laboratory in their 
studies of a diverse superfamily of enzymes, the enolase superfamily.  In these projects, specific 
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residues have been identified which help to identify conserved functions for “new” enzymes.  
Often, divergence in active site residues in one or a few enzymes is concerted with a change in 
function.  During my analysis of sequence conservation in the OMPDC family of enzymes, I 
found a few enzymes which lacked residues at positions identified as being important active site 
residues in the vast majority of the other “orthologs.”  Specifically, D63, K59, D91, K93, D96, 
S(T)154, Q215, G(S)234, and R235 are active site residues which I have determined should be 
present in any functioning OMPDC produced in Nature. 
 
 
Figure 3.5 The positions of all OMPDC’s whose structures have been solved by X-ray 
crystallography are identified within this sequence similarity network (expectation value cut-off 
= e
-20
). 
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In Figure 3.5 the positions of structurally characterized enzymes are shown in the sequence 
similarity network produced by the Babbitt Laboratory.  This serves as a reference for the 
enzymes indicated in Figure 3.6 which likely do not catalyze OMP decarboxylation.  The active 
site residues missing in each of these enzymes are indicated in Figure 3.6 along with their sizes.  
Because some OMPDC genes have fused with the OPRTase gene, which encodes the enzyme 
immediately preceeding OMPDC in pyrimidine biosynthesis, protein sizes of 40kDa or greater 
likely indicate the presence of such a fusion.  Quite a few of these OMPDC family members 
without a known function are still associated with an OPRTase.  Though not a part of this work, 
it would be interesting to test for both OMP decarboxylation and transferase activity of these 
enzymes.  Some of these enzymes indicated in Figure 3.6 may have been subjected to 
sequencing errors; however, it is unlikely that all of these cases are the result of sequencing 
errors.  The sequence anomalies of the groups of enzyme from Bifidobacterium and Francisella 
are certainly not the product of sequencing errors as multiple cases are available for each.  A 
detailed table of these enzymes is given in Appendix D. 
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Figure 3.6 OMPDC family members lacking key active site residues are indicated in a sequence 
similarity network.  Misannotated OMPDC from the eukaryotic, bacterial 1, and bacterial 2 
subfamilies are shown in Panels A, B, and C, respectively. 
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3.2 ScOMPDC alanine-scanning mutagenesis 
Enzyme catalysis is only partially described by the results from studies of chemical 
mechanisms.  Active site residues are under high selective pressure to directly facilitate chemical 
transformations; for example, catalysis requires optimized positioning of catalytic functional 
groups with respect to transition states in order to lower overall reaction energy barriers.  
However, it is becoming increasingly obvious that other residues outside of the active site, which 
make up the majority of an enzyme’s size, are also under selective pressure.  These “remote” 
residues are usually much less conserved than active site residues.  As demonstrated in Chapter 
2, one experimental method for verifying the functional importance of amino acid residues is 
site-directed mutagenesis.  In preliminary mutagenesis studies with ScOMPDC, a large number 
of residues were targeted for alanine substitution based on the results from the bioinformatic 
analyses described in Section 3.1.  The results from these experiments produced many of the 
hypotheses for experiments described in Section 3.3 and Chapter 4. 
 
3.2.1 Structural evidence for conformational change 
ScOMPDC was originally chosen as the model enzyme for mutagenesis studies because of 
the large amount of work previously undertaken with this enzyme from the Westheimer, Jones, 
Wolfenden, and Short laboratories (5-13).  Rather than studying an arbitrary (different) enzyme, 
143 
 
building on this wealth of work seemed the logical and more productive avenue of research.  
Also, because we hoped to obtain structures of our site-directed mutants, the availability of 
ScOMPDC structures suggested that mutant crystal structures would be obtainable (14). 
 
 
Figure 3.7 Images of a crystal structure of ScOMPDC bound with 6-hydroxyUMP (1dqx [2.40 Å 
resolution]) depicting three domains per dimer inferred from the results of Harris et al. regarding 
EcOMPDC and MtOMPDC (15).  The core domain and two mobile domains from each 
monomer are colored in magenta, chartreuse, and cyan, respectively. 
 
Because mutagenesis of nearly every active site residue had been completed and published 
previously and because the mechanism for OMPDC’s large rate enhancement was still unknown, 
we decided to probe residues “remote” from the active site.  The importance of whole enzyme 
structural rearrangement upon ligand binding for OMPDC was first argued by the Larsen group 
(15).  They suggested that the dimer of TIM-barrels function as three domains (Figure 3.7): one 
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core domain that consists of the 2
nd
 through the 5
th
 β-α segments from both polypeptides; another 
domain consisting roughly of the 6
th
, 7
th
, 8
th
, and 1
st
 β-α segments which moves relative to the 
core and closes over the active site; and a third domain identical to the second but in the opposite 
polypeptide which functions independently.  By a similar structural comparison, the “remote” 
residues shown in Figure 3.8 were chosen for site-directed mutagenesis because they appeared 
to change position the most in response to ligand binding. 
 
 
Figure 3.8 Residues outside of the active site targeted for site-directed mutagenesis are depicted 
in stick representation in this image of a structural superposition of crystal structures of 
ScOMPDC with (cornflower blue - 1dqx [2.10 Å resolution]) or without (magenta - 1dqw [2.40 
Å resolution]) ligand, 6-hydroxyUMP.  Residues from the second polypeptide of the dimer are 
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indicated with an asterisk.  The superpositioning was carried-out with respect to the entire dimer, 
and the change in position of residues of interest can be seen above. 
 
The “remote” residues hypothesized to be functionally important include those in the active 
site loop (V204, L206, D207, D208, L213, Q216, and R218), those proximal to the phosphate 
binding pocket (V204, I231, and V233), those close to the boundaries between the domains in 
Figure 3.7 (Q216 and R218), and those in the dimer interface (D63, R92, N99, and Q104).  An 
illustration of the positions of these residues is given in Figure 3.8.  Also, active site residues 
D37, K59, D91, K93, D96, T100, Q215, Y217, and R235 were targeted for mutagenesis in order 
to reproduce the results of the Wolfenden laboratory.  Active site residues I97, L153, S154, I183, 
and P202 were targeted for the first time in this work.  Additionally, Q185 was hypothesized to 
play a role in coordinating a water molecule which could stabilize partial negative charge at O4 
of the substrate (see Scheme 1.9 and the discussion in Section 1.3.2). 
 
3.2.2 Methods:  
3.2.2.1  Site-directed mutagenesis 
The method for mutagenesis used for ScOMPDC, QuikChange, is described in Section 
2.4.3.1.  Also, mutagenesis primers are listed in Appendix A. 
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3.2.2.2  in vivo complementation assay 
The activities of mutants of ScOMPDC were tested relative to wild type in vivo using the 
strain, BW25113 (ΔpyrF).  This is the same strain used for expression and purification of 
mutants (Section 2.4.3.3).  Because the gene, pyrF, is essential when E. coli is grown on 
minimal media, it is possible to roughly gauge OMP decarboxylation activity by measuring the 
ability of recombinant pyrFs to complement the uracil auxotrophy of BW25113 (ΔpyrF).  The 
mutants were created in ScOMPDC in the vector pET-15b, so I monitored growth on minimal 
medium of BW25113 (ΔpyrF) carrying pScODC-15b or the analogous ScOMPDC mutant borne 
plasmids.  Scheme 3.1 illustrates the genetic scheme for expression from pET-15b in BW25113 
(ΔpyrF).  Expression from this vector requires T7 RNA polymerase normally formed in the 
overexpression strain, BL21 (DE3), from the chromosomally encoded lambda prophage, DE3.  
Because BW25113 (ΔpyrF) lacks this chromosomal copy, T7 RNA polymerase was supplied 
from the auxiliary plasmid, pTara, gifted to us from John Cronan.  The addition of L-arabinose 
(1 mM) and IPTG (0.5 mM) was necessary to induce the T7 RNA polymerase gene and pyrF, 
respectively.  By binding the transcription activator, AraC, L-arabinose promoted the activation 
of the PBAD promoter on pTara.  Furthermore, IPTG derepressed transcription of the pET vector 
by binding to the lac repressor, LacI, which otherwise inhibited expression by binding the lac 
operator.  Therefore, growth was observed for BW25113 (ΔpyrF) carrying pTara and    
pScODC-15b in M9 minimal medium when supplemented with L-arabinose and IPTG. 
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Scheme 3.1 The genetic scheme for complementation of the OMPDC KO on minimal media by 
expression of OMPDC from the plasmid, pET-15b.  Also, ura3 is the name of the OMPDC gene 
in yeast. 
 
M9 minimal medium with 100 μg/mL ampicillin (to select for pET-15b) and 34 μg/mL 
chloramphenicol (to select for pTara) was used to create to make a pyrF+ selective medium.  To 
make M9 minimal medium, 5x M9 salts were first prepared; 64 g Na2HPO4•7H2O, 15 g 
KH2PO4, 2.5 g NaCl, and 5 g NH4Cl were dissolved in distilled water to total volume of 1 L and 
autoclaved.  To autoclaved water, I added 200 mL of 5x M9 salts, 2 mL MgSO4 (sterile filtered), 
20 mL 20 % (wt/v) glucose (a.k.a. dextrose)(sterile filtered), and 0.1 mL CaCl2 (sterile filtered) 
per liter of M9 minimal medium. 
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The growth assays for complementation of BW25113 (ΔpyrF) with pScODC-15b were 
conducted in 3 mL test tubes which could both be shaken a 37 °C and also used for cell turbidity 
measurements at 600 nm.  Time points were taken irregularly but no less than 30 min apart.   
 
3.2.2.3  Protein expression and purification 
The methods for expression and purification of mutants of ScOMPDC were detailed in 
Section 2.4.3.3. 
 
3.2.2.4  OMP and FOMP decarboxylation assay 
The procedure for characterizing the OMP decarboxylation kinetics of ScOMPDC site-
directed mutants followed the procedure in Section 2.1.3. 
 
3.2.3 Results and discussion: complementation and kinetics of yeast OMPDC mutants 
Activity of site-directed mutants was first assayed by complementation of the OMPDC KO, 
BW25113 (ΔpyrF).  While these results may yield qualitative assessments of the impact of 
mutations, differences in expression in vivo of each mutation were not measured and corrected 
for, so conclusions based on these assays’ results are dubious.  Representative growths are shown 
in Figure 3.9 and Figure 3.10.  The data shown here are from a single experiment and include 
cultures grown at the same time in duplicate.  Following these in vivo assays, selected mutants 
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were purified and assayed in vitro in order to lend credence to the conclusions based on 
complementation results (Table 3.1). 
 
 
Figure 3.9 Growth curves of BW25113 (ΔpyrF) on M9 minimal medium at 37 °C with shaking 
at 220 rpm and complemented with ScOMPDC or one of its mutants expressed from pET-15b.  
Error bars indicate standard deviation from duplicate cultures. 
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Figure 3.10 Growth curves of BW25113 (ΔpyrF) on M9 minimal medium at 37 °C with shaking 
at 220 rpm and complemented with ScOMPDC or one of its mutants expressed from pET-15b.  
Data set is the same as Figure 3.9.  Error bars indicate standard deviation from duplicate 
cultures. 
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 kcat (s
-1
) KM (μM) kcat/KM (M
-1
s
-1
) 
wild type 20 1.5 1.3 x 10
7
 
K59A   50 
D91N n.a. n.a. n.a. 
K93R n.a. n.a. n.a. 
I97A 1.3 15 9.0 x 10
4
 
L153A 3.9 9.3 4.2 x 10
5
 
S154A 
a
0.08 
a
130 
a
630 
S154T 5.0
 
6
 
8 x 10
5 
Q185A 9 50 1.7 x 10
5
 
Q185S 12 26 4.7 x 10
5
 
P202A 3.5 0.7 5 x 10
6
 
V204A 2 400 5 x 10
3
 
Q215A 
a
21 
a
50 
a
4.2 x 10
5
 
Q215T  > 500 2 x 10
4
 
Y217F 22 80 3 x 10
5
 
R218A 16   
I231A n.a. n.a. n.a. 
V233A n.a. n.a. n.a. 
R235A   727 ± 7 
S154A/Q215A 
a
0.04 
a
110 
a
380 
 
Table 3.1 Kinetics constants for decarboxylation of OMP by ScOMPDC and ScOMPDC site-
directed mutants measured in 10 mM MOPS, pH 7.1, and 100 mM NaCl.  The superscript “a” 
denotes results from Barnett et al. (16).  
 
3.2.3.1  Probing the importance of active site loop residues 
One structural region investigated by mutagenesis was the active site loop at the end of the 
7
th
 β-strand.  Such mutants included: P202A, V204A, L206A, D207A, D208A, L213A, Q215A, 
Q216A, Y217F, and R218A.  Although P202, Q215, and Y217 are also active site residues, the 
mutants of these three positions did not have a large affect in vivo.  Among the loop residues 
contributed to the active site, the qualitative ranking of these mutants’ activities (from most 
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active to least) follows: P202A, Q215A, and Y217F.  The results from in vivo rankings were 
supported by the quantitative results from in vitro assays; the kcat/KM for P202A, Q215A, and 
Y217F were 5 x 10
6
 M
-1
s
-1
, 4.2 x 10
5
 M
-1
s
-1
, and 3 x 10
5
 M
-1
s
-1
, respectively.  The effect of the 
Q215A and Y217F mutations were entirely on KM instead of kcat, so the conclusion was drawn 
that these residues play a role in forming the Michaelis-Menten complex before decarboxylation.  
However, the effect of the P202A mutation was entirely on kcat, so this residue likely plays more 
of a role at the transition state than in the Michaelis-Menten complex.   
 
Among the “remote” residues in the active site loop, the mutations to L206 and V204 had 
larger in vivo effects than the loop residues contributed to the active site.  The qualitative ranking 
of these remote mutants’ in vivo activities (from most active to least) follows: Q216A, D207A, 
D208A, L213A, L206A, R218A, and V204A.  Of these mutants, in vitro kinetics were analyzed 
for V204A and R218A.  R218A had a kcat of 16 s
-1
 (near wild type in magnitude, 20 ± 0.2 s
-1
), 
and V204A had a kcat of 2 s
-1
, a KM of 400 μM, and a kcat/KM of 5 x 10
3
 M
-1
s
-1
.  The smaller 
impact of R218A compared to V204A may be due in part to the fact that R218A forms hydrogen 
bonding interactions on the surface of the enzyme while V204A becomes buried as discussed 
previously.  These results verify that V204 is an important residue in the active site loop as was 
suggested from bioinformatics analysis. 
 
This thorough study of the active site loop in ScOMPDC points to a few functionally 
important positions: P202, V204, Q215, Y217, and possibly R218.  P202 at the base of the loop 
is conserved among OMPDC’s and seems to form part of a hydrophobic wall lining the back of 
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the orotate binding pocket.  Vanessa Iiams in the laboratory is investigating this pocket in more 
detail.  Y217 is conserved among eukaryotic OMPDC’s presumably because of its role in 
forming an additional anchoring interaction with the substrate’s phosphodianion.  Furthermore, 
convergent evolution appears to have re-evolved a structure to serve this function in the Bacterial 
subgroup (R192 in EcOMPDC).  However, this additional phosphate interaction from the loop is 
absent among Archaeal OMPDCs as discussed in Section 2.1.  The roles of V204, Q215, and 
R218 will be discussed in the following sections. 
 
3.2.3.2  Probing the importance of residues at the interface of predicted domains 
Residues remote from the active site may serve a structural purpose, playing no other role in 
catalysis other than providing stability for the polypeptide’s fold.  At the very least, the overall 
folded protein holds the active site in place.  “Remote” residues may additionally or instead 
function by facilitating protein conformational changes which accompany the catalyzed reaction.  
One way to facilitate structural rearrangements is to provide interactions that favor one structure 
over another.  If the dynamics of an enzyme’s structure were simplified into a two-state model in 
which the structure exists in either an open or a closed state, interactions which form only in the 
closed state will favor that state.  Functionally, the closed state is one in which substrate is 
bound, so it is hypothetically simple for an enzyme to stabilize the Michaelis-Menten complex 
with residues that do not directly interact with the substrate.  In order for these functionally 
important, “remote” interactions to form in only one state of the enzyme, the enzyme would 
benefit from positioning the remote residues between domains that move either closer or further 
apart in the closed state. 
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Figure 3.11 Image of the ScOMPDC displaying interaction across the domain interface (between 
the 6
th
 and 7
th
 β/α units) in a co-crystal structure with 6-hydroxyUMP bound (1dqx [2.40 Å 
resolution]).  The view is from the side of the barrel facing inward at the domain interface (the 
pyrimidine pocket of the active site is closer than the phosphodianion pocket).  Residues S154, 
Q215, Q216, and R218 are shown in polypeptide A.  The core domain is colored magenta, the 
mobile domain is colored chartreuse, and the active site loop is color cornflower blue. 
 
Therefore, the residues S154, Q215, Q216, and R218 were targeted for mutagenesis in part 
because they appeared to be forming interactions across the domain interface between the 6
th
 and 
7
th
 β/α units.  As shown in Figure 3.11, the three active site loop residues, Q215, Q216, and 
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R218, form interactions with the loop following the 5
th
 β-strand.  Estimation of the contribution 
of these active site loop residues’ interactions with the core domain to the stability of the closed 
conformation is made complicated by the additional “use” of their interaction energies for 
closing the active site loop which is mobile in apo crystal structures.  However, it is possible that 
these interactions serve both purposes. 
 
S154 from the loop following the 5
th
 β-strand and Q215 form an interaction with each other’s 
side chain while each also interacts with the pyrimidine ring.  Additionally, Q215 interacts with 
the phosphodianion group.  The mutation, S154A, showed no ability to complement BW25113 
(ΔpyrF), and S154A’s in vitro kinetics were kcat = 0.08 s
-1
, KM = 130 μM, and kcat/KM = 630 M
-
1
s
-1
.  The Q215A mutation had a much smaller effect on in vivo activity, and the kinetics were 
previously stated: kcat = 21 s
-1
, KM = 50 μM, and kcat/KM = 4.2 x 10
5
 M
-1
s
-1
.  The impact on the 
overall rate from transition state theory for Q215A and S154A can be stated in thermodynamic 
terms as having increased in energy barrier by 1.8 kcal/mol and 5.7 kcal/mol, respectively.  The 
combination of these mutations into the double mutant, S154A/Q215A, was not tested for 
complementation, but the measured kcat was 0.04 s
-1
, KM was 110 μM, and kcat/KM was 380      
M
-1
s
-1
.  In thermodynamic terms, the double mutant increased the energy barrier relative to wild 
type by 6 kcal/mol.  Therefore, the addition of the mutation, Q215A, into the S154A mutant had 
only a 0.3 kcal/mol effect on catalysis.  Conversely, addition of the S154A mutation into the 
Q215A mutant caused a 4.2 kcal/mol increase in the energy barrier (Scheme 3.2).  Because the 
effect of mutating Q215 was much larger in the presence of the S154 side chain, the interaction 
between these two side chains is likely serving to position Q215’s side chain vis-à-vis the 
phosphodianion and O2 of OMP.  However, the rather small influence of the Q215A mutation on 
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the effect of mutating S154 suggests that the relationship is one-sided in favor of Q215; in other 
words, Q215 does not aid in the positioning of S154. 
 
 
Scheme 3.2 The thermodynamic cycle describing the thermodynamic effect of the mutations: 
S154A, Q215A, and S154A/Q215A (16).   
 
The importance of the S154-Q215 interaction to conformational change may be estimated by 
the energetic penalty from removing either S154 or Q215 alone, as either mutation would 
remove this interaction.  Because S154A caused a larger effect than Q215A, the S154 side chain 
must be responsible for more than interacting with Q215.  Therefore, the smaller effect of 
Q215A, 1.8 kcal/mol, provides a more accurate upper limit for estimating the importance of the 
S154-Q215 interaction.  Because of the other “uses” of the energy from this interaction, i.e., 
stabilizing substrate and intermediate, it was not possible to determine if in fact this interaction 
favors one conformation over the other; however, that influence must be less than 1.8 kcal/mol.   
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Among all OMPDC’s, S154 is conserved as either a Ser or a Thr.  To test the importance of 
this difference within the ScOMPDC enzyme, the mutant S154T, was created.  This mutant was 
not tested for complementation, but the in vitro kinetics were kcat = 5 s
-1
, KM = 8 μM, and kcat/KM 
= 8 x 10
5
 M
-1
s
-1
.  The 16-fold decrease in catalytic efficiency is partitioned equally between kcat 
and KM.  It is possible that the extra methyl group of S154T clashes with Q185 in ScOMPDC.  
The smaller S169 replaces Q185 in the EcOMPDC structure (the bacteria 1 subfamily enzymes 
have Thr’s at the S154 position).  However, there are also water molecules near S154 and Q185 
in the ScOMPDC-6-hydroxyUMP co-crystal structure that may be displaced in an unfavorable 
manner with the addition of the S154T methyl group.  The results of this mutation may suggest a 
varying, additional role for S154 among the different subfamilies in addition to its conserved role 
within the active site.  The divergence in structure in the domain interface near S154 may be 
related to the different active site loop shapes and sizes, and these divergent loops may have 
acquired different mechanisms of desolvation upon loop closure.  Testing this hypothesis by 
replacing the entire ScOMPDC active site loop with the active site loop of EcOMPDC in the 
context of the S154T mutation (or vice versa) would introduce countless problems resulting from 
the very divergence in loop closure I seek to test, so this experiment was not undertaken. 
 
In the 6-hydroxyUMP liganded crystal structure, Q216 reaches across the domain interface 
from the active site loop and makes a hydrogen bond with the backbone carbonyl oxygen of 
S154.  Additionally, at the base of the same loop, R218 hydrogen bonds to the backbone 
carbonyl oxygen of Q185 (Figure 3.9).  In the apo crystal structure of ScOMPDC solved by our 
collaborators in the Almo Laboratory, R218’s interaction across the interface is intact; however, 
there is the possibility that apo structures in general are affected by crystallization and do not 
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reflect the open conformation of the enzyme in solution.  Conversely, the apo structure shows 
that Q216 would lose its interdomain interaction in the open conformation.  Q216A 
complementation of BW25113 (ΔpyrF) was no different than wild type; although, in vitro 
kinetics were not performed on this mutant.  Purified R218A displayed near wild type kcat, but its 
complementation phenotype was slightly slower than Y217F (Y217F KM = 80μM).  It is possible 
that R218A was affected in substrate binding; although, KM was not determined for this mutant. 
 
The results of mutagenesis studies of the predicted domain interface between the 6
th
 and 7
th
 
β/α-units are inconclusive.  For example, it is possible that the kinetic and complementation 
effects seen for S154A, Q215A, and R218A are entirely due to the effects on substrate binding, 
active site loop closure, or transition state stabilization.  Further mutagenesis in MtOMPDC in 
Chapter 4 will be aimed at resolving the questions left unanswered from these experiments in 
ScOMPDC.   
 
3.2.3.3  Probing the importance of a hydrophobic cluster proximal to the phosphate 
binding pocket 
The “remote” loop residue, V204, is functionally important as concluded above from its in 
vivo and in vitro activity results (Section 3.2.3.1).  Clues as to its functional role can be gleaned 
from crystal structures and sequence conservation.  V204 is buried near at least two other 
hydrophobic residues, I231 and V233, in 6-azaUMP and 6-hydroxyUMP liganded structures 
(3gdl and 1dqx, respectively).  These two residues precede the conserved phosphate binding 
residues, G234 and R235, in the primary structure, so this hydrophobic cluster could have a role 
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closely associated to phosphate binding.  The results of complementation assays suggested that 
the activity of V233A was similar to Y217F and that I231A had activity similar to R218A; 
however, no activity was found for either I231A or V233A in vitro.  V204A assay results were 
mentioned above. 
 
In the loop-open conformation, V204 as well as the hydrophobic cavity lined by I231 and 
V233 are solvent exposed.  Analysis of sequence alignments shows that these positions are not 
absolutely conserved; however, there appears to be conservation of chemical functionality at 
these positions, namely hydrophobicity.  The hypothesis based on these observations is that in 
the loop-closed, liganded conformation these hydrophobic interactions provide stabilization for 
the Michaelis-Menten complex.  The results from alanine-scanning mutagenesis support either 
an important functional and/or structural role.  Further experiments testing this hypothesis can be 
found in Chapter 4. 
 
3.2.3.4  Probing the importance of residues in the dimer interface 
The interface between the two OMPDC polypeptides in the functional dimer has been 
proposed to be rigid.  For example, the central, immobile domain proposed by the Larsen Group 
was composed of residues from the 2
nd
 through the 5
th
 β/α-units from both polypeptides (15).  If 
there were dimer interface interactions important for communicating whether the active site was 
empty, substrate bound, or product bound to the rest of the domain, one might hypothesize that 
the residues involved in this interaction be highly conserved.  Or, as in the case of the 
hydrophobic cluster, the chemical nature of the interaction should be conserved.  However, as 
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Figure 3.14 illustrates, structures from enzymes from the four subgroups show four disparate 
dimer interfaces. 
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Figure 3.14 Images of the dimer interface from OMPDCs from four different subgroups: A) 
ScOMPDC (1dqx [2.40 Å resolution]); B) MtOMPDC (1x1z [1.45 Å resolution]); C) EcOMPDC 
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(1eix [2.50 Å resolution]); and D) the OMPDC from Plasmodium falciparum (2q8z [1.80 Å 
resolution]).  In each panel, polypeptide “A” is colored cornflower blue and polypeptide “B” is 
colored magenta.  The eukaryote subfamily is the only one to have ionic interactions at the dimer 
interface.  The other subfamilies have hydrophobic dimer interface residues almost exclusively. 
 
In order to test this assumption, residues D63, R92, N99, and Q104 in the ScOMPDC dimer 
interface were investigated by mutagenesis.  While none of the alanine substitution mutants of 
these positions were purified for in vitro assays, the complementation assays did offer a 
qualitative glimpse at their activities.  D63A had no detectible ability to complement uracil 
auxitrophy; while, Q104A had similar in vivo activity to R218A and I231A.  R92A had activity 
similar to P202A and Q215A, while N99A showed no effect compared to wild type.  One 
limitation to probing the functional importance of residues in positions important to the structure 
of the enzyme is that the effects measured may be attributable to a loss of structural integrity of 
the enzyme in a manner unrelated to one particular function.  This is similar to the conundrum 
discussed for domain interface studies.  Furthermore, the dramatic effect of the mutation, D63A, 
where no complementation was observed, is likely an example of such structurally 
compromising mutations. 
 
Based on these results, it is not possible to make any firm functional conclusions about the 
dimer interface.  It remains a possibility that communication is transmitted between the two 
monomers during catalysis such that the activity of each is dependent on the other in contrast to 
the rigid dimer interface model proposed in the literature (10, 15).  I propose that if the dimer 
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interface plays a functional role the importance of that role is limited.  The lack of strong 
conservation of these residues speaks to their small role in catalysis.  Residues in the MtOMPDC 
dimer interface will be visited in the next chapter. 
 
3.2.3.5  Probing the importance of residues in the active site 
Of the residues in the ScOMPDC active site, D37, K59, D91, K93, D96, T100, Q215, Y217, 
and R235 had previously been investigated by mutagenesis in the Wolfenden Laboratory.  These 
and the remaining active site residues, I97, L153, S154, I183, and P202, were mutated here.  As 
discussed previously, contacts to the 2’- and 3’-hydroxyls of the ribose moiety are made by D37, 
K59, D96, and T100.  Interactions between these residues and the catalytic triad (e.g.: K59-D91 
and 2’-hydroxyl-D96) constitute the “hydrogen bonded network” which has been attributed the 
role of positioning the catalytic triad with respect to C6 of OMP.  The residues of the hydrogen 
bonded network were not investigated with the complementation assay; however, a few were 
tested in vitro.  My measurement of the kcat/KM for K59A was 50 M
-1
s
-1
; the Wolfenden 
Laboratory measured this same rate to be 530 M
-1
s
-1
 (11).  This discrepancy (10-fold) is likely 
due to the difference in the ionic strength in the assay media mentioned in Section 2.1.3; 
although, this effect only resulted in a ca. 5-fold difference in wild type kcat/KM.  From the 
catalytic triad, D91N and K93R were assayed in vitro, and no activity was found. These results 
reproduce the findings from the Wolfenden Laboratory for D91A and K93A.  However, the 
results from mutations to the hydrogen bonded network in ScOMPDC are likely mechanistically 
misleading given the report from our laboratory of the structure of D91N bound with 6-azaUMP 
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in an up-side-down orientation (Section 2.4.4) (17)!  The likely role of the catalytic triad and of 
the loop residues S154 and Q215 was discussed here previously.   
 
The hydrophobic active site residues, I97, L153, I183, and P202, may serve multiple 
purposes (Figure 3.15).  The most obvious of these are the formation of a binding pocket for 
OMP’s pyrimidine ring to fit into.  I97 is contributed from the opposite polypeptide of the dimer 
and sits opposite P202 in the closed conformation.  While P202 stays relatively immobile from 
comparison of various crystal structures, I97 moves ca. 5.5 Å between the open and closed 
conformations.  The effect of mutating P202 in the complementation assay was similar to 
mutating Q215.  The in vitro kinetics for P202A gave a kcat of 3.5 s
-1
, a KM of 0.7 μM, and a 
kcat/KM of 5 x 10
5
 M
-1
s
-1
.  Growth of the knock-out complemented by I97A was slower than 
P202A; I97A complementation was similar to V204A and R235A.  Also, the in vitro kinetics for 
I97A gave a kcat of 1.3 s
-1
, a KM of 15 μM, and a kcat/KM of 9 x 10
4
 M
-1
s
-1
.  Because this mutation 
affected both kcat and KM, I97 is likely important both for positioning OMP in the Michaelis-
Menten complex and orienting the pyrimidine ring for optimal ground state destabilization 
and/or transition state stabilization.  The interpretation of the kcat effects of P202A is not 
complicated by its position at the base of the active site loop because the loop is thought to 
remainly largely rigid during chemical steps (e.g., Q215A effected KM but not kcat).  Also, 
because P202A does not affect loop closure (no KM effect), it likely does not affect loop opening 
either.  Therefore, P202 is likely involved in orienting the pyrimidine ring for optimal transition 
state stabilization.  P202 is also at the periphery of a hydrophobic surface at the back of the 
pyrimidine binding pocket consisting of L150, L153, and I183.  L150 was not investigated here.  
The L153A mutation had almost no impact in the complementation assay, but I183A completely 
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abolished in vivo complementation.  Figure 3.15 shows how L153 forms the upper part of the 
surface and is further away from C6 of substrate than I183.  Although no in vitro kinetic analyses 
were performed on these hydrophobic surface residues, Vanessa Iiams in the Laboratory has 
continued these investigations in MtOMPDC. 
 
 
Figure 3.15 The hydrophobic surface at the back of the pyrimidine binding pocket is shown in 
these active site images: A) hydrophobic residues surrounding bound pyrimidine of 6-
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hydroxyUMP (1dqx (14) [2.40 Å resolution]) and B) electrostatic surface of the pyrimidine 
binding pocket with 6-azaUMP bound in the anti-conformation (3dgl (17) [1.65 Å resolution]). 
 
Lastly, Y217 and R235 are important for binding the phosphodianion group of OMP based 
on crystal structures.  The role of Y217 in catalysis was discussed above.  G234’s was not 
investigated because mutagenesis experiments with Gly in general (e.g., Gly to Pro) are difficult 
to interpret.  The impact of R235A on complementation was larger than all others except D63A, 
S154A, and I183A which did not provide any complementation.  The in vitro kinetics of R235A 
were kcat = 1.1 s
-1
, KM = 1.8 mM, and kcat/KM = 600 M
-1
s
-1
 (18).  Nearly 99 % of the effect of the 
R235A mutation is the result of an altered Michaelis-Menten complex (1,200-fold increase in 
KM); this could result from weakened substrate binding.  Because the kinetic impact of all 
phosphate binding residues mutated was largely on KM, these interactions are in general likely 
used in the formation of the Michaelis-Menten complex.  As discussed in Section 1.5.1, the 
development of structural strain that acts in ground state destabilization is likely not paid for by 
the R235 side chain; however, the hydrogen bonds from backbone amides from both G234 and 
R235 may serve this purpose.   
 
The residue Q185, though not an active site residue, is separated from the liganded substrate 
by only one water molecule.  The bridging water is hydrogen bonded to O4 of 6-hydroxyUMP 
and 6-azaUMP in co-crystal structures of ScOMPDC.  It was hypothesized that this residue 
functions to stabilize the intermediate through its coordination of this water; the water could act 
to stabilize partial negative charge development at O4.  Mutations Q185A and Q185S were 
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constructed to test this hypothesis by interrupting the interaction to the active site water 
molecule.  For OMP decarboxylation, Q185A had a kcat of 9 s
-1
, a KM of 50 μM, and a kcat/KM of 
1.7 x 10
5
 M
-1
s
-1
; Q185S had a kcat of 12 s
-1
, a KM of 26 μM, and a kcat/KM of 4.7 x 10
5
 M
-1
s
-1
.  If 
the only effect of these mutations was to destabilize an electron sink for the reaction, the kinetic 
effect should be largely in kcat.  However, most of the effect was in KM.  The value of kcat was 
reduced 2-fold for both while KM was reduced 33- and 17-fold for Q185A and Q185S, 
respectively.  The small kcat effect is convincing that Q185 does not play a role in catalysis, but 
the KM effect could mean many things.  Most likely, Q185 plays a largely structural role, and its 
removal slightly disrupts interactions in the Michaelis-Menten complex.  It is less clear whether 
the active site water molecule acts to stabilize O4 of the intermediate.  This last question was not 
addressed in this work.   
 
With this detailed analysis of structure/function relationships in the ScOMPDC model, it 
would be beneficial to compare the effects of analogous mutations on model enzyme from a 
different OMPDC subfamily.  The next chapter will discuss experiments with MtOMPDC in 
order to further substantiate the proposed structure/function relationships from this section.   
 
● ● ● 
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3.3 OMPDC selections 
3.3.1 Structure/function relationships from protein engineering experiments 
With the goal of confirming or challenging the structure/function relationships detailed 
above, the in vivo complementation assay described in Section 3.2.2.2 was applied to a selection 
of libraries of mutant enzymes to identify substitutions in ScOMPDC and MtOMPDC which 
could recapitulate the OMP decarboxylation activity.  Residues of the DxKxxD motif, the active 
site clamp, i.e., S154 and Q215, and the hydrophobic cluster were chosen for randomization, and 
large libraries with randomization at multiple positions were also engineered.  If side chain 
structures differing from the wild type residue’s could provide efficient catalysis, especially in 
conjunction with another neighboring substitution, this information should be immensely useful 
in understanding the functional importance of structures selected for by Nature.  Because the 
main goal of these experiments was to obtain the identity of the mutants with considerable 
activity, the sequences of active mutants were the desired results.   
 
3.3.2 Methods: complementation screening  
The previous section described a method for screening OMPDC genes for the activity of the 
enzymes they encode in vivo.  This was possible because a strain of E. coli with the 
chromosomal copy of OMPDC deleted, BW25113 (ΔpyrF), has the phenotype of uracil 
auxotrophy.  If a random pool of OMPDC genes in BW25113 (ΔpyrF) were mixed in growth 
medium lacking uracil or any other pyrimidine that could be used by E. coli to produce UMP, the 
active members of the “library” of OMPDC’s would compete for nutrients and the most active 
copies would be the most numerous.  In this selection, the genes for wild type enzyme would 
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surely be the winners every time.  However, if the library were inoculated at an appropriate 
dilution on selective medium plates, the selection could allow for the random genes to be 
“screened” for activity without directly competing (Figure 3.16).  This screen could allow for 
the identification of all active mutants at pre-specified positions of the same model enzyme 
without needing to construct each mutant individually. 
 
 
Figure 3.16 Procedure for carrying out a selection of a random library of mutants of OMPDC.  A 
generous inoculum of the library was supplied from an overnight culture to a “uracil depletion” 
culture whose growth stopped abruptly at an OD600 of ca. 0.5.  At this time, the culture was 
dilution plated in parallel on selective and nonselective media.  “M9 MM” stands for M9 
minimal medium.  The selected clones were subjected to additional testing to ensure OMPDC 
activity was present. 
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The first technical issue that had to be addressed was the need for a method of applying KO 
cells onto selective conditions in quantities that would represent the entire library.  Growth of the 
library prior to selection required nonselective, LB broth to ensure an even distribution of library 
members in the random population.  However, cultures grown on LB may provide excess uracil 
when subcultured into selective medium.  A concentration of 5 μg/mL uracil was identified that 
allowed for nonselective growth to mid-log phase before all uracil would be completely depleted 
from the medium.  This procedure, as show in Figure 3.16, resulted in sufficient quantities of 
uracil free libraries to plate on multiple conditions. 
 
In order to estimate the number of viable cells present in screens on selective plates, dilutions 
were inoculated on both selective and unselective plates.  Furthermore, because the libraries 
should have been completely random, one should be able to immediately conclude whether any 
mutants provided complementation based on the percent of the library that should be wild type 
(Section 3.3.2.1 and 3.3.2.2).  After reproducing the growth of each “hit” on selective medium, 
the plasmids were isolated and sequenced.   
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3.3.2.1  Generation of OMPDC mutant libraries 
 
Figure 3.17 Schematic of the procedure for library generation. 
 
The procedure for saturation mutagenesis (Figure 3.17) (19, 20) was very similar to overlap 
extension (Section 2.4.3.2).  The main difference between saturation and site-directed 
mutageneses was that the mutagenesis primers used were synthesized with random nucleotides at 
the codon of interest at the Keck Center at the University of Illinois.  All three positions of the 
targeted codons were not truly randomized however.  By using only G and C at the “wobble” 
position of the codon, the codon table is cut in half while all amino acids remain represented.  
Also, the population of each amino acid in the resulting library can not be equal because of the 
uneven distribution of amino acids in this codon table (See Figure 3.18).  The percent of each 
library member in the resulting library should be predictable. 
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Figure 3.18 The distribution of amino acids at a single position after saturation mutagenesis from 
an NNS codon.  Panel A shows the truncated codon table represented by an NNS codon, and 
Panel B is a bar graph showing the percent of the library represented by each of the 20 amino 
acids.  Not shown, the stop codon TAG will be present in 3.125% of the resulting codons. 
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The template plasmids for saturation mutagenesis were prepared by subcloning from 
previously prepared plasmids.  The plasmid pDMS1a-ScODC was generated by NdeI and 
BamHI digestion of pScODC-15b and an empty pDMS1a plasmid prior to gel purification and 
ligation as described in Section 2.4.3.2.  Similarly, the plasmid pKTS-hEcCM (21) was used as a 
source of empty plasmid for ligation to create pKTS-ScODC and pKTS-MtODC after double 
restriction digest and gel purification.  Before this could be done, I used primers pKTSBamHI, 
pKTSScSTOP, and pKTSMtSTOP (see Appendix A for primer sequences) to mutate the XhoI 
restriction site in the multiple cloning site of pKTS to BamHI and to mutate the stop codon 
immediately following the pyrF gene of pKTS-ScODC and pKTS-MtODC to a Gly codon, 
“GGC.”  Stop codon removal was necessary, as the SsrA degradation tag would not be 
transcribed with the library genes otherwise.  The final pKTS constructs produced library 
proteins with a C-terminal GlyGlySer followed by the 11 residue SsrA degradation tag; the tag 
was included in an attempt to better control the intracellular concentration of OMPDC. 
 
The “first” reaction of the overlap extension protocol for saturation mutagenesis included: 5 
μL of 10 x Taq PCR buffer (Invitrogen), 4 μL of 50 mM MgCl2, 2 μL of 20mM dNTP’s 
(Invitrogen), 2 μL of randomized mutagenesis primer, 30 picomoles of “outside” primer, 30 ng 
of template plasmid, 1 unit of Taq DNA polymerase (Invitrogen), 0.5 units of Pfu DNA 
polymerase (Stratagene), and distilled water to 50 μL.  The thermocycler parameters were the 
same as the normal overlap extension, “first” reaction parameters (Section 2.4.3.2). 
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After gel purification of the gene fragment libraries, the “second” reactions were set up as 
follows: 5 μL of 10 x Taq PCR buffer (Invitrogen), 4 μL of 50 mM MgCl2, 2 μL of 20 mM 
dNTP’s (Invitrogen), 30 picomoles of each of the two “outside” primers, 5 μL of each of the 
“first” reaction gene fragments, 1 unit of Taq DNA polymerase (Invitrogen), 0.5 units of Pfu 
DNA polymerase (Stratagene), and distilled water to 50 μL.  It was useful to take note of the 
qualitative amount of “first” reaction PCR product as seen in the agarose gel before extraction.  
This is because retrying the “second” reaction with an additional 5 to 10 μL of the more dilute 
“first” reaction often succeeds where the “second” reaction had otherwise failed. 
 
The randomized pool of PCR products containing whole genes was then restriction digested 
and ligated into a restriction digested and dephosphorylated plasmid as discussed in Section 
2.4.3.2.  The 20 μL ligation reaction was then butanol-precipitated in order to reduce the amount 
of salt from the ligation buffer and to concentrate the ligation product.  This was carried out by 
adding 50 μL of distilled water and 500 μL of n-butanol.  The Eppendorf tube was vortexed on 
high for 10 min followed by 10 min centrifugation on high.  A small white pellet was often 
visible at the bottom of the Eppendorf tube.  The supernatant was removed by pipetting, and the 
pellet was further dried for 10 min in a “SpeedVac.”  Each ligation was then dissolved in 4 μL of 
distilled water with vortexing and electroporated 2 μL at a time into 60 μL of XL1 Blue 
electocompetent cells.  The competent cells must be completely free of contaminating antibiotic 
resistance as judged by negative controls.  After applying 1.8 V to the electroporation cuvette, 
the cells from each electroporation were moved to an Eppendorf tube with 200 μL LB broth and 
gentle vortexing.  On antibiotic medium, a 10 μL aliquot and the remaining ca. 240 μL were 
plated separately.  A 50 μL volume of LB broth was often added to the 10 μL plate prior to 
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inoculation to facilitate spreading.  After overnight growth at 37 °C, the colonies on the 10 μL 
plated were counted, and the number of transformants on the 240 μL plate were then estimated; 
usually the 240 μL plate was far too dense to count colonies.  Using a Pasture pipette that had 
been bent twice to form the shape of a Times New Roman “L” using a Bunsen burner flame, the 
cell library from the 240 μL plate were scraped and resuspended with the aid of ca. 1.5 mL LB 
broth.  After all of the cell paste was moved by pipette to an Eppendorf tube, the cells were 
pelleted by centrifugation, and a QIAgen miniprep kit was used for plasmid purification.  Each 
plasmid preparation was submitted for sequencing individually, and after it was verified that the 
target codon or codons were converted to a random pool of NNS (Figure 3.19), the DNA 
samples were pooled together.  This procedure was completed once the library size reached the 
calculated number needed for 95 % confidence of complete library population.  For a single 
codon randomization, this number was 206 colonies or library members to ensure that all 32 
variants (from the halved codon table) were represented.  For a combination of two or three 
codon randomizations, the library sizes needed were 10,140 and 438,000 for complete coverage 
of all 1,024 and 32,768 variants, respectively.  These calculations were made using the following 
website:http://guinevere.otago.ac.nz/aef/STATS/index.htmlhttp://guinevere.otago.ac.nz/aef/STA
TS/index.html.  Library sizes were in excess of the minimum values above. 
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Figure 3.19 Sequencing chromatogram from the pKTS-MtODC-K72X library following plasmid 
purification and prior to electroporation into BW25113 (ΔpyrF) for selections.  All four 
nucleotides are present in the first two positions; whereas, only “G” and “C” are present in the 
wobble position. 
 
Once library quantities were sufficient and the NNS codons were confirmed, library plasmid 
was transformed into electrocompentent BW25113 (ΔpyrF) in a similar manner to the XL1 
(Blue) transformations; dilutions of the electroporated cells were plated for colony counting.  
However, the bulk of the knockout cell library was inoculated into liquid LB medium containing 
50 μg/mL kanamycin and 25 μg/mL Timentin (ampicillin substitute).  If a sufficient population 
of transformants were estimated from the dilution plate, 1 mL of the liquid library culture was 
stored at -80 °C in a final concentration of 30 % glycerol for storage.  The remaining culture was 
immediately used for selections.  Because 1 mL of overnight E. coli growth represents 10
8
 or 
more cells, the whole library was represented.  Before any transfer of the library cells, gentle 
vortexing was performed to insure there was a homogenous mixture.   
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3.3.2.2  pDMS1a selection scheme 
Initially, libraries of ScOMPDC were prepared using a common vector in the lab, pDMS1a, 
which does not add an affinity-tag to the translated product.  pDMS1a is a daughter plasmid to 
pKK223-3 after NdeI, BamHI, and XhoI were introduced into its multiple cloning site by Dawn 
Schmidt, a previous graduate student in this laboratory.  One advantage to using this plasmid was 
that, unlike the complicated expression system described in Section 3.2.2.2, pDMS1a does not 
require an auxiliary plasmid, as it uses a pTac promoter which is recognized by the endogenous 
E. coli RNA polymerase.  However, pDMS1a is also a high copy number plasmid; it contains the 
pBR322 origin of replication.  The libraries constructed in pDMS1a included: K93X, 
D91X/D96X, D91X/K93X/D96X, S154X, Q215X, and S154X/Q215X. 
 
One uncontrolled variable in selections of OMPDC libraries contained in pDMS1a was the 
expression level.  Because pDMS1a uses the pBR322 origin of replication, there were hundreds 
of copies of each gene in each cell during selection.  Although expression was entirely due to 
leaky transcription from the tacI promoter in the absence of inducing agents, it is possible that 
the high gene dosage could have lowered the stringency of the selection conditions.  For 
example, if the threshold for growth without uracil was hypothetically the leaky expression from 
5 copies of wild type OMPDC, then a mutant with 100-fold reduced catalytic efficiency would 
have the same phenotype as wild type at a copy number of 500.  Furthermore, there was only one 
copy of the lacI gene, and this copy was not the highly expressed lacI
q
 but the endogenous E. 
coli chromosomal copy.  Therefore, the “leaky” expression of the library might have been high, 
as the number of library member genes might have outnumbered the intracellular LacI repressor 
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protein.  To correct for this, Dr. Cronan here at Illinois supplied a plasmid, pMS421 (22), 
carrying an additional copy of the lacI gene, lacI
q
, to be used concomitantly with pDMS1a 
library plasmids during selections.   
 
 
Figure 3.20 Example growth curve of pMS421/ BW25113 (ΔpyrF) containing pDMS1a-ScODC 
libraries in M9 minimal medium supplemented with 5 μg/mL uracil (except for the negative 
control, “KO-,” which was grown on M9 without any uracil).  The samples labeled “2” in the 
legend designate duplicates. 
 
After growing library inocula under uracil limiting conditions at 37 °C for 8 hrs (Figure 
3.20), serial dilutions were made in M9 minimal medium.  The 10
-3
- and 10
-4
- fold dilutions were 
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plated on both selective and nonselective media as mentioned above.  The optimum condition for 
selection plates was 100 μg/mL ampicillin, 50 μg/mL spectinomycin, and M9 minimal medium 
(Section 3.2.2.2) in 15 g/L Bacto agar (Difco).  After monitoring selection plates by taking daily 
pictures of each plate and recording which colony first appeared when, a select number of single 
colonies were isolated.  The number of colonies found after ca. 4 nights on M9 minimal medium 
at 37 °C in a hydrated chamber compared to overnight colony formation on LB at 37 °C allowed 
for an estimate of the  percentage of library members with OMP decarboxylation activity. 
 
3.3.2.3  pKTS selection scheme 
A very similar selection to the pDMS1a, high copy number selection was attempted using a 
plasmid generated in Don Hilvert’s Laboratory, pKTS, in which the intracellular enzyme 
concentration was more tightly regulated (21).  Although this is also a high copy number plasmid 
(it has a pUC19 origin of replication), the combination of tight control of transcription and 
continuous protein degradation maintains a small concentration of intracellular library enzymes 
during selection (Figure 3.21).  Transcription is repressed by the tetracycline repressor, TetR, 
which releases the Ptet promoter upon binding tetracycline; because the tetR gene is encoded in 
the plasmid, pKTS, there should always be enough repressor for each copy of the library 
members’ genes.  Furthermore, the endogenous ClpXP protease continuously degrades protein 
expressed with an SsrA degradation tag found at the C-termini of all the pKTS-ScODC and 
pKTS-MtODC library members.  The effect of lowering intracellular OMPDC concentration is 
to make the selective pressure more strict; that is, the minimal activity for complementing 
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BW25113 (ΔpyrF) in the pKTS selection scheme should be much higher than in the pDMS1a 
selection scheme. 
 
 
Figure 3.21 Selection scheme for pKTS-ODC in BW25113 (ΔpyrF).  The library is expressed 
with an ssrA protein degradation tag targeted by the protease, ClpXP.  Also, expression of the 
library is under tight control by the tetracycline repressor, TetR, and the PtetA operator.  Addition 
of tetracycline derepresses the library and allows complementation by active library members. 
 
The libraries generated using pKTS-ScODC as a template were: K93X, D91X/D96X, 
D91X/K93X/D96X, S154X, Q215X, S154X/Q215X, V204X, and I231X/V233X.  The libraries 
created from pKTS-MtODC included: K72X, D70X/D75X, K72X/D75X, S127X, Q185X, 
S127X/Q185X, V182X, I199X/V201X, and V182X/I199X/V201X.  The first technical issue 
addressed after constructing the template plasmids for library generation was the determination 
of the optimum concentration of tetracycline in the minimal medium for induction of library 
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expression.  The pKTS/ BW25113 (ΔpyrF) strain lacked a tetracycline resistance gene; 
therefore, a tetracycline concentration needed to be carefully determined which would provide 
induction from pKTS-ScODC and pKTS-MtODC but would not be toxic to the cells.  As shown 
in Figure 3.22, tetracycline was toxic to the knock strain at ≤ 300 ng/mL; growth is retarded 
relative to a lower level of OMPDC induction (200 ng/mL tetracycline) under selective 
conditions.  Therefore, the optimum tetracycline concentration to be used was between 100 and 
200 ng/mL.  Growth in Figure 3.22 after ca. 60 hrs may be due to tetracycline degradation in the 
medium.  The same growth curve was made for pKTS-MtODC in the knockout; the results were 
similar and will be discussed later. 
 
 
Figure 3.22 Example growth curve of pKTS-ScODC containing libraries of BW25113 (ΔpyrF) 
in M9 minimal medium with varying amounts of tetracycline.  The top two samples, “KO” and 
“2 μg/mL tet + Uracil,” designate the knockout strain without plasmid, pKTS-ScODC.  All of the 
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other samples are identical except for the varying amount of tetracycline induction of 
degredation-tagged ScODC expression. 
 
In the previous selection system, I prepared the inocula for selection plates by growing 
libraries in liquid M9 minimal medium with growth limiting concentrations of uracil to produce 
uracil free cell library suspensions.  This procedure was found to be unnecessary for these 
selections because the knockout strain carrying empty vector, pKTS, grown to an OD600 of 0.5 in 
rich medium, LB, did not produce colonies on selective conditions if serial dilutions were made 
in M9 minimal medium.  That is, uracil was sufficiently diluted before plating through serial 
dilution of the cells.  However, the library preparation prior to selection did require special 
antibiotic conditions.  Wild type OMPDC controls in pKTS often had much reduced viable cell 
count when plated on Amp containing plates.  When a mixture of ticarcillin and clavulanate 
(Timentin) or amoxicillin and clavulanate (Augmentin) was used instead of Amp, the viable cell 
count of controls appeared to be more reproducible.  Therefore, libraries were grown in 25 
μg/mL Timentin, 50 μg/mL kanamycin, and LB broth prior to serial dilutions for selections.  The 
cause of this reduced viability will be discussed later. 
 
Furthermore, plates for selections of libraries from either ScOMPDC or MtOMPDC in pKTS 
were prepared with 100 ng/mL uracil in order to allow metabolism in library cells to be “kick-
started” before the full selective pressure was “felt.”  The absence of this small amount of uracil 
resulted in incomplete growth of wild type positive control strains; that is, smaller numbers of 
pKTS-MtODC or pKTS-ScODC containing knockout cells were found on selective medium than 
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rich medium.  The optimum condition for selection plates was 100 ng/mL tetracycline, 100 
ng/mL uracil, 100 μg/mL Amp, 50 μg/mL kanamycin, and M9 minimal medium (Section 
3.2.2.2) in 15 g/L Bacto agar (Difco).   
 
Additionally, the incubation time useful for selection was found to be limited by the amount 
of time necessary for uracil to build-up in the agar surrounding complementing library members.  
The active library members could produce sufficient UMP to be excreted into the surrounding 
media.  After sufficient time, the concentrations in the plate could allow growth of proximal non-
complementing library members.  This amount of time was determined by repeating the uracil 
crossfeeding experiment used in the previous selection.  It was found that, after ca. 96 hrs on 
selective media, the knockout strain containing only empty vector will grow when plated within 
ca. 1 cm of a knockout colony containing wild type OMPDC in pKTS (Figure 3.23).  Therefore, 
4 days of selection is the longest that could be used. 
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Figure 3.23 Cross-feeding experiment with pKTS/ BW25113 (ΔpyrF) and pKTS-MtODC/ 
BW25113 (ΔpyrF).  Both showing the same streak-plate, Panels A and B show colony formation 
after 4 night and 5 nights in an hydrated chamber at 37 C, respectively.  The left side of the plate 
contains empty vector while the right side contains wild type OMPDC. 
 
3.3.3 Results and discussion:  
3.3.3.1  Selection at high gene copy number 
Before discovering the need for an additional copy of the lacI gene, selections of ScOMPDC 
libraries were carried-out in BW25113 (ΔpyrF) without pMS421 with many of the libraries.  The 
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results of these initial selections were similar to the results for the pMS421 containing selections 
(tighter control of library expression) except for a few logical differences.  Before use of 
pMS421, the percent of the S154X and D91X/D96X library members which grew on selective 
medium were 67 % and 4 % while wild type should constitute 9.4 % and 0.1 % of these libraries, 
respectively.  After introduction of pMS421 to the selections, the complementation frequency 
was reduced to 35 % and 0.1 % for the S154X and D91X/D96X libraries, respectively.  This is 
proof of the principle that the higher library expression in the absence of an additional lacI gene 
allowed mutants with poor activity to complement the knockout strain due to the relatively low 
level of activity necessary for growth (or equivalently the very high levels of library expression).  
Furthermore, without the use of the pMS421 plasmid, the Q215X library (constructed three 
different times) consistently showed a reduced viability when transformed into the knockout 
strain.  This viability was recovered in the presence of pMS421 suggesting that many of the 
members of the Q215X library were toxic to E. coli at high expression levels. 
 
Unfortunately, one result that was consistent with or without the presence of pMS421 was 
the observation of K93R among the viable K93X library members.  K93R prepared separately by 
site-directed mutagenesis (Table 3.1) showed no OMP decarboxylation activity.  This gene was 
found in 33% of the complementing clones from selection of the K93X library; whereas, the total 
number of complementing library members matched the percent of the K93X library predicted to 
be wild type.  In other words, if K93R were active for OMP decarboxylation, 12.5 % of the 
K93X library should have complemented the knockout strain.  This complementation frequency 
was not affected by the introduction of pMS421, consistent with the notion that none of the 19 
other canonical amino acids can substitute at the K93 position.  Also, only the codons AAG 
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(Lys) and AGG (Arg) were found from pDMS1a K93X library selections suggesting that the Arg 
codon was produced by spontaneous mutation. 
 
 
Figure 3.24 Sequencing chromatogram of two clones from the K93X library which 
complemented BW25113 (ΔpyrF).  Panel A shows a wild type library member; while, Panel B 
shows K93R from a selection plate. 
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Plasmid isolated from a “K93R” selection clone resulted in enzyme with a KM similar to 
ScOMPDC but with a much reduced kcat.  This kinetic result was consistent with contamination 
of catalytically inactive K93R protein with a small amount of ScOMPDC.  Also, this result 
supports the hypothesis that a third of the wild type bearing library members accumulated the 
point mutation changing the Lys93 codon from “AAG” to “AGG” but incompletely removed the 
original “AAG” containing plasmid.  In Figure 3.24 Panel B, the sequencing results for plasmid 
purified from cultured selection colonies show an oddly reduced population “G” at the middle 
nucleotide of the 93
rd
 codon.  This may be evidence of contaminating plasmids such as wild type 
shown in Figure 3.24 Panel A.  It is possible that the selection accumulated an inactivating 
mutation in the library members with OMP decarboxylase activity due to toxicity of pDMS1a-
ScODC in E. coli.  However, it is not clear why Arg was the only mutation found; the following 
substitutions would require only one base pair change: Arg, Thr, Met, Glu, Gln, and a stop 
codon.  All of these substitutions would yield enzyme with severely reduced activity.  It may be 
possible that these other mutations produced protein that was yet more toxic due to folding 
problems. 
 
 
 
 
 
 
188 
 
 
Library 
complementation 
frequency 
Percent of library 
that is predicted to 
be wild type 
K93X 2 % 3.1 % 
D91X/D96X 0.1 % 0.1 % 
S154X 35 % 9.4 % 
Q215X 67 % 3.1 % 
S154X/Q215X 19 % 0.3 % 
 
Table 3.2 The complementation frequencies of libraries in pDMS1a after selection on M9 
minimal medium.  Complementation frequency was the percent of the total number of cells (as 
judged on nonselective medium) that produced colonies on selective medium. 
 
The results from selections containing pMS421 are shown in Table 3.2.  The similarity in 
complementation frequency of the entire library and the predicted percent of wild type among 
the library members suggested that none of the other canonical amino acids can substitute for the 
catalytic triad residues.  The larger library, D91X/K93X/D96X, was not subjected to selections.  
The relatively large complementation frequency of the S154X library, 35 %, relative to the 9.4 % 
predicted to be wild type, suggests that at least a couple residues other than Ser can substitute at 
this position.  Similarly, the 67 % complementation frequency of the Q215X library far exceeds 
the 3.1 % predicted to be wild type; most amino acids can seemingly substitute at this position 
and retain activity.  The combination of these last two positions, S154X and Q215X, into a 
combinatorial library produced even greater diversity of active mutants.  For S154X/Q215X, 19 
% of the library showed activity even though wild type comprised only 0.3 % of the library.  
Table 3.3 shows the results from sequencing plasmid isolated from a small subset of these 
complementing strains.  This was a very small sample size compared to the thousands of 
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colonies plated and the hundreds of selection colonies that grew; however, two useful pieces of 
information came from these results.  First, many true Q215X library members had OMP 
decarboxylase activity because many were found to be multiple base pairs removed from wild 
type.  In other words, it is more likely that Q215S, Q215I, Q215G, Q215A, and Q215P were 
library members that complemented the knockout strain than that these mutations arose from 
wild type during the selection.  Second, most of the complementing mutants found at positions 
other than Q215 were only one base pair removed from wild type, so it is likely that the 
spontaneous mutation found in the K93X library, i.e. K93R, also occurred in the other libraries.  
Based on this observation, it was concluded that screening the ca. 500,000 member 
D91X/K93X/D96X library would not be useful because there was no obvious means of 
differentiating true library members from spontaneous mutations. 
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Library 
Complementin
g gene 
Number of 
mutations removed 
from wild type (bp) 
Incubation time 
for colony 
formation (days) 
K93X wt 0 2 
 K93R 1 3 
 K93R 1 3 
 K93R 1 4 
 K93R 1 4 
 K93R 1 4 
D91X/D96X WT 0 4 
S154X WT 0 2 
 S154P 1 2 
 S154T 1 2 
 S154N 1 3 
 S154A 1 3 
 WT 0 4 
 S154T 1 4 
 S154R 1 4 
Q215X Q215S 2 2 
 Q215S 2 2 
 Q215S 3 2 
 Q215I 3 3 
 Q215G 2 3 
 Q215P 2 4 
S154X/Q215X Q215H 1 2 
 Q215G 3 2 
 Q215A 3 3 
 S154C/Q215Y 1/ 1 4 
 
Table 3.3 Results from sequencing analysis of plasmid purified from a small subset of the library 
members which produced colonies on selective medium.  The number of days required to form a 
colony was used as an estimate of relative activity; however, this metric did not always correlate 
with known catalytic efficiencies. 
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3.3.3.2  Selection under tight control of intracellular enzyme concentration 
The ability to control the selective pressure in the pKTS selection system using Hilvert’s 
engineered vector was exemplified by the differentiation of pKTS-ScODC-S154A and pKTS-
ScODC-Q215A by the tetracycline concentrations which allowed for their complementation of 
BW25113 (ΔpyrF) (Figure 3.25).  The catalytic efficiencies of these two mutants as discussed 
above ranged from 4.2 x 10
5
 M
-1
s
-1
 for Q215A to 630 M
-1
s
-1
 for S154A.  For pKTS-ScODC-
S154A in the knockout, growth was not seen until after 120 hrs in minimal medium, and this was 
only seen for tetracycline concentrations ≥ 200 ng/mL.  For pKTS-ScODC-Q215A in the 
knockout, growth was observed after 22 hrs in minimal medium with as little as 100 ng/mL 
tetracycline.  Given that higher tetracycline concentrations provide elevated intracellular enzyme 
concentrations, the slower growth at higher tetracycline concentrations of pKTS-ScODC-S154A 
shows that enzymes with a kcat/KM of ca. 10
3
 M
-1
s
-1
 should appear much later on selection plates 
with 100 ng/mL tetracycline than enzymes with kcat/KM of near wild type, 10
5
 – 106 M-1s-1.   
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Figure 3.25 Growth curves of BW25113 (ΔpyrF) containing pKTS-ScODC-Q215A (Panel A) or 
pKTS-ScODC-S154A (Panel B) with varying concentrations of tetracycline (ng/mL) and in the 
presence or absence of 10 ug/mL uracil.   
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However, the results obtained from this more complicated selection system were yet more 
complicated than the pDMS1a selection system.  Though conditions for preparing and screening 
libraries on selective media were extensively optimized, many of the same problems from the 
previous selection system were retained.  The sequencing results from many of the 
complementing library members across all libraries showed an “A” or a “T” in the wobble or “S” 
position of the NNS codon.  Furthermore, sequencing reactions from many of the isolated 
colonies from selection plates showed evidence for their being multiple copies of the same 
plasmid containing many different spontaneous mutations.  In some cases, these mutations 
occurred in a stretch of about 20 nucleotides within the pyrF gene (Figure 3.26).  These results 
all suggested that mutations were occurring to the library plasmids during selections. 
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Figure 3.26 Sequencing results from two members of the MtODC D70X/D75X library in pKTS 
that were found to complement the uracil auxotroph, BW25113 (ΔpyrF).  The circled codons are 
the X70 and X75 positions.  Multiple substitutions can be seen for positions including and 
surrounding these two targeted codons.  The rest of the pyrF gene displays only single 
nucleotides for each position, so these multiple peaks are likely not due to an errors in the 
sequencing PCR reaction. 
 
In addition, most of the plasmid isolated from complementing library members showed extra 
mutations outside of the region targeted by mutagenesis primers.  Also, the SsrA degradation tag 
had been eliminated from the transcript or the pyrF gene was removed from the plasmid entirely 
in approximately 40 % of the plasmid purified from pKTS selection colonies (Figure 3.27).  
This result was found under any procedure for inoculum preparation and selection.   
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Figure 3.27 Some of the pKTS-MtODC library members were found to no longer carry the pyrF 
gene due to a truncation of the plasmid.  The deleted sequence is indicated in the cartoon by the 
purple arrows. 
 
In a minority of cases, library members were recovered from selection with an intact ssrA tag 
and no gene truncations or additional mutations.  Among these were Q185A for MtOMPDC and 
Q215A, Q215P, Q215T, and Q215S for ScOMPDC.  Despite the complications discussed above, 
the complementation frequencies for each of the libraries screened were carefully recorded.  The 
following libraries showed complementation frequencies matching the predicted frequency of 
wild type: K93X, V204X, and I231X/V233X for pKTS-ScODC and K72X, Q185X, and 
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K72X/D75X for pKTS-MtODC.  Additionally, the following libraries showed complementation 
frequencies which exceeded the predicted population of wild type: S154X (18% vs 9.4% wt), 
Q215X (4.8% vs 3.1% wt), S154X/Q215X (1.4% vs 0.3% wt), and D91X/D95X (6.9% vs 0.1% 
wt) for pKTS-ScODC and S127X (19.9% vs 9.4% wt) and S127X/Q185X (3.1% vs 0.3%) for 
pKTS-MtODC.  However, given the high frequency of genetic alterations found in the isolated 
plasmids, the library complementation frequencies recorded here were of limited reliability for 
drawing conclusions.  It is also concerning that the Q215 complementation frequency was lower 
than that of S154X for the pKTS selection system; even though, the results from the pDMS1a 
selection system showed much higher complementation among the Q215X library than the 
S154X library.  These conflicting results, along with the numerous, insurmountable genetic 
difficulties which arose during the selection, led me to terminate investigation of structure/ 
function relationships in OMPDC via protein engineering methods. 
 
● ● ● 
 
3.4 Conclusions: what makes a good model enzyme? 
The role of many residues encoded in the ScOMPDC gene has been illuminated through the 
use of such diverse methods as bioinformatics, mutagenesis, and enzyme assays.  Several 
interacting residues remote from the active site have been implicated in assisting conformational 
changes which promote an active enzyme-substrate complex, e.g., the hydrophobic cluster and 
the hydrogen bonds to the amide backbones of the loop following the 5
th
 β-strand.  Sequence 
conservation and effects on in vivo complementation and in vitro enzyme assays from site-
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directed mutagenesis show that these residues play a functional role in enzyme catalysis.  The 
nature of that functional role is largely inferred by the positioning of these residues in the 
enzyme’s structure as well as by the effects of these mutations on the values of kcat and KM.  
Furthermore, other hypothesized interactions have been tested and found to be of limited 
importance, e.g., the interdomain interaction involving Q216 and the dimer interface residues 
R92 and N99.  These residues showed little or no effect upon alanine-scanning mutagenesis. 
 
With this detailed analysis of structure/function relationships in the ScOMPDC model, it 
would be beneficial to compare the effects of analogous mutations on model enzymes from a 
different OMPDC subfamily.  The paucity of crystal structures attained for mutants of 
ScOMPDC combined with the odd D91N co-crystal structure with up-side-down 6-azaUMP cast 
doubt on conclusions drawn from this model alone.  Therefore, the best model enzyme would 
actually be a collection of enzymes representing the breadth of sequences that are known to have 
the same function.  The next chapter will discuss experiments with MtOMPDC in order to 
further substantiate the proposed structure/function relationships from this section.   
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CHAPTER 4 
 
4 The importance of protein dynamics to OMPDC catalysis 
To further my investigation of structure/function relationships in OMPDC and the structural 
origins of conformational changes during the OMPDC-catalyzed reaction, I performed 
mutagenesis experiments targeting a different model, MtOMPDC.  Unlike ScOMPDC, other labs 
had successfully structurally characterized many mutants of MtOMPDC (see Appendix C) 
which suggested that MtOMPDC would be tractable to routine mutant structure determination.  
Following the many unsuccessful crystallization attempts of ScOMPDC mutants as well as the 
troubling D91N co-crystal structure with the “up-side-down” 6-azaUMP, we based 
structure/function conclusions on both kinetics from enzyme assays and enzyme structures from 
X-ray crystallography.   
 
In the previous chapter, structure/function relationships in ScOMPDC were investigated to 
test hypotheses generated from analyses of both sequence and structural conservation.  We 
judged many residues remote from the active site to contribute to catalysis based on the effects of 
site-directed mutation.  However, the results did not show all of the hypothesized residues to be 
important.  For example, the lack of mutational impact provided evidence that residues forming 
ionic or hydrogen bonding interactions near the surface of the protein were not functionally 
important.  In this chapter, I used similar methods of comparing sequences of multiple orthologs 
and comparing structures with various ligands to target potentially important residues in 
MtOMPDC.  Unlike the investigation of ScOMPDC, “remote” residues were the sole focus of 
201 
 
my studies of MtOMPDC.  The goal of this work was to identify structures which serve 
important roles in controlling enzyme conformational changes with the assumption that these 
conformational changes are in general integral to the mechanism of enzyme catalysis (1-4). 
 
4.1 Probing the importance of a hydrophobic cluster proximal to the phosphate binding 
pocket: 
The results from site-directed mutagenesis of ScOMPDC suggested an important role in 
catalysis for the hydrophobic cluster composed of V204 from the active site loop as well as I231 
and V233.  I231 and V233 are remote from the active site yet close to the active site residues 
responsible for binding the phosphodianion substituent of the substrate.  In MtOMPDC the 
analogous residues are V182 (V204), I199 (I231), and V201 (V233).  The position of the 
hydrophobic cluster created by these residues, along with a fourth residue, I218, suggested a 
functional role, stabilization of the closed conformation of the active site loop via the anchoring 
of V182 (Figure 4.1).  Additionally, we hypothesized that the close proximity of this 
hydrophobic cluster to the phosphodianion binding residues could allow coupling of substrate 
binding to conformational changes.  Though the mechanism of the hydrophobic cluster-
facilitated energetic coupling of substrate binding to conformational change was not obvious, the 
possibility was sufficiently intriguing to experimentally test by mutagenesis and enzyme assays. 
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Figure 4.1 Image of a co-crystal structure of MtOMPDC and 6-azaUMP (3g1a (5) [1.50 Å 
resolution]).  Panel A shows an image of the enzyme tilted so that the hydrophobic cluster 
residues are visible.  Panel B shows the normal TIM-barrel fold view of the same crystal 
structure.  The “mobile domain” as proposed by Larsen, et al., is colored in cyan. 
203 
 
Because both phosphate binding and a conformation change occur during the open-to-closed 
transition, we made the hypothesis that each is energetically coupled to the other.  The structural 
superposition in Figure 4.2 of apo and 6-azaUMP co-crystallized MtOMPDC shows the 
conformational change proposed to occur between open/apo enzyme and closed/liganded 
enzyme.  I used the domains proposed by Larsen et al. (6), to create the structural superposition; 
the “mobile” domains were omitted from the alignment.  The “core” domain appears to remain 
rigid; the “mobile” domain containing the hydrophobic cluster moves ca. 1 – 2.5 Å.  Figure 4.2 
also illustrates the change in position of the hydrophobic cluster residues upon substrate binding.  
The backbone α-carbons’ movement specifically in the hydrophobic cluster is as follows: I199 
moves 0.8 Å, V201 moves 1.1 Å, and I218 moves 1.6 Å.  Of course, V182 moves a much farther 
distance, but its position is not defined in the “open” conformation.  Our model of the open-to-
closed transition hypothesizes that the “mobile” domain moves toward the active site upon 
ligand binding, and this movement also repositions the hydrophobic cluster residues I199, V201, 
and I218 to best interact with V182 when the active site loop closes.  However, the images in 
Figure 4.2 provide little information about the causal relationships among the phosphodianion 
interactions, the interactions of V182 with the rest of the hydrophobic cluster, and the 
conformational change of the entire “mobile” domain.    Also, we partially based our hypothesis 
that conformational change is functionally important on the assumption that these two crystal 
structures accurately represent the most populated conformation of free enzyme and the 
conformation of the enzyme when substrate or intermediate is bound.  A new type of enzyme 
assay, a two-part substrate assay, was necessary to quantify the effects of site-directed mutants 
from the hydrophobic cluster on the phosphodianion binding energy to test the amount of 
energetic coupling between these events. 
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Figure 4.2 Image of a structural superposition of two crystal structures, the co-crystal structure of 
MtOMPDC and 6-azaUMP (3g1a (5) - cornflower blue and cyan [1.50 Å resolution]) and the 
apo MtOMPDC crystal structure (3g18 (5) - magenta and plum [1.60 Å resolution]).  The 
“mobile” domains are colored cyan and plum for the co-crystal structure and the apo structure, 
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respectively.  Panel A shows an image of the enzyme tilted so that the hydrophobic cluster 
residues are visible.  Panel B shows the normal view of the TIM-barrel fold of the same 
alignment.   
 
4.1.1 Structure/function clues from analyses of sequence and structure: 
Before undertaking experiments to mutate each hydrophobic residue to a number of different 
sizes and chemical functionalities, it was useful to analyze the sequences of the vast number of 
active “mutants” accumulated by Nature.  Analogous to the sequence analysis from Section 3.1, 
I compared crystal structures of enzymes from each subgroup in order to better determine where 
in the primary structure each hydrophobic cluster residue lies (Figure 4.3).  The hydrophobic 
residues corresponding to the hydrophobic clusters of MtOMPDC and ScOMPDC were found in 
all crystal structures (Appendix C).  The three-dimension position of the hydrophobic clusters 
from each enzyme overlapped well, making the identification of analogous residues in orthologs 
with ca. 15 % sequence identity straightforward.  Then, I used multiple sequence alignments to 
identify and catalog the residues found at each of the four hydrophobic cluster positions across 
all OMPDC’s.  Figures 4.4 – 4.7 show the residues found for positions 182, 199, 201, and 218 
(MtOMPDC numbering), respectively, as a percentage of each subfamily.  Overall, at position 
182 Ile was found in 56 % of the enzymes, Val in 35 %, and Tyr in 6 %.  At position 199, the 
most common residues were Ile (45 %), Leu (27%), and Val (14 %).  And at position 201, the 
most common residues were Val (50 %), Ile (27 %), and Ser (16 %).  The fourth position, 218, is 
less well conserved across subfamilies; most of the bacterial 2 enzymes are missing the end of 
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the α-helix following the 8th β-strand which contributes I218 in MtOMPDC.  However, Ile is 
found in 42 % of OMPDC’s at position 218 followed by Tyr (18 %) and Val (8 %). 
 
 
Figure 4.3 Images showing the structurally conserved hydrophobic cluster in crystal structures of 
(A) MtOMPDC (1lor(7) - firebrick red [1.60 Å resolution]), (B) ScOMPDC (1dqx(8) - golden 
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rod [2.40 Å resolution]), (C) EcOMPDC (1eix(9) - forest green [2.50 Å resolution]), and (D) 
Plasmodium vivax OMPDC (2guu - dim grey [1.86 Å resolution]). 
 
 
Figure 4.4 Bar graph displaying the residues found at position 182 (MtOMPDC numbering) for 
each OMPDC represented as a percentage of each subfamily. 
208 
 
 
Figure 4.5 Bar graph displaying the residues found at position 199 (MtOMPDC numbering) for 
each OMPDC represented as a percentage of each subfamily. 
 
Figure 4.6 Bar graph displaying the residues found at position 201 (MtOMPDC numbering) for 
each OMPDC represented as a percentage of each subfamily. 
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Figure 4.7 Bar graph displaying the residues found at position 218 (MtOMPDC numbering) for 
each OMPDC represented as a percentage of each subfamily. 
 
The identities of these residues were used to roughly quantify the hydrophobicity and volume 
of the hydrophobic clusters among the three subfamilies which have retained all four residues, 
archaeal, eukaryotic, and bacterial 1.  Using the published hydrophobicity of each residue as a 
free amino acid (10), I calculated that the average hydrophobicity of all clusters is 9.8 ± 1.2 
kcal/mol.  Analogously, the average volume of each cluster was calculated to be 398 ± 27 Å
3
 
based on the published volumes of each free amino acid (11).  Put another way, the percent 
deviation in Nature’s conservation of the clusters’ volume is 7 %; the percent deviation in 
volume among all amino acids is 29 %.  Also, conservation of hydrophobicity has 12 % 
deviation among the clusters while random chance would produce 41 % deviation.  I believe that 
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this indicates that the hydrophobicity and size of these clusters are under selective pressure in 
Nature. 
 
4.1.2 Methods: 
4.1.2.1  Site-directed mutagenesis: 
The method used for constructing site-directed mutations in MtOMPDC, overlap extension, 
was described previously in this work (Section 2.4.3.2).   
 
4.1.2.2  Mutant OMPDC purification: 
The method used for expressing and purifying MtOMPDC and its mutants was detailed 
earlier in this work (Section 2.4.3.3). 
 
4.1.2.3  OMP decarboxylation assays: 
The procedure for characterizing the OMP decarboxylation kinetics of ScOMPDC site-
directed mutants matched the procedure of Section 2.1.3. 
 
4.1.2.4  EO decarboxylation assays: 
Assays of wild type MtOMPDC and its mutants for decarboxylation of the truncated 
substrate 1-(β-D-erythrofuranosyl)orotic acid (EO) (see Figure 4.8) were carried out as 
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described in (12) with slight modifications.  Before each assay, enzyme was dialyzed 
exhaustively into 50 mM MOPS, pH 7.0, I = 0.179 (NaCl) at 4 °C.  EO concentrations were 
determined on a Perkin Elmer Lambda 25 UV/Vis spectrophotometer in 0.1 M HCl  at 267 nm 
using the extinction coefficient 9570 M
-1
cm
-1
 (13).  Stock solutions of EO (201 mM), NaCl (280 
mM, I = 0.28), MOPS, pH 7.0 (50 mM, I = 0.179), and enzyme (I = 0.179) were mixed together 
to make the final assay conditions: 25 mM MOPS, pH 7.0, 5 or 10 mM EO, 250 – 880 μM 
enzyme, ultrapure water, and NaCl to a final ionic strength of 0.14 in 200 μL.  The reaction was 
initiated with enzyme and incubated in a water bath calibrated to 25 °C. 
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Figure 4.8 Diagrams showing the differences between the three different assays, OMP, two-part 
substrate, and EO decarboxylation.  The second-order kinetic constants for each reaction 
catalyzed by MtOMPDC are also given (14, 15).  A KD of 100 mM is assumed for phosphite in 
order to calculate kcat/KM for EO activated by phosphite. 
 
Time points were taken every 1.5 to 3 hrs by quenching reaction aliquots.  The time points 
were quenched by dilution of 40 μL into 360 μL of 2.5 mM formic acid and 40 μM internal 
standard, 5-fluoro-uracil, to give a final pH of 3.8.  Quenched reactions were filtered through a 
Millipore Biomax 10 kDa NMWL, 0.5 mL centrifugal filter which was pre-rinsed with 0.5 mL 
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ultrapure water twice before each time point.  For each of the double mutants, it was necessary to 
clear the precipitated protein in the quenching solution by centrifugation before application of 
the supernatant to the filter.  These time points were taken between 0 – 4% of reaction in order to 
calculate an initial velocity of decarboxylation at EO concentrations (i.e., 5 to 10 mM) well 
below KM-EO which is approximately 100 mM for ScOMPDC (Tina Amyes, personal 
communication).  Also, the activity of each enzyme was found to be retained throughout the 
reaction at 25 °C as determined by OMP decarboxylation assays.   
 
Product formation was monitored via Beckman Gold System HPLC using a 3 μm (3.9 mm x 
150 mm) dC18 column from Waters Atlantis and a 1 ml/min isocratic flow rate of 10 mM 
ammonium acetate (Fluka), pH 4.2.  Peak areas were measured at 262 nm.  Calibration of the 
HPLC with the dC18 column for calculating EU, 1-(β-D-erythrofuranosyl)uracil, product 
concentration in the assay at the time of quenching was carried-out using a uridine standard 
(Fluka).  Uridine stock concentrations were determined on a Perkin Elmer Lambda 25 UV/Vis 
spectrophotometer in 0.1 M HCl at 262 nm using the extinction coefficient, 10,100 M
-1
cm
-1
.  
From 6 “runs” on the HPLC, uridine was determined to give 6.5 (± 0.4) x 105 area/nmole with a 
retention time of ca. 10.3 min.  Similar calibrations were undertaken for the internal standard, 5-
fluoro-uracil.  In order to correct for dilution of quenched time points in the pre-washed filters 
before application to the dC18 column, 5 “runs” of mock quenches were applied to the column, 
and the peak for 5-fluoro-uracil at ca. 4.6 min was used to calculate 1.91 (± 0.05) x 10
4
 area/μL.  
The value, 1.91 x 10
4
 area/μL, was used to determine the corrected volume of quenched reaction 
applied to the column.  From these calibrations and duplicate or triplicate “runs” of time points 
on the dC18 column, EU concentrations for each time point and, subsequently, initial velocities 
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(M/s) for each EO concentration could be calculated.  The assay concentrations of enzyme and 
EO were used to calculate the second-order rate constant, kcat/KM (M
-1
s
-1
) (15). 
 
4.1.2.5  Two-part substrate decarboxylation assays: 
Assays of wild type MtOMPDC and its mutants for decarboxylation of EO under activation 
by phosphite dianion were carried out as described in Toth et al., 2009 (12) (Figure 4.8) with 
slight modifications.  Enzyme preparations were the same as those used in the EO 
decarboxylation assays described above.  In addition to the other stock solutions mentioned for 
EO decarboxylation assays, 100 mM sodium phosphite (Sigma Aldrich) with the pH adjusted to 
7.0 with HCl was prepared.  Sodium phosphite dibasic at pH 7.0 (HCl) is 80% in the dianion 
form (phosphite pKa = 6.9) and has an ionic strength of 0.28.  The final assay mixture for two-
part substrate kinetics contained 15 mM MOPS, pH 7.0, 200 μM EO, 8.24 – 24.72 mM 
phosphite dianion, 100 – 530 μM enzyme, ultrapure water, and NaCl to a final ionic strength of 
0.14 in 1 mL. 
 
 Assays were monitored with a Perkin Elmer Lambda 14 UV/Vis spectrophotometer at 
wavelength 290 nm and at a controlled temperature of 25 °C.  Using the instrument’s cell 
changer, the absorbances of four cuvettes were measured over the duration of the assay: reaction 
buffer (blank) and assays with 8.24, 16.48, and 24.72 mM phosphite dianion.  Instrument drift 
was found to be negligible.  The activities of the enzymes did not vary during the assays as 
measured by OMP decarboxylation assay after EO was completely consumed.  The time courses 
for 200 μM EO decay were monitored up to 12 hrs and were fit to a first-order equation in order 
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to determine an observed rate constant, (Vmax/KM)obs (s
-1
).  Using the enzyme concentration 
determined from absorbance at 280 nm, the (kcat/KM)obs (M
-1
s
-1
) were determined and plotted 
against phosphite dianion concentration.  The dependence of observed kcat/KM on phosphite 
dianion concentration gave the third order rate constant [(kcat/KM)/KD] (M
-2
s
-1
) (15). 
 
4.1.3 Results and Discussion: 
4.1.3.1  Kinetics and crystal structures of hydrophobic cluster mutants from MtOMPDC: 
Our hypothesis predicted that mutations to the hydrophobic cluster would impact the 
processes that produce the closed conformation (Michaelis-Menten complex).  In order to 
quantitatively analyze the effect of each mutation on the enzyme’s activity, I conducted OMP 
decarboxylation assays with each purified mutant (Table 4.1).  The differential effects of each 
mutant on the kinetic constants kcat and kcat/KM provided hints as to the mechanistic impact of 
each mutation (15). 
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 kcat (s-1) KM (μM) kcat/KM (M
-1
s
-1
) 
wild type 4.6 ± 0.6 1.6 ± 0.6 (3 ± 1) x 10
6
 
V182A 3.4 25 ± 2 1.4 x 10
5
 
V182F - - 4.4 x 10
3
 
V182T 3.39 ± 0.03 36 ± 1 (9.6 ± 0.3) x 10
4
 
I199A 3.94 ± 0.08 4.30 ± 0.07 (9.1 ± 0.2) x 10
5
 
I199F 3.4 3.9 8.7 x 10
5
 
I199T 3.6 28 1.3 x 10
5
 
I199E 3.4 82 4.1 x 10
4
 
V201A 4.00 ± 0.06 4.3 ± 0.2 (9.5 ± 0.4) x 10
5
 
V201F - - 6.5 x 10
3
 
V201T 4.3 6.0 ± 1.6 7.8 x 10
5
 
I218A 3.3 12 2.8 x 10
5
 
I218F 3.1 3.2 9.7 x 10
5
 
I218T 4.2 ± 0.1 5.8 ± 0.4 (7.3 ± 0.5) x 10
5
 
V182A/I199A 3.1 63 4.9 x 10
4
 
V182A/V201A 2.50 ± 0.07 51 ± 4 (4.9 ± 0.5) x 10
4
 
V182A/I218A 2.4 330 7.4 x 10
3
 
I199A/V201A 2.5 24 1.1 x 10
5
 
V201A/I218A 2.1 25 8.4 x 10
4
 
V182A/I199A/V201A 0.4 160 2.4 x 10
3
 
V182A/V201A/I218A - - 4.5 x 10
3
 
V182A/I199A/ 
V201A/I218A 
- - 44 ± 1 
R203A 1.2 606 2.0 x 10
3
 
 
Table 4.1 OMP decarboxylation kinetic constants for hydrophobic cluster mutants of MtOMPDC 
as well as the phosphodianion binding active site mutant, Arg203Ala.  All assays were conducted 
in 100 mM NaCl, 10 mM MOPS, pH 7.1, and 25 °C (15).   
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Among the single alanine substitutions, the effect on kcat ranged from a 1.2- to a 1.4-fold 
decrease; on average the decrease was (1.3 ± 0.1)-fold.  This effect is negligible, and the 
structural superposition of the 6-hydroxyUMP co-crystal structures of each mutant with wild 
type shown in Figure 4.9 explains this observation.  The structure of all four mutants when 
bound with the intermediate analogue superimpose perfectly with wild type bound with the same 
analog.  So, we concluded from alanine-scanning mutagenesis that the hydrophobic cluster 
mutations have no effect on the chemical steps of the reaction (15).   
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Figure 4.9 Image of a structural superposition of 6-hydroxyUMP co-crystallized MtOMPDC 
(3ltp(15) – cornflower blue [1.40 Å resolution]), V182A (3lhw(15) - magenta [1.35 Å 
resolution]), I199A (3lhy(15) - chartreuse [1.40 Å resolution]), V201A (3lhz(15) - coral [1.40 Å 
resolution]), and I218A (3li1(15) – dim grey [1.35 Å resolution]).  Panel A shows the whole 
enzyme, and Panel B shows the active site.  All five crystal structures belonged to the same 
space group, P 21. The structural alignment utilized only the “core” domains. 
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The effects of the single alanine substitutions on kcat/KM ranged from a 21-fold decrease for 
V182A to a 3-fold decrease for I199A and V201A.  The majority of this effect is due to the 
increase in KM which ranged from 3- to 16-fold.  V182A and I218A had the largest effects, 16-
fold and 8-fold increase in KM, respectively; I199A and V201A both gave a 3-fold increase in 
KM.  While some of these effects were small, they all are statistically significant, and this 
common phenotype among the Ala mutants points to a function for the hydrophobic cluster 
involving the formation of the Michaelis-Menten complex (15).  An image of the open-to-closed 
transition for all four Ala mutants is observable in Figure 4.10.  Our collaborators in the Almo 
Laboratory solved both apo and 6-hydroxyUMP co-crystal structures for each. 
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Figure 4.10 Image of the hydrophobic cluster in a structural superposition of apo (magenta and 
plum) and 6-hydroxyUMP (cornflower blue and cyan) co-crystallized MtOMPDC mutants:  
V182A (3m41 and 3lhw (15) [1.40 and 1.35 Å resolution]), I199A (3m43 and 3lhy (15) [1.30 
and 1.40 Å resolution]), V201A (3m44 and 3lhz (15) [both are 1.40 Å resolution]), and I218A 
(3m47 and 3li1 (15) [1.20 and 1.35 Å resolution]), respectively.  All apo structures were in the P 
21 21 21 space group, and all 6-hydroxyUMP bound structures were in the P 21 space group.  The 
structural alignment utilized only the “core” domains. 
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Threonine also was chosen as a substitution to subtly increase the polarity in the hydrophobic 
cluster to test the importance of hydrophobicity to its function.  The kinetic results for the Thr 
mutants were similar to the Ala mutants in that kcat was unaffected.  The average decrease in the 
value of kcat was (1.2 ± 0.1)-fold where the largest effect was found for V182T, a 1.4-fold 
decrease.  Again, we concluded that these effects on the chemical steps of the reaction were 
negligible.  However, these mutations did affect kcat/KM; I found a 4- to 21-fold decrease in 
kcat/KM among the Thr substitutions.  Among the positions of the hydrophobic cluster, the trend 
in the magnitude of the effect was slightly different for the Thr substitutions versus the Ala 
series.  V182T and I199T each had an equal effect, a 21-fold decrease in kcat/KM; V201T and 
I218T each gave a 3-fold decrease in kcat/KM.  Again, these effects on the second-order rate 
constant were due to increases in the Michaelis-Menten constant, KM. 
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Figure 4.11 Continued on the next page. 
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Figure 4.11 Images of the hydrophobic cluster from BMP co-crystal structures of A - wild type 
(3ltp(15) [1.40 Å resolution]), B - V182A (3lhw(15) [1.35 Å resolution]), C - I199A (3lhy(15) 
[1.40 Å resolution]), D - V201A (3lhz(15) [1.40 Å resolution]), E - I218A (3li1(15) [1.35 Å 
resolution]), F – V182A/I199A (3lts(15) [1.43 Å resolution]), G - V182A/V201A (3m1z(15) 
[1.42 Å resolution]), H - V182A/I218A (3lty(15) [1.50 Å resolution]), and I - 
V182A/I199A/V201A (3lhv(15) [1.35 Å resolution]).  All were in the same space group, P 21, 
except for V182A/I199A and V182A/I218A which were in P 21 21 21. 
 
We hypothesized from the Thr substitution results that both V182A and V201A caused water 
molecules to be trapped in the hydrophobic cluster due to the similarity in effect of the Ala and 
Thr mutations at these positions.  The Thr mutations also bury a hydroxyl group in the cluster in 
the closed conformation of the enzyme.  Figure 4.11 shows the ordered water molecules found 
in the 6-hydroxyUMP co-crystal structures of each Ala mutant including a triple and many 
double mutants.  Water molecules were found in the hydrophobic cluster of V182A and V201A 
in support of the conclusions drawn from kinetics. 
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The varying kinetic results for Thr versus Ala substitution at positions I199 and I218 made it 
more difficult to draw conclusions.  Presumably, the I199A mutation did not have a buried water 
molecule because that position lies deepest in the TIM-barrel fold, making it more difficult for 
water to reach the mutant’s cavity.  On the other hand, I218 lies more toward the surface of the 
enzyme, and the Ala substitution caused a larger kinetic effect than did the Thr substitution.  
Possibly the hydroxyl group was positioned to interact with solvent by rotation of the I218T side 
chain leaving little effect on the size and hydrophobicity of at that position in the cluster.  In fact, 
no water molecules were found buried in the I199A or I218A co-crystal structures (Figure 4.11). 
 
In order to test the importance of the overall size of the hydrophobic cluster, single 
phenylalanine substitutions were constructed for each position.  In this series of mutants, the 
trend of kinetic impact versus position in the cluster varied from both the Ala and Thr series of 
mutants; two sets of positions emerged, V182F and V201F in the low activity set and I199F and 
I218F in the high activity set.  I199F and I218F showed less of an impact on OMP 
decarboxylation kinetics than did V182F or V201F.  The results for both I199F and I218F were 
nearly identical: 1.5-fold reduction in kcat and a 3-fold reduction in kcat/KM.  Flexibility in the 
protein structure at these positions (I199 lies at the N-terminus of the 8
th
 B-strand and I218 lies 
near the C-terminus of the 8
th
 alpha-helix) might have allowed the large hydrophobic 
substitutions to be accommodated.  This is consistent with the observations for Thr substitution 
at position 218 in which close proximity to the surface of the enzyme hypothetically allowed the 
hydrophilic substituent to be positioned away from the hydrophobic cluster.  Therefore, the 
benzene ring of F218 was likely also positioned away from the hydrophobic cluster (see Figure 
4.12).  The hydroxyl of I199T could not be repositioned away from a hydrophobic environment 
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(again, I199T KM = 29 μM), but it is possible that small shifting in the conformation at the back 
of the barrel allowed the large, greasy Phe to be accommodated in I199F. 
 
The small effect on kcat is understandable in light of the structural superposition in Figure 
4.12; all of the Phe substitutions studied by X-ray crystallography showed “wild type” 
conformations with 6-hydroxyUMP bound.  Also, the Phe at 218 in the I218F co-crystal 
structure with 6-hydroxyUMP is in fact tilted so that it does not intrude into the hydrophobic 
cluster any more than the Ile at 218 of wild type.  Surprisingly, almost no structural changes are 
evident in the vicinity of 199 in the I199F co-crystal structure with 6-hydroxyUMP.  There 
appears to be room in MtOMPDC for additional steric bulk at 199; however, protein thermal or 
chemical stability experiments were not carried out to test how well the phenylalanine is 
tolerated.  No significant structural changes were seen in the crystal structure of I199F. 
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Figure 4.12 Image of a structural superposition of co-crystal structures of the Phe substituted 
mutants: I199F (3lhu - magenta [1.60 Å resolution]), V201F (3lht - chartreuse [1.35 Å 
resolution]), and I218F (3lv6 - coral [1.45 Å resolution]).  MtOMPDC wild type is colored 
cornflower blue for comparison (3typ(15) [1.40 Å resolution]).  All four crystal structures 
belonged to the same space group, P 21.  The structural alignment utilized only the “core” 
domains. 
 
The values of kcat and KM were not individually determined for V182F and V201F; the 
kcat/KM values were 4.4 x 10
3
 M
-1
s
-1
 and 6.5 x 10
3
 M
-1
s
-1
, respectively.  Based on the structure in 
Figure 4.12, I would predict that kcat was not affected very much in V201F, so the ca. 450-fold 
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reduction in kcat/KM is largely due to an elevation in KM.  The similarity in the results for Phe 
substitution at these two positions suggested a common effect for both.  It is possible that either 
Phe substitution, V182F or V201F, disturbs closure of the active site loop in ways that the other 
set of Phe mutations does not.  Loss of the one active site residue from the active site loop, 
Q185A (analogous to Q215 in ScOMPDC), causes only a 150-fold decrease in the value of 
kcat/KM (kcat = 1.8 s
-1
, KM = 92 μM, and kcat/KM = 2.0 x 10
4
 M
-1
s
-1
).  However, it is possible that 
the additional ca. 4-fold reduction in kcat/KM caused by V182F and V201F could be due to: I) 
decoupling of phosphate binding energy from conformational change, II) the loss of the 
mechanical assistance of the hydrophobic cluster in the movement of the “mobile” domain, or 
III) both “I” and “II.”  The V201F crystal structural (Figure 2.12) can not be of much help with 
these questions because it is a co-crystal structural with a transition state analogue, and the 
effects of these mutations occur earlier in the reaction coordinate.  However, V182’s side chain 
is tilted very slightly in the V201F co-crystal structure; this could be a clue as to the strain 
produced in the Michaelis-Menten complex by the steric repulsion between F201 and V182.  If 
the same strain is present in the Michaelis-Menten complex and the transition state, kcat would 
not be effected.  The same tilting is not evident in I199F or I218F. 
 
One additional single mutant was made; a substantial fraction of archaeal enzymes have a 
glutamate at the I199 position (ca. 25 %).  In order to test whether a Glu could be substituted at 
this position in the archaeal MtOMPDC, I constructed I199E.  Interestingly (and comfortingly), 
the kinetic results from this mutant were very similar to I199T.  The value of kcat for I199E was 
the same as for wild type, and the kcat/KM for I199E was reduced 70-fold, a further 3-fold more 
than I199T.  Therefore, neither polar nor charged residues may be accommodated at the I199 
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position.  In the structural alignment of co-crystal structures of I199E and wild type (Figure 
3.13), the mutation is shown to not affect the structure of the enzyme at the transition state.  
Also, the charged Glu is stabilized by a buried water molecule accessed from the other side of 
the barrel (avoiding I218, vida infra).  Bijoy Desai in the laboratory has undertaken experiments 
with a few of the archaeal OMPDC’s containing glutamate at the I199 position to determine how 
this structural divergence in the “hydrophobic” clusters of these enzymes is accommodated. 
 
 
Figure 4.13 Image of a structural superposition of co-crystal structures of wild type (3typ(15) - 
cornflower blue [1.40 Å resolution]) and I199E (3lv5 - magenta [1.44 Å resolution]),.  
MtOMPDC.  Both crystal structures belonged to the same space group, P 21.  The structural 
alignment utilized only the “core” domains. 
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For two reasons, combinations of the Ala substitutions of the hydrophobic cluster were 
constructed.  First, we wanted to test whether incremental changes in the size of the cluster 
would cause incremental changes in kcat/KM without affecting the chemical steps of the reaction 
as evidenced by kcat.  Second, we wanted to test whether there was a difference in function 
among the residues of the cluster because each series of single substitutions gave a different 
trend of kinetic effects with respect to position in the cluster.  In other words, do the four 
residues of the hydrophobic cluster function as one? 
 
Five double mutants were made from combinations of single Ala mutations: V182A/I199A, 
V182A/V201A, V182A/I218A, I199A/V201A, and V201A/I218A.  The average reduction in kcat 
for the double mutants was (1.9 ± 0.3)-fold.  The double mutant with the lowest kcat, 
V201A/I218A, had a kcat value only 2-fold lower than wild type.  Therefore, as with the single 
mutants, the chemical steps were not significantly affected for the double mutants, and the         
6-hydroxyUMP co-crystal structures solved for the V182A containing double mutants 
superimpose well with wild type.  Most of the double mutants had kcat/KM values that were 
reduced between 26- and 60-fold compared to wild type; however, the double mutant 
V182A/I218A had a 400-fold reduced kcat/KM compared to wild type.  This odd double mutant, 
V182A/I218A, when compared to the liganded crystal structure of wild type, likely creates a 
wide, solvent-exposed hole.  This hole could allow free access of water to the hydrophobic 
cluster but, if this is true, the waters were not ordered in the co-crystal structure (Figure 4.11).  
On the other hand, each of the other double mutants provided KM values in the narrow range of 
24 to 63 μM.  V182A was shown to have a single water molecule trapped in the hydrophobic 
cluster in the closed conformation, and I199T was shown to behave as if a water molecule was 
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trapped deep in the cluster.  These two mutants had KM values of 25 μM and 28 μM, 
respectively.  V182A/I199A, V182A/V201A, I199A/V201A, and V201A/I218A all showed the 
same kinetic effect, i.e., incrementally larger KM effects.  V182A/I218A notwithstanding, the 
effects of each double mutant appear similar, so there does not seem to be different roles among 
the four residues.  I218 may have an additional role discussed below. 
 
In addition, two triple and one quadruple mutants were constructed: V182A/I199A/V201A, 
V182A/V201A/I218A, and V182A/I199A/V201A/I218A.  Of these three, two contained the 
combination of V182A and I218A which hypothetically created a solvent-exposed hole in the 
corresponding double mutant.  Again, V182A/I218A had a remarkably low kcat/KM, 7.4 x 10
3
   
M
-1
s
-1
or 400-fold reduced relative to wild type.  The triple and quadruple hydrophobic cluster 
mutants containing this combination, V182A/V201A/I218A and V182A/I199A/V201A/I218A, 
had a 650- and 66000-fold reduction in kcat/KM.  For neither could kcat be determined.  For the 
triple mutant lacking this proposed solvent-exposed hole, V182A/I199A/V201A, kcat was 
reduced 12-fold, 0.4 s
-1
, relative to wild type; the origins of this kcat reduction are not evident 
from the 6-hydroxyUMP co-crystal structure.  The same mutant gave a 100-fold increase in KM 
which is not much larger than the other mutations which trap water in the hydrophobic cluster of 
the closed conformation.  The results from this triple mutant along with the double mutants agree 
with the hypothesis that KM can be incrementally increased by the addition of Ala mutations into 
the hydrophobic cluster from 30- to 100-fold relative to wild type. 
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From the analysis of buried water molecules in the Ala mutants in Figure 4.11, a pattern is 
apparent with respect to the Ala substitution of I218.  Whereas, I218A containing mutants are 
among the most-effected in the alanine-scanning series, water is never found ordered in the 
I218A-containing structures.  My assertion is that I218 acts as a cap for the hydrophobic cluster 
to exclude water.  I believe the water molecules are present but unordered in the hydrophobic 
cluster in the I218A-containing mutants because those clusters are solvent-exposed and the 
kinetic effects are relatively large. 
 
One question remains unanswered: whether the hydrophobic cluster is involved in utilization 
of phosphate binding energy.  For comparison, Table 4.1 also includes my kinetic results for a 
mutant of a phosphodianion binding residue, R203A.  The value of kcat for R203A was reduced 
only 4-fold relative to wild type; kcat/KM was reduced 1500-fold relative to wild type.  These 
results are very similar to the triple mutant, V182A/I199A/V201A, albeit a more severe effect on 
KM.  Therefore, the hypothesis remains valid that the hydrophobic cluster facilitates the energetic 
coupling of phosphodianion binding to conformational change.  If this is true, the intrinsic 
phosphate binding energy, the amount of useful energy obtained from the enzyme’s interactions 
with the phosphodianion group, should also be effected by these hydrophobic cluster mutations 
(16). 
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4.1.3.2  An examination of the effects of hydrophobic cluster mutation on phosphate 
binding energy: 
Additional experiments were needed to address the possibility of energetic coupling between 
interactions from V182 in the active site loop with the hydrophobic cluster and interactions 
between substrate and the phosphate binding pocket.  Assays were previously developed in the 
laboratory of John Richard and Tina Amyes for investigating the contribution of phosphate 
binding to catalysis, Section 1.5.2 and Figure 4.8 (14).  By assaying a methyl phosphodianion-
truncated substrate, EO, it is possible to obtain decarboxylation kinetics in the absence of any 
influence by phosphodianion binding.  Comparison of EO decarboxylation kinetics to OMP 
decarboxylation kinetics allowed the calculation of intrinsic phosphate binding energy, Equation 
4.1. 
 
IPBE=   T ln  
 cat  M OMP
 cat  M EO
   
Equation 4.1 Intrinsic phosphate binding energy, IPBE, can be calculated from kinetic results 
from decarboxylation assays of whole substrate, OMP, and a truncated substrate lacking a 
phosphodianion group, EO. 
 
Before undertaking these experiments, few, if any, mutant enzymes had been subjected to 
assays with these altered substrates.  As a control for effects of the hydrophobic cluster mutations 
on decarboxylation of EO, we wanted to know if the same trend in activity versus the mutated 
position in the hydrophobic cluster would be followed for the decarboxylation of the two-part 
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substrate, EO plus phosphite, as was found for the decarboxylation of OMP in Section 4.1.3.1.  I 
conducted decarboxylation assays with the two-part substrate for a series of single Ala 
substitutions and the three double mutants containing V182A.  The results of these experiments 
are listed in Table 4.2.  
 
 (
 cat
 M
)OMP fold [(
 cat
 M
)/KD]EO•HPi fold (
 cat
 M
)EO fold 
 M
-1
s
-1
 change M
-2
s
-1
 change M
-1
s
-1
 change 
wild type 2.8 x 10
6
 - 2500 - 8.7 x 10
-3
 - 
V182A 1.4 x 10
5
 20 190 10 1.3 x 10
-3
 7 
I199A 9.1 x 10
5
 3 980 3 1.9 x 10
-3
 5 
V201A 9.5 x 10
5
 3 690 4 3.1 x 10
-3
 3 
I218A 2.8 x 10
5
 10 340 7 2.3 x 10
-3
 4 
V182A/I199A 4.9 x 10
4
 60 81 30 3.9 x 10
-4
 20 
V182A/V201A 4.9 x 10
4
 60 30 80 5.0 x 10
-4
 20 
V182A/I218A 7.4 x 10
3
 400 17 200 9 x 10
-4
 10 
 
Table 4.2 Kinetic constants resulting from the three different assays, OMP, two-part substrate, 
and EO decarboxylation (14, 15).  HPi, phosphite. 
 
Within a factor of 2, the effects of the hydrophobic cluster mutations on decarboxylation of 
the two-part substrate agreed with the effects of the same mutations on decarboxylation of OMP.  
This was taken as evidence that there were no differential effects of the mutations on the binding 
ability of the two different substrates.  With this evidence in hand, assays of the very slow 
decarboxylation of EO were conducted.  The results of these assays are also shown in Table 4.2.  
234 
 
The mutational effects in this assay appeared to be slightly smaller than in the phosphate-
dependent assays of OMP and the two-part substrate decarboxylation.  The IPBE’s for each 
mutant were calculated to quantify the change in phosphate binding energy relative to wild type 
and the phosphate-dependence on each mutation’s effect.  If one or more of the mutants’ effects 
were related to the utilization of phosphate binding energy, the IPBE for such mutants should 
deviate from wild type.  Table 4.3 shows the calculated IPBE’s.  The fold change in IPBE is 
small, so the hydrophobic cluster is not involved in utilization of phosphate binding energy.  The 
one mutant which caused an abnormally large effect on OMP decarboxylation due, 
hypothetically, to a solvent exposed hole, V182A/I218A, also showed a very small effect on 
phosphate binding energy.  However, the question of whether phosphate binding energy is used 
to drive conformational change in a manner independent of the hydrophobic cluster has not been 
addressed. 
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 (kcat/KM)OMP fold IPBE fold 
 M
-1
s
-1
 change kcal/mol change 
wild type 2.8 x 10
6
 - 11.6 - 
V182A 1.4 x 10
5
 20 11.0 1.1 
I199A 9.1 x 10
5
 3 11.8 1.0 
V201A 9.5 x 10
5
 3 11.6 1.0 
I218A 2.8 x 10
5
 10 11.0 1.1 
V182A/I199A 4.9 x 10
4
 60 11.0 1.1 
V182A/V201A 4.9 x 10
4
 60 11.0 1.1 
V182A/I218A 7.4 x 10
3
 400 9.4 1.2 
 
Table 4.3 Comparison of the effects of each alanine mutant on OMP decarboxylation and 
intrinsic phosphate binding energy, IPBE, calculated from Equation 4.1. 
 
4.1.3.3  The function of the hydrophobic cluster: 
Because conformational change is an inherent property of an enzyme’s structure which 
substrate binding only influences, the two processes of substrate binding and enzyme 
conformational change can be considered individually (1, 17).  Scheme 4.1 shows our model of 
the open-to-closed enzyme conformational change.  The hydrophobic cluster mutations have a 
pronounced effect on KM without effecting kcat.  Extensive X-ray crystallographic work 
conducted by our collaborators in the Almo Laboratory has shown that interactions to the 
substrate should be retained.  Because the mutations are proximal to the phosphodianion binding 
site, if their effect on KM were attributable to a reduction in substrate binding energy, this effect 
would likely be most pronounced in the binding of the phosphodianion group.  However, the 
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effects of these mutations are expressed in assays with a truncated substrate lacking a 
phosphodianion group.   
 
 
Scheme 4.1 Thermodynamic cycle describing the two different processes of substrate binding 
and conformational change from the open enzyme to the closed, Michaelis-Menten complex 
(18).  EO represents the enzyme in the open conformation; EC represents the enzyme in the closed 
conformation. KD is the equilibrium constant for substrate binding; KC is the equilibrium 
constant for conformational change.  KM is equal to  D
O/KC’ and  D
C /KC 
 
Scheme 4.1 shows how such a KM effect could arise without effecting substrate binding.  
Substrate binding theoretically could occur before or after the conformational change to the 
closed complex.  In Scheme 4.1, KD describes the equilibrium constant for substrate 
dissociation; KC describes the conformational change from the open to the closed forms of the 
enzyme.  In these terms, the measured KM is equal to the ratio of these two equilibrium 
constants, KD/KC.  Practically, substrate binding must occur before closure of the enzyme about 
the active site; therefore, KM can be expressed as  D
O/KC’ where the superscript “O” symbolizes 
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the open conformation.  The mutations in the hydrophobic cluster affect KM solely through their 
effect on the equilibrium constant for conformational change, KC, because they had no effect on 
phosphodianion binding.  In the future, it would be beneficial to directly measure the effects of 
one or more of these mutants on the value KC using a method such as backbone deuterium-
exchange mass spectrometry or solution NMR. 
 
The hypothesis I set out to test, that phosphodianion binding and the hydrophobic cluster-
aided active site loop closure are energetically coupled to conformational change in the “mobile” 
domain, has been partially disproven.  Obviously, a mechanism exists within the structure of 
OMPDC for triggering conformational change upon binding the appropriate ligand.  This 
mechanism does not involve the hydrophobic cluster even though the hydrophobic cluster is 
proximal to the phosphodianion binding site which contributes 11.8 kcal/mol in binding energy!  
Because phosphodianion binding energy can be used for either substrate binding, conformational 
change, or enhanced transition state stabilization and because we assume chemistry is not the 
only beneficiary of this binding energy, the lack of a phosphodianion dependence of the effects 
of mutations to the hydrophobic cluster suggests that the hydrophobic cluster solely functions in 
conformational change.   
 
Despite the lack of an effect from phosphodianion binding, I have not tested whether ribosyl 
or orotate binding events are energetically linked to the formation of hydrophobic interactions 
between Val182 and the rest of its cluster.  To some extent, the energetic connection between 
nucleoside interactions and the hydrophobic cluster is a necessary consequence of the 
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assumption that ligand binding induces a conformational change because the hydrophobic cluster 
lies within the “mobile” domain.  Yet, little is known about the exact causal relationship between 
each interaction with the substrate and the two overall conformational changes, loop closure and 
domain movement, nor is it obvious whether loop closure precedes domain movement.  The 
mechanism of this “induced-fit” is the subject of ongoing research in this laboratory. 
 
● ● ● 
 
4.2 Studies of the nature of the open and closed enzyme conformations 
In the recent literature, biochemists have debated a proposed functional role for enzyme 
conformational change (3, 19), so the hypothesis that enzyme conformational changes are 
important to the OMPDC-catalyzed reaction required testing.  Research from the Kern 
Laboratory supported a role for enzyme conformational change in quickly assembling the 
appropriate active site residues upon substrate binding (1).  Also, Section 3.2.3.2 outlined how a 
“remote” residue can affect the equilibrium between open and closed conformations.  In an effort 
to gain further evidence for the functional importance of domain movement in OMPDC, site-
directed mutagenesis studies were undertaken at the interface between the “mobile” and “core” 
domains.  The immediate goal was also to identify unique residues responsible for coordinating 
this phenomenon (6).   
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4.2.1 Structure/function clues from analyses of sequence and crystal structures: 
In order to test the functional importance of the “mobile” and “core” domains as proposed by 
the Larsen Group, we proposed that the introduction of bulky residues at the domain interface 
could greatly influence the movement of the “mobile” domain relative to the “core.”  As evinced 
in the structural alignment shown in Figure 4.2, the mobile domain’s movement involves a 
twisting toward the interface between the 5
th
 and 6
th
 β/α-units (Interface 2) and away from the 
interface between the 8
th
 and 1
st
 β/α-units (Interface 1).  We hypothesized that phenylalanine 
substitutions at remote sites in the Interface 1 between α-helices would lower the measured value 
of KM because these larger side chains would destabilize the open conformation relative to the 
closed.  In Scheme 4.1, the effect of increasing KC would be to decrease KM whether or not KD 
was decreased.  Alternatively, the “wedge” mutations may destabilize the open conformation to 
such an extent that substrate binds more slowly.  This would result in the opposite KM effect, an 
increase.  X-ray crystal structures would help to confirm the effect that the wedge mutations have 
on the enzyme’s structure. 
 
The “wedge” mutations were introduced at V30 and E33 from the 1st α-helix in the Interface 
1.  Also, mutations to residues T31 and G32 in the 1
st
 α-helix between the alpha helices 1 and 2 
were made to push the 8
th
 helix toward the “closed” conformation in case the domain interface 
residues failed (see Figure 4.14).  These “wedges” could easily fail to effect the positioning of 
the α-helices if the large substituted residues were capable of swinging out towards solvent 
similar to the Phe and Thr substitutions to the solvent accessible I218 position.  Thus, a positive 
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result of a lowered KM value would be informative; while, a negative result, i.e., any other 
phenotype, could easily be misleading. 
 
 
Figure 4.14 Superposition of crystal structures showing the conformational change about the 
Interface 1 and the residues targeted for mutagenesis in this region.  The superposition was 
generated by a structural alignment of the co-crystal structure of MtOMPDC and 6-azaUMP 
(3g1a (5) - cornflower blue and cyan [1.50 Å resolution]) and the apo MtOMPDC crystal 
structure (3g18 (5) - magenta and plum [1.60 Å resolution]).  The structural alignment utilized 
only the “core” domain as proposed by Larsen, et al.  The “mobile” domains are colored cyan 
and plum for the co-crystal structure and the apo structure, respectively.   
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Another way to test the functional importance of the “mobile” domain’s movement would be 
to remove interactions found in the “closed” conformation between the “mobile” and “core” 
domains analogous to the experiments in Section 3.2.3.2.  Therefore, I constructed an additional 
set of “remote” mutations in the Interface 1 to destabilize the closed conformation.  Hydrogen 
bonding interactions are easy to identify using the program Chimera, and comparison of apo and 
liganded co-crystal structures of MtOMPDC showed two residues to interact favorably only in 
the closed conformation.  One of these residues was found in the “mobile” domain in the 8th α-
helix, Y206.  The hydrogen bonding partner, K82, was found in the “core” domain across the 
dimer interface (see Figure 4.14), but because the “core” domain was proposed to span both 
monomers of the homodimer, this was considered an interdomain interaction.  These interactions 
were not found to be conserved in other subfamilies. 
 
Similarly, the Interface 2 was targeted for mutagenesis in order to identify residues 
responsible for stabilizing the closed conformation.  Residues found to interact only in the closed 
conformation as judged by the liganded crystal structures included E125, E132, D140, T159, 
R160, and R163.  These “remote” residues belong to two groups of interacting residues shown in 
Figure 4.15. 
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Figure 4.15 Superposition of crystal structures showing the conformational change about the 5 – 
6 β/α-unit interface and the residues targeted for mutagenesis in this region.  The superposition 
was generated by a structural alignment of the co-crystal structure of MtOMPDC and 6-azaUMP 
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(3g1a (5) - cornflower blue and cyan [1.50 Å resolution]) and the apo MtOMPDC crystal 
structure (3g18 (5) - magenta and plum [1.60 Å resolution]).  The structural alignment utilized 
only the “core” domain as proposed by Larsen, et al.  The “mobile” domains are colored cyan 
and plum for the co-crystal structure and the apo structure, respectively.   
 
The first group composed of E132, T159, and R160 is closer to the active site and proximal 
to the active site residue, S127.  It is apparent from the structural superposition in Figure 4.15, 
Panel A that T159 and R160 interact with backbone amides surrounding S127 only in the 
“closed” conformation.  Additionally, E132 appears to aid in coordinating these interactions 
from R160 by forming its interaction only in the closed conformation.  T159 was considered to 
be part of the mobile domain, though it resides one residue past the cut-off from the previous 
prediction.  R160 and E132 are securely in the “mobile” and “core” domains, respectively (6). 
 
The interactions from T159 and R160 to the backbone amides of the loop following the 5
th
 β-
strand are conserved across the archaeal and bacterial 2 subfamily.  For example, results of 
structure alignments followed by sequence alignments show that T159 is conserved in 80 % of 
the archaeal and 96 % of the bacterial 2 enzymes, and the remaining enzymes from these two 
subgroups contain Asn at this position.  For the structurally characterized enzymes with Asn at 
positions analogous to T159, the bacterial 2 Plasmodium enzymes, the Asn also forms 
interactions to “S127’s” backbone carbonyl oxygen.  R160 is less well conserved; in the archaeal 
subfamily Arg is the most common residue (48 %) followed by Lys (17 %) and Gln (6%).  In the 
bacterial 2 subfamily 60 % of the residues at the “160” position are capable of hydrogen 
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bonding, e.g., Tyr (20 %), His (13 %), Gln (10 %), and Lys (10 %)]; however, the remaining 40 
% of bacterial 2 subfamily have hydrophobic residues at this position.  It is possible that I am not 
able to correctly identify the structures homologous to R160 in all of the bacterial 2 enzymes 
because of a paucity of structural evidence.  These observations support the hypothesis that the 
“remote” residues, T159 and R160, have been selected for by Nature to serve a functional 
purpose.  The E132-R160 interaction does not appear to be conserved. 
 
The second group of “remote” residues included E125, D140, and R163 and was located 
farther from the active site (Figure 4.15).  R163 is contributed from the “mobile” domain while 
the other two anchoring residues, E125 and D140, are contributed from the “core” domain.  
Again, interactions between R163 and the two carboxylates of E125 and D140 were found only 
in the liganded crystal structure.  However, little conservation was observed for these 
interactions.  Mutagenesis of the “remote” residues from both sets of interactions across the 5 – 6 
β/α-unit interface was hypothesized to destabilize the closed conformation as evidenced by an 
increase in the value of KM similar to the effect seen for the hydrophobic cluster (15). 
 
4.2.2 Methods: 
4.2.2.1  Site-directed mutagenesis: 
The method used for constructing site-directed mutations in MtOMPDC, overlap extension, 
was described previously in this work (Section 2.4.3.2).   
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4.2.2.2  Mutant OMPDC purification: 
The method used for expressing and purifying MtOMPDC and its mutants was detailed 
earlier in this work (Section 2.4.3.3). 
 
4.2.2.3  OMP decarboxylation assays: 
The procedure for characterizing the OMP decarboxylation kinetics of ScOMPDC site-
directed mutants matched the procedure of Section 2.1.3. 
 
4.2.3 Results and Discussion: 
4.2.3.1  Mutational destabilization of the open enzyme conformation: 
The bulky phenylalanine residues positioned like wedges between α-helices 8 and 1 and α-
helices 1 and 2 could have had decreased KM, increased KM, or had no effect depending on how 
buried the aromatic side chain remained in the 8 – 1 β/α-unit interface.  The results in Table 4.4 
show how only one of the “wedge” mutants had an effect on  M.  V30F modestly increased KM 
from 1.6 μM to 3.4 μM.  The approximately 2-fold increase in KM was matched by a 2-fold 
decrease in kcat, so kcat/KM was decreased 4-fold.  In Figure 4.14, F30 would be very close to the 
backbone of Y206 from the 8
th
 α-helix.  It is possible that the 2-fold KM effect is the result of 
disrupting the Y206 interaction with K82.  As will be discussed below, the Y206A mutation 
caused a 3-fold increase in KM.  Because of the small effects of these mutations, we deemed 
these experiments as a failure to achieve the primary goal, to directly influence the 
conformational equilibrium of the enzyme. 
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 kcat (s
-1
) KM (μM) kcat/KM (M
-1
s
-1
) 
wild type 4.6 ± 0.6 1.6 ± 0.6 (3 ± 1) x 10
6
 
V30F 2.3 ± 0.1 3.4 ± 0.7 (7 ± 1) x 10
5
 
T31F 3.15 ± 0.03 1.5 ± 0.2 (2.1 ± 0.3) x 10
6
 
G32V 1.43 ± 0.07 2.0 ± 0.1 (7.3 ± 0.4) x 10
5
 
G32F 5.0 ± 0.3 1.9 ± 0.3 (2.6 ± 0.4) x 10
6
 
E33F 4.8 ± 0.2 2.0 ± 0.1 (2.4 ± 0.2) x 10
6
 
 
Table 4.4 Kinetic constants for OMP decarboxylation resulting from introduction of “wedge” 
mutations in the 8 – 1 β/α-unit interface. 
 
4.2.3.2  Mutational destabilization of the closed, active enzyme conformation: 
We hypothesized that many of the residues responsible for coordinating the movement of the 
“mobile” domain with substrate binding are located at the interface between the “mobile” and 
“core” domains.  In the 8 – 1 β/α-unit interface, the “remote” residues hypothesized to serve this 
purpose were K82 and Y206.  Results from OMP decarboxylation assays with mutations of these 
two residues are given in Table 4.5.  I found a larger decrease in kcat/KM for K82A than for 
Y206F; these two mutants showed an 18-fold and 3-fold decrease in kcat/KM, respectively.  
Following the same logic used to interpret the S154A and Q215A results from Chapter 3 (18), 
the smaller of the two effects is a better representation of the importance of the interaction 
between K82 and Y206.  For example, S154 showed a 4400-fold decrease in kcat/KM while 
Q215A showed a 7-fold decrease in kcat/KM.  Both single mutations remove the cooperative 
benefit from the interaction between S154 and Q215.  The loss of cooperativity must be only a 
small fraction of the effect of mutating S154; S154 also interacts with the pyrimidine ring of 
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substrate.  Likewise, the relatively large 18-fold decrease in kcat/KM of K82A must be due in part 
to other roles of this residue besides its interaction with Y206 across the domain interface.  K82 
interacts with the backbone amide immediately preceding the active site residue, D20, and the 
loss of this interaction likely accounts for the majority of the K82 effect, i.e., weakened 
interaction between D20 and substrate/intermediate.  Also, the interaction between K82 and the 
backbone of D20 is present in both apo and liganded crystal structures with a distance change of 
only 0.3 Å.  On the other hand, the 4-fold decrease in kcat/KM from mutation of Y206, which is 
entirely due to a 4-fold increase in KM, likely represents the importance of this interaction to 
stabilization of the closed conformation.  No additional experiments with truncated substrates 
were attempted to support this claim; however, the hydroxyl group of Y206 makes no additional 
interactions other than to water and K82. 
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 kcat (s
-1
) KM (μM) kcat/KM (M
-1
s
-1
) 
wild type 4.6 ± 0.6 1.6 ± 0.6 (3 ± 1) x 10
6
 
K82A 3.9 ± 0.1 24 ± 4 (1.6 ± 0.2) x 10
5
 
E125A 3.8 ± 0.1 2.38 ± 0.05 (1.59 ± 0.05) x 10
6
 
E132A 5.2 ± 0.1 1.8 ± 0.2 (3.0 ± 0.4) x 10
6
 
D140A 2.80 ± 0.03 1.6 ± 0.1 (1.8 ± 0.2) x 10
6
 
T159A - - 410 
T159S 2.0 ± 0.1 70 ± 20 (2.9 ± 0.6) x 10
4
 
T159V 1.18 ± 0.02 23.7 ± 0.8 (5.0 ± 0.2) x 10
4
 
R160A 2.01 ± 0.08 30 ± 1 (6.7 ± 0.3) x 10
4
 
R163A 2.8 3.0 ± 0.3 9.4 x 10
5
 
Y206F 4.6 ± 0.2 4.5 ± 0.5 (1.0 ± 0.1) x 10
6
 
 
Table 4.5 Kinetic constants for OMP decarboxylation resulting from mutational disturbance of 
interdomain interactions.  K82 and Y206 interact across the 8 – 1 β/α-unit interface, and all 
others interact across the 5 – 6 β/α-unit interface. 
 
Of the two sets of residues interacting across the 5 – 6 β/α-unit interface, the set containing 
E132, T159, and R160 displayed by far the larger effect upon mutation to Ala (Table 4.5).  Of 
these three residues, T159 had the largest effect; kcat/KM was reduced 40-fold and 7000-fold in 
R160A and T159A, respectively.  The E132A mutation had no effect.  Furthermore, the R160A 
effect on kcat/KM was localized to the value of KM.  The R160A structure was solved in the Almo 
Laboratory, and the structure showed little impact on the “closed” conformation (Figure 4.16). 
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Figure 4.16 Image of a structural superposition of co-crystal structures of wild type (3typ(15) - 
cornflower blue [1.40 Å resolution]) and R160A (magenta [1.40 Å resolution]) with 6-
hydroxyUMP bound. 
 
T159V and T159S continued the trend of a large kinetic impact on KM with little effect on 
kcat; KM is increased 40-fold and 15-fold for these mutants, respectively.  Co-crystal structures of 
T159V and T159S with 6-hydroxyUMP were solved in the Almo Laboratory, and in support of 
their large kcat values, the structures appear unaffected relative to wild type (Figure 4.17).  The 
kinetic and structural results show that, besides forming the interdomain interaction which likely 
stabilizes the closed conformation, T159 also performs a function with the methyl group which 
protrudes towards the active site loop.  This function may involve shielding the active site from 
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water.  An image of the 6-hydroxyUMP cocrystal structure of T159A is also provided in Figure 
4.17, and the loop and α-helix following the 6th β-strand is distorted relative to wild type.  The 
T159A closed conformation displays solvent accessibility at the top of the active site between the 
6
th
 and 7
th
 loops, but no ordered waters were found for the Ala mutant to support this claim.  
Interestingly, if the effect of T159A were assumed to be entirely due to an increase in KM (11.2 
mM), the ΔΔG for substrate binding to T159A relative to wild type is very close to additive 
compared to the KM effects for T159S, T159V, and R160A, 5.2 kcal/mol and 5.6 kcal/mol, 
respectively.  However, because the transition state analogue bound form of T159A is 
conformationally affected by the mutation, it is likely that some of the kinetic effect is due to a 
decrease in kcat.  Important future experiments would include construction and kinetic 
characterization of combinations of mutants, i.e., T159V/Q185A, R160A/Q185A, and 
T159V/ 160A, to test whether the process of “mobile” domain closure and active site loop 
closure are coupled vis-à-vis the dual functionality of T159. 
 
I did not conduct experiments to test whether the KM effects of these mutations were due to 
weakened substrate binding rather than a destabilized closed conformation with a truncated 
substrate, e.g., 3-deazaOMP or 4-deoxyOMP, because it would be impossible to determine 
whether the chemical alterations had effect substrate binding, conformational change, or both for 
the wild type enzyme let alone for mutants.  It is unlikely that a two-part substrate involving 
truncations of the orotate ring substituents would be fruitful. 
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Figure 4.17 Image of a structural superposition of co-crystal structures of wild type (3typ(15) - 
cornflower blue [1.40 Å resolution]), T159V (magenta T159A[1.40 Å resolution]), (chartreuse 
[1.60 Å resolution]), and T159S (coral [1.30 Å resolution]), each with 6-hydroxyUMP bound. 
 
The second set of residues which putatively interact across the Interface 2 included E125, 
D140, and R163.  Table 4.5 shows the results from OMP decarboxylation assays of Ala mutants 
of these three residues.  E125A and D140A showed wild type values of kcat/KM; while, R163A 
exhibited a 2-fold increase in KM.  The 2-fold effect from R163A may not be due to the loss of 
interdomain interactions because the “core” domain residues R163 was hypothesized to interact 
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with did not show the same effect when mutated.  It was concluded that these residues are not 
involved in stabilization of the “closed” conformation as hypothesized. 
 
Not surprisingly, the interacting set of residues containing T159 and R160, which had the 
largest kinetic effect, showed higher structural conservation than the other set investigated in the 
Interface 2.  Interactions to the loop following the 5
th
 β-strand are conserved within subfamilies 
and to some extent between subfamilies.  The interaction to the carbonyl backbone of S127 is the 
most conserved as mentioned above; evidence for this is available from crystal structures 
(Appendix C).  Table 4.6 summarizes structural evidence in the archaeal and bacterial 2 
subfamilies for T159 structural conservation.  The eukaryotic and bacterial 1 enzymes also show 
interactions to the “S127” carbonyl oxygen (Table 4.6); however, the residues responsible for 
these interactions are found in the active site loop as opposed to the loop following the 6
th
 β-
strand.  The active site loop residues are structurally conserved within each subfamily. 
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Archaeal Subfamily 
3g1a – MtOMPDC with 6-azaUMP 
T159 (6
th
 loop) water 352  
1x1z – MtOMPDC with 6-hydroxyUMP 
T159 (6
th
 loop) water 510  
2cze – Pyrococcus horikoshii with UMP 
T141 (6
th
 loop) water 9 water 74 
Bacterial 2 Subfamily 
2guu – P. vivax OMPDC with 6-azaUMP 
N275 (6
th
 loop) water 149  
2q8z – P. falciparum OMPDC with 6-aminoUMP 
 N244 (6
th
 loop) 
 
 
Eukaryotic Subfamily 
1dqx – ScOMPDC with 6-hydroxyUMP 
Q216 (7
th
 loop) 
3ex4 – H. sapiens OMPDC with 6-hydroxyUMP 
Q431 (7
th
 loop) water 538  
3bgg – H. sapiens OMPDC with BMP 
Q242 (a.k.a.431) (7
th
 loop) water 1076  
Bacterial 1 Subfamily 
1dbt – B. subtilis OMPDC with UMP 
V195 - N (7
th
 loop) R196 - N  
1eix – EcOMPDC with 6-hydroxyUMP 
R202 - N (7
th
 loop) R203 - N  
 
Table 4.6 The residues and water molecules shown here were found to interact with the carbonyl 
oxygen of S127 or the structurally conserved residue in the respective enzyme.  The “N” 
designation for the bacterial 1 subfamily indicates which residues use their own backbone 
amides to form the same interaction. 
 
In the ScOMPDC co-crystal structure with 6-azaUMP bound in the anti-conformation, i.e., 
3gdl (5), Q216 was not found to interact with S154’s (S127 in MtOMDPC) carbonyl oxygen.  
Also, the results of my experiment with the Q216A mutation (Chapter 3) showed that the 
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mutant did not affect the ability of ScOMPDC to complement the OMPDC knockout on minimal 
medium, so the importance of Q216’s interaction with the 5th β-strand is questionable. 
 
The other two interdomain interactions, the R160 hydrogen bonds to the backbone carbonyl 
oxygens of M126 and H128 in the loop following the 5
th
 β-strand, appear to be structurally 
conserved and formed only in the closed conformation.  The same interactions are found in the 
other structurally characterized member of the archaeal subfamily, P. horikoshii OMPDC; R142 
interacts analogously to the backbone carbonyl oxygens of M108 and H110 (PDB code - 2cze).  
In the bacterial 2 subfamily, only one of these interactions is conserved, the R160-M126 
backbone interaction.  As mentioned above, the frequencies of these residues occurring at this 
position in the bacterial 2 subfamily are 20% Tyr, 13% His, 10% Gln, 10% Lys, 3% Arg, 2% 
Cys.  Cysteine is represented at the “160” position in the structurally characterized Plasmodium 
enzymes from the bacterial 2 subfamily, and in those structures, the “C160” interacts with the 
backbone carbonyl of “S127”. 
 
The two interdomain interactions from “R160” to the loop following the 5th β-strand are also 
formed in the eukaryotic and bacterial 1 subfamilies; however, the interacting residues from the 
“mobile” domain are contributed from the active site loop following the 7th β-strand as opposed 
to the 6
th
.  These residues are highly conserved within each subfamily.  For instance, eukaryotic 
enzymes have a strongly conserved “GlyGlnGln” sequence in their active site loops.  The 
backbone amide of the Gly interacts with the backbone carbonyl preceding “S127,” the first Gln 
is the active site “Q185,” and the second Gln interacts with the backbone carbonyl following 
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“S127.”  Bacterial 1 enzymes utilize a very highly conserved Arg in the active site loop (R203 in 
EcOMPDC) to form interactions to both backbone carbonyls analogous to R160 in MtOMPDC.  
This is a remarkable case of convergent evolution. 
 
The interdomain interactions involving T159 and R160 represent a structural feature 
universal to all OMPDC’s that is responsible for facilitating the coordination of enzyme 
conformational change with substrate binding.  While it is not clear what chain of events causes 
the initial movement of the “mobile” domain, the results from these mutagenesis experiments 
suggest that residues T159 and R160 from the “mobile” domain function in stabilizing the closed 
conformation.  The stabilization is achieved by interacting across the domain interface with 
backbone amides of the loop following the 5
th
 β-strand.  These results also support the proposed 
boundaries of the two domains (6).  Additionally, the interdomain interactions from K82 and 
Y206 at the opposite domain interface have been implicated in stabilization of the closed 
conformation.  For all of the mutants in Section 4.2, I have assumed that these mutations have 
not affected the KD for substrate because these residues are remote from the active site.  Even if 
the compounds were synthesized, additional experiments with truncated substrates were not 
possible because no “two-part” substrates would have been applicable for controls against 
disturbed timing of the “mobile” domain’s movement. 
 
● ● ● 
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4.3 Conclusions: why are enzymes so large? 
The main focus of my experiments with MtOMPDC was to investigate the cooperativity of 
interactions to the substrate in the Michaelis-Menten complex to the enzyme conformational 
change observed between apo and liganded crystal structures.  A conserved cluster of 
hydrophobic residues was investigated, as these residues were hypothesized to coordinate 
interactions with the phosphodianion group of substrate with enzyme conformational change.  
Surprisingly, this cluster of residues was found to have no significant impact on utilization of 
phosphate binding energy during catalysis; while, mutants of the hydrophobic cluster impacted 
the value of KM but not kcat.  Therefore, it was concluded that the hydrophobic cluster proximal 
to the phosphate binding pocket serves only to stabilize the “closed” conformation of the 
enzyme. 
 
Additionally, residues were studied at the two domain interfaces in order to test the 
significance of enzyme conformational change to OMPDC-catalysis.  I was unsuccessful in 
affecting the equilibrium between the open and closed conformations by destabilizing the open 
conformation with “wedge” mutations between α-helices observed to move closer together in the 
open conformation.  However, I was able to identify groups of “remote” residues which interact 
across each predicted domain interface and which stabilize the closed conformation.  In the 
domain interface between the 8
th
 and 1
st
 β/α-units, residue Y206 from the “mobile” domain 
interacts with K82 from the “core” domain.  In the domain interface between the 5th and the 6th 
β/α-units, residues T159 and R160 from the “mobile” domain interact with backbone amides of 
the loop following the 5
th
 β-strand in the “core” domain.  Each of these interactions stabilize the 
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Michaelis-Menten complex through the coordination of enzyme conformational change with 
substrate binding. 
 
Though the “closed” conformation has been defined using co-crystal structures with the 
transition state analogues, 6-hydroxyUMP and 6-azaUMP, the mutations created to affect the 
ground state have not altered the energy barrier for catalysis as judged by the limited impact on 
kcat for mutants.  It is likely that the conformational changes associated with chemical steps, i.e., 
occurring along the reaction coordinate between the enzyme-substrate complex and enzyme-
product complex, are relatively small.  Because the reductions in kcat/KM found were not 
associated with reductions in kcat, the interactions disturbed in the “closed” conformation were 
likely shared between the ground state enzyme conformation and the transition state enzyme 
conformation.  Furthermore, co-crystal structures of MtOMPDC with UMP bound show a 
conformation of the enzyme identical to the 6-hydroxyUMP bound structure, so our model of a 
two state enzyme structure, open and closed, appears very accurate. 
 
In order for substrate binding to be coordinated with the formation of the closed enzyme 
conformation, other structure(s) within the enzyme must be responsible for acting as the “switch” 
for the open-to-closed transition.  I propose that the interactions to the phosphate group, e.g., 
R203, are responsible for acting as this switch.  Unfortunately, the network of interactions 
responsible for transducing this energy to conformational change proximal to the phosphate 
binding pocket likely consists of backbone-backbone interactions that are not easily affected by 
site-directed mutatgenesis.  However, the interdomain interacting residues discussed in this 
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chapter represent the downstream “nodes” in the network of communication originating at the 
“switch” and ending in the residues responsible for bring about the change.  Therefore, other 
than forming a scaffold upon which the active site can be easily mutated to explore 
sequence/structure/function space, the relatively large structures of enzymes in Nature likely 
serve to aid in timing of conformational change to key events in the reaction coordinate such as 
substrate binding and product release. 
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CHAPTER 5 
 
5 The “enigma” that “persists” (1): the role of protein dynamics in the OMPDC-
catalyzed reaction 
Wolfenden pointed out in 1995 that if a primordial organism evolved a catalyst to hasten the 
rate of OMP decarboxylation by 1000-fold, the organism’s growth would remain limited by a 
half-life of 78,000 years for the conversion of OMP to UMP (2).  With Beak and Wolfenden’s 
recognition of the difficult chemistry involved in OMP decarboxylation came the need to 
understand the mechanism utilized by OMPDC to enhance the reaction’s rate.  The lack of a 
clear explanation as to how OMPDC catalyzes its reaction after decades of research points to the 
novelty of this enzyme’s action.  OMPDC has been the focus of my biochemical research 
because it is so highly evolved and because a better understanding of OMPDC catalysis could 
further our understanding of enzyme catalysis in general.   
 
My investigation of the rate determining step(s) for catalysis by measuring the effect of 
varying viscosity on rate showed that the slow decarboxylation of OMP has been accelerated to 
the limit of diffusion.  For multiple orthologous, OMPDC’s catalysis is partially limited by 
diffusion (3).  This confirmed that the rate determining step in previous kinetic isotope effect 
studies was not chemistry alone (4).  Also, these results aided the interpretation of mutant kinetic 
results (5). 
 
Additionally, my mutagenesis studies of both ScOMPDC and MtOMPDC have identified 
many different structure/function relationships that are conserved in all OMPDC’s.  Active site 
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loop residues V182 and Q185 are important for stabilizing the enzyme-substrate complex.  
Specifically, V182 anchors into a structurally conserved hydrophobic cluster to stabilize the 
closed conformation of the enzyme (6), and Q185 interacts with both the phosphate and 
pyrimidine ring of substrate cooperatively with another active site residue, S127 (7).  S127 had 
not previously been studied by mutagenesis before my work; its compound role of coordinating 
Q185 and stabilizing the vinyl carbanionic intermediate makes it extremely important for 
catalysis (7).  Additionally, conserved, “remote” residues at the interface of two domains located 
between the active site loop and the loop containing S127, T159 and R160, interact with 
backbone amides neighboring S127 and stabilize the domain interface in the closed enzyme 
conformation.  At the opposite domain interface, “remote” residues R82 and Y206 were also 
found to stabilize the closed conformation.   
 
The phosphodianion group of OMP was shown to contribute 11.8 kcal/mol towards the rate 
enhancement of OMPDC, and this interaction is considered to be energetically coupled to 
conformational change (6, 8).  Because I have shown the conserved residues surrounding the 
phosphodianion binding pocket of the active site to be unimportant for this energy coupling, the 
phosphodianion binding residue, R203, likely acts as the “switch” for associating conformational 
change with substrate binding.  This conformational change must start at the 8
th
 β/α-unit 
containing R203 and push the next two β/α-units which largely constitute the “mobile” domain.  
As stated above, the closed conformation of the “mobile” domain is stabilized by interdomain 
interactions from residues such as K82, T159, R160, V182, and Y206 which connect the 
“mobile” domain to the “core” domain and stabilize active site loop closure.  Experiments with 
solution NMR which could measure the equilibrium between the two conformations of the 
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enzyme would help confirm the role of R203 as the “switch.”  Furthermore, combinations of 
mutations including T159V and Y206F with R203 could help to elucidate the amount of 
cooperativity between conformational change and phosphate binding. 
 
● ● ● 
 
5.1 Proposed mechanism of the OMPDC-catalyzed reaction 
With a few assumptions, it is possible to partition the total rate enhancement of MtOMPDC, 
ΔΔG‡ = -28.5 kcal/mol (6, 9), between four different modes of catalysis: binding substrate, 
stabilizing the transition state, destabilizing the substrate, and utilizing excess substrate binding 
affinity to drive conformational change which relaxes at the transition state.  As mentioned in 
Section 4.3, little conformational change likely occurs along the reaction coordinate between the 
enzyme-substrate complex and the enzyme-product complex.  However, small changes in the 
active site proximal to the catalytic Lys that are not observed in crystal structures may bring 
about sufficient changes in energy to influence the reaction.  A personal communication from the 
Gao Laboratory conveyed that computational models provide evidence for distortion of the 
backbone of K72 in MtOMPDC in the ground state.  My own analysis of the computational 
enzyme structure in the ground state (data not shown) suggests that a few interactions may differ 
between the ground state and transition state.  If this is correct, conformation change may be 
important for utilization of ground state destabilization (GSD) within the enzymes structure as 
well as for assisting substrate binding.   
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Table 5.1 shows the calculations which lead to the conclusion that conformational change 
plays a role in rate enhancement.  The information in this table is drawn from the results of many 
different experiments.  The energy required to bind substrate is estimated from the KM value, 
assuming that it approximates KD (6).  The energy that is used to stabilize the carbanion at C6 
(and likely the partial formation of an oxyanion at O4) formed in the transition state is estimated 
from the calculations of the pKa difference between UMP in solution (pKa = 30) (10) and in the 
active site (pKa = 22) (11).  I am assuming that the interactions with phosphodianion, ribosyl, 
and the remaining heteroatoms of the uracil ring remain of equal energy from the point of UMP 
binding to the formation of the vinyl carbanionic intermediate.  As an aside, this begs the 
question as to how UMP leaves the active site after OMP decarboxylation; Wolfenden has 
hypothesized that this is due to the instability of UMP in the syn conformation as it binds to 
OMPDC though it is largely anti in solution (12).  The amount of energy used to destabilize 
bound OMP in the ground state is estimated from the decrease in the rate of decarboxylation due 
to the mutation D70G (5).  This assumes that the D70G mutation only affects this form of GSD.  
This value, 4.7 kcal/mol, is reasonable given the amount of energy available from destabilizing 
the charged, conjugate base of aspartic acid; the shift in the pKa of Asp70 from ca. 4 to 7 would 
allow ca. 4.1 kcal/mol of GSD. 
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 ΔG (kcal/mol) Value derived from: 
Observed OMP KD
-1 
-7.9 KM 
Transition state stabilization -10.9 Exchange reaction 
Enz-OMP GSD -4.7 D70G kinetics 
Enz-Enz GSD -5 Remaining ΔΔG‡ 
Total ΔΔG‡ -28.5 Catalytic proficiency 
Carbanion interaction(s) -10.9 Transition state stabilization 
IPBE -11.8 Two-part substrate 
Nucleoside interactions -5.8 Remaining ΔΔG‡ 
 
Table 5.1: A summary of the sources of OMPDC’s remarkable rate enhancement.  The 
interactions between the enzyme and the carbanion, phosphate, and the rest of the nucleoside 
provide the total ΔΔG‡ which is partitioned between TSS and two forms of GSD. 
 
Given the known, total decrease in activation energy from catalytic proficiency, I 
hypothesize that the remaining 5 kcal/mol needed to achieve OMPDC’s catalysis comes from 
“cryptic” substrate binding energy that is used to drive conformational change.  This energy 
manifests itself as transition state stabilization in kinetic analyses; however, as Dr. Gao proposed, 
excess substrate binding affinity could be used to promote a destabilized ground state for the 
reaction upon which decarboxylation is relaxed (13).  The energy for this form of ground state 
destabilization (GSD) may be stored in the structure of the enzyme in the ground state and could 
result from many electrostatic and/or steric stresses between amino acid residues.  The other 
form of GSD hypothesized by Warshel is the stress housed in the structure of the enzyme; 
however, this required that the stress be paid for, not by substrate binding, but through the 
folding energy of the polypeptide (14, 15).  Warshel’s model thus requires the regeneration of 
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this unstable enzyme conformation after decarboxylation which would either make it difficult for 
UMP to leave the active site or slow the process of OMPDC readying itself for the next round of 
catalysis.  Because I found kcat/KM to be near the limit of diffusion and product dissociation to be 
faster than substrate binding for MtOMPDC (3), I favor Gao’s model which requires substrate 
binding be slow.  Therefore, of the -28.5 kcal/mol total, OMPDC catalysis utilizes GSD for 34 % 
and TSS for 38 % for achieving its rate enhancement, with the remaining energy necessary for 
substrate specificity in the cell (see Table 5.1). 
 
When the total decrease in activation energy by OMPDC is compared to the intrinsic 
phosphate binding energy and my assumed strength of interaction with the carbanion, the 
remaining 5.8 kcal/mol must come from interactions with the 2’ and 3’ hydroxyl of the ribosyl 
moiety and the O2, N3, and O4 of the orotate moiety in this “pay as you go” model (Table 1).  
Likely, no favorable binding to the carboxylate at C6 is found in the Michaelis-Menten complex.  
This amounts to an average energy of interaction between the enzyme and each of these 
remaining hydrogen bond donors/acceptors of OMP of 1.1 kcal/mol, a very reasonable sum to 
ask of each hydrogen bond. 
 
The mechanism of OMPDC catalysis has been subject to many proposed mechanisms 
and many contradictory claims.  I have sought to clarify some of the mechanistic ambiguities 
concerning this mechanism and to draw upon the rich literature on this subject in proposing the 
above energetic origins of the unexplained, large rate enhancement of OMPDC catalysis.  
Additional, experiments are needed to test the claims of enzyme conformational strain proposed 
here to contribute to GSD.  The results presented here concerning the structure/function 
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relationships at key positions of the enzyme remote from the active site are an important first 
step towards testing the role of conformational change in OMPDC catalysis. 
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Appendix 
 
A.1 Primer sequences 
 Forward primer sequences (5’ to 3’); in most cases the reverse 
complement of each was also used. 
ScOMPDC 
K59A GGTCCCAAAATTTGTTTACTAGCAACACATGTGGATATCTTGAC 
D63Ala GTTTACTAAAAACACATGTGGCAATCTTGACTGATTTTTCCATGG 
D91N GTACAATTTTTTACTCTTCGAAAACCGCAAATTTGCTGACATTGG 
R92A GTACAATTTTTTACTCTTCGAAGACGCCAAATTTGCTGACATTGG 
K93R TTACTCTTCGAAGACCGCCGCTTTGCTGACATTGGTAATACAGTC 
I97A GACCGCAAATTTGCTGACGCAGGTAATACAGTCAAATTGCAGTAC 
D99A CCGCAAATTTGCTGACATTGGTGCAACAGTCAAATTGCAGTACTC 
Q104A GGTAATACAGTCAAATTGGCGTACTCTGCGGGTGTATACCG 
L153A GGCCTTTTGATGTTAGCAGAAGCGTCATCTAAGGGCTCCC 
S154A GGCCTTTTGATGTTAGCAGAATTGGCATCTAAGGGCTCCC 
S154T GGCCTTTTGATGTTAGCAGAATTGACCTCTAAGGGCTCCC 
I183A GATTTTGTTATCGGCTTTGCAGCTCAACGCGACATGGGTGG 
Q185A GTTATCGGCTTTATTGCTGCAAGAGACATGGGTGGAAGAGATG 
Q185S GTTATCGGCTTTATTGCTTCAAGAGACATGGGTGGAAGAGATG 
P202A CGATTGGTTGATTATGACAGCCGGTGTGGGTTTAGATGAC 
V204A GGTTGATTATGACACCCGGTGCGGGTTTAGATGACAAGGG 
L206A GACACCCGGTGTGGGTGCAGATGACAAGGGAGACGC 
D207A CACCCGGTGTGGGTTTAGCCGACAAGGGAGACGCATTGGG 
D208A CCCGGTGTGGGTTTAGATGCCAAGGGAGACGCATTGGG 
L213A GATGACAAGGGAGACGCAGCGGGTCAACAGTATCGTACCG 
Q215A GACAAGGGAGACGCATTGGGTGCACAGTATCGTACCGTGG 
Q216A GGGAGACGCATTGGGTCAAGCGTATCGTACCGTGGATGATG 
Y217F GACGCATTGGGTCAACAGTTTAGAACCGTGGATGATGTGG 
R218A GACGCATTGGGTCAACAGTATGCAACCGTGGATGATGTGG 
I231A GTGGTCTCTACAGGATCTGACATTGCAATTGTTGGACGCGGAC 
V233A GGATCTGACATTATTATTGCTGGACGCGGACTATTTGCAAAGGG 
R235A GGATCTGACATTATTATTGTTGGAGCAGGACTATTTGCAAAGGG 
ScOMPDC Saturation Mutagenesis 
K93x TCCGCCAAGTACAATTTTTTACTCTTCGAAGACCGCNNSTTTGCTGACATTG
GTAATACAGTCAAATTGCAGTACTCTGC 
D91x/D96x TCCGCCAAGTACAATTTTTTACTCTTCGAANNSCGCAAATTTGCTNNSATTG
GTAATACAGTCAAATTGCAGTACTCTGC 
D91x/K93x/D96x TCCGCCAAGTACAATTTTTTACTCTTCGAANNSCGCNNSTTTGCTNNSATTG
GTAATACAGTCAAATTGCAGTACTCTGC 
S145x GGAACCTCGTGGCCTTTTGATGTTAGCAGAATTGNNSTCTAAGGGCTCCCT
ATCTACTGGAGAATATACTAAGGG 
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Q215x CGGTGTGGGTTTAGATGACAAGGGAGACGCATTGGGTNNSCAGTATCGTAC
CGTGGATGATGTGGTCTCTACAGG 
MtOMPDC 
V30F CGGGATGATGCCCTCAGGTTCACCGGAGAGGTCAGGGAATAC 
V30W ACCGGGATGATGCCCTCAGGTGGACCGGAGAGGTCAGGGAATA 
T31F GGATGATGCCCTCAGGGTCTTCGGAGAGGTCAGGGAATACATAG 
T31W GGATGATGCCCTCAGGGTCTGGGGAGAGGTCAGGGAATACATAG 
G32V TGATGCCCTCAGGGTCACCGTAGAGGTCAGGGAATACATAGACA 
G32F TGATGCCCTCAGGGTCACCTTCGAGGTCAGGGAATACATAGACA 
E33F GATGCCCTCAGGGTCACCGGATTCGTCAGGGAATACATAGACA 
E33W GATGCCCTCAGGGTCACCGGATGGGTCAGGGAATACATAGACA 
K42A GGGAATACATAGACACGGTCGCGATAGGGTACCCCCTTGTACTC 
I67A CAGAAAGAGATTTGGCTGCAGAGCCATAGCCGACTTCAAGGTTGC 
I68A GAGATTTGGCTGCAGAATCGCAGCCGACTTCAAGGTTGCAG 
D70N GGCTGCAGAATCATAGCCAACTTCAAGGTTGC 
K82A GATATACCCGAGACCAATGAAGCGATATGCCGGGCCACCTTCAAG 
E125A CGTGAGGTCTTCCTCCTGACAGCGATGTCACACCCAGGGGCAG 
S127A CCTCCTGACAGAGATGGCACACCCAGGGGCAGAGATGTTCATAC 
E132A GACAGAGATGTCACACCCGGGGGCAGCGATGTTCATACAGGGCGCTGC 
D140A GATGTTCATACAGGGCGCTGCAGCGGAAATAGCCAGAATGGGGG 
T159A GTGTCAAAAATTATGTTGGCCCATCCGCGAGACCTGAAAGGCTTTCAAGG
C 
T159S GTGTCAAAAATTATGTTGGCCCATCCTCTAGACCTGAAAGGCTTTCAAGGC 
T159V GTGTCAAAAATTATGTTGGCCCATCCGTGAGACCTGAAAGGCTTTCAAGGC 
R160A GTGTCAAAAATTATGTTGGCCCATCCACAGCGCCTGAAAGGCTTTCAAGGC 
R163A GGCCCATCCACAAGACCTGAAGCGCTTTCAAGGCTGAGGGAAATC 
V182A CATTTCTCATATCCCCCGGTGCAGGAGCCCAGGGAGGAGACCC 
V182T CATTTCTCATATCCCCCGGTACGGGAGCCCAGGGAGGAGACCC 
V182F CATTTCTCATATCCCCCGGTTTTGGAGCCCAGGGAGGAGACCC 
A184S CTCATATCCCCCGGTGTGGGAAGTCAGGGAGGAGACCCAGGGG 
Q185A CCCCCGGTGTGGGAGCCGCGGGAGGAGACCCAGGGGAGACC 
I199A CCCTCAGGTTCGCAGATGCCGCGATAGTTGGAAGATCCATCTACC 
I199T CCCTCAGGTTCGCAGATGCCACGATAGTTGGAAGATCCATCTACC 
I199E CCCTCAGGTTCGCAGATGCCGAGATAGTTGGAAGATCCATCTACC 
I199F CCCTCAGGTTCGCAGATGCCTTTATAGTTGGAAGATCCATCTACC 
V201A GGTTCGCAGATGCCATAATAGCGGGAAGATCCATCTACCTTGC 
V201T GGTTCGCAGATGCCATAATAACTGGAAGATCCATCTACCTTGC 
V201F GGTTCGCAGATGCCATAATATTTGGAAGATCCATCTACCTTGC 
R203A GCCATAATAGTTGGAGCATCCATCTACCTTGCAGATAACCCTGC 
Y206F CCATAATAGTTGGAAGATCCATCTTCCTTGCAGATAACCCTGCAG 
I218A CCTGCAGCTGCAGCAGCAGGGGCGATAGAATCCATTAAAGACCTTCTG 
I218T CCTGCAGCTGCAGCAGCAGGGACAATAGAATCCATTAAAGACCTTCTG 
I218F CCTGCAGCTGCAGCAGCAGGGTTTATAGAATCCATTAAAGACCTTCTG 
I199A←V201A GGTTCGCAGATGCCGCGATAGCGGGAAGATCCATCTACCTTGC 
 
MtOMPDC saturation mutagenesis 
V182x CATAGGTCAGGATTCATTTCTCATATCCCCCGGTNNSGGAGCCCAGGGAGG
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AGACCCAGGGGAGACCCTCAGG 
I199x/V201x GGAGACCCAGGGGAGACCCTCAGGTTCGCAGATGCCNNSATANNSGGAAG
ATCCATCTACCTTGCAGATAACCCTGCAGCTGC 
Miscellaneous 
pKTSBamHIintro GGCTTTGCTCCAACAACATGGATCCGCGGCGAACGATGAAAACTATGCGC 
ScODCNdeIintro CGAAGATAACATATGTCGAAAGCTAC 
PTETT7seq ACCACTCCCTATCAGTGATA 
04-T7TR CAGCAGCCAACTCAGCTTCCTTTC 
pKTS-hEcCM6f GGCTTTGCTCCAACAACATGGATCCGCGGCGAACGATGAAAACTAT
GCGC 
pKTS-
ScODCstopF 
GCGTCGCTGCGGCCAGCAAGATGGCGGATCCGCGGCGAACGATG 
HitStop-15bF CGCTGCGGCCAGCAAGATTAAGGATCCGGCTGCTAACAAAGCCCG 
pKTS-
MtODCStopf 
CCATTAAAGACCTTCTGAATCCCGGCGGATCCGCGGCGAACGATG 
MtHitStop-15bf CCTTCTGAATCCCTGATAAGGATCCGGCTGCTAACAAAGCCCG 
MtStopReintroF GACCTTCTGAATCCCUAAGGATCCGGCTGCTAACAAAGCC 
 
 
● ● ● 
 
 
A.2 Inhibitors of OMPDC 
A comprehensive list of inhibitors and their binding affinities for OMPDC orthologs.  This 
appendix shows the reported inhibition constants, Ki (μM); asterisks, *, indicate where 
Michaelis-Menten constants, KM, are reported as opposed to inhibition constants.  Values in 
brackets [#] beside the Ki values designate the OMP KM (μM) value from the same laboratory.  
The symbol, §, indicates which inhibitors are irreversible inhibitors.  The symbol, †, indicates 
that the enzyme was truncated from the native bifunctional form (OPRTase/OMPDC).  All 
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reactions were at 25 °C unless otherwise indicated (in the OMP row).  References are in 
parenthesis, and (#) symbolizes results published only in this thesis. 
 
 
 
Inhibitor ScODC MtODC HsODC PfODC 
A) PvODC 
B) EcODC 
C) SaODC 
D) HpODC 
2-thioOMP 30 [1.5](1)     
2-thioUMP 
43 ± 7(2) 
N.I.(3) 
    
2' -dUMP 
170 ± 2 
[1.5](4) 
    
2'-dAMP  
>10000 
[4.8](5) 
7400 ± 400 
[1.7] †(5) 
  
2'-dR-5'-
phosphate 
700 [0.7](6)     
2'-dOMP* 5.4 [0.7] (6)     
2'-dUMP 300 [0.7] (6)     
4-
thioOMP* 
20 [1.5](1) 
20 [3.5](7) 
 9.5(7)   
4-thioUMP 
1.5 ± 0.5 [0.7] 
(2) 
    
5-azaOMP* 30 [1.5](1)     
5-
bromoOMP 
1 [1.5](1)     
5-
bromoUMP 
  100 [17] †(8)   
5-
chloroOMP 
0.1 [1.5](1)     
5-
cyanoUMP 
  
80 ± 40 [17]† 
(9) 
910,000 ± 
30,000 [1.3] 
(10) 
C) 550,000 ± 
7000(10) 
D) 290,000 ± 
10,000 [1.7] 
(10) 
5-fluoro-2'-
dUMP 
250 ± 1 [1.5] 
(4) 
   
 
 
 
 
272 
 
Inhibitor ScODC MtODC HsODC PfODC 
A) PvODC 
B) EcODC 
C) SaODC 
D) HpODC 
5-fluoro-6-
azidoUMP 
§ 
 
0.36 ± 0.03 
[4.5] (11) 
   
5-fluoro-6-
ethylUMP 
 
29.0 ± 0.3 [4.8] 
(11) 
0.35 ± 0.01 
[1.7] (11) 
  
5-
fluoroOMP
* 
60 [1.5](1)     
5-
fluoroUMP 
 
650 ± 20 [4.8] 
(11) 
98 ± 6 [1.7] 
(11) 
320 [17] †(8) 
0.7 [3.2] (12)  
5-iodo-2'd-
UMP 
  250 [17] †(8)   
6-
acetylUMP 
  
20 ± 10 [17]† 
(9) 
  
6-
aminoUMP 
 
0.84 ± 0.03 
[4.8] (13) 
 2.1 [1.3] (13)  
6-azaUMP 
0.2 [1.5](#) 
1 [3.5](7) 
0.093 ± 0.003 
[1.5] (4) 
0.06 [0.7] (6) 
0.6 [1.6](#) 
12.4 ± 0.7 [4.8] 
(13) 
0.5(7) 
0.5 [0.2](14) 
0.012 ± 0.003 
[0.35] (15) 
1.10 ± .03 [1.3] 
(13) 
0.1 [3.2] (12) 
 
6-azauracil 6000 [0.7](6)  
16000 
[0.2](14) 
  
6-
azauridine 
10000 [0.7](6)  6600 [0.2](14)   
6-azaXMP 
0.12 ± 0.01 
[1.5] (4) 
    
6-
azidoUMP 
§ 
 
0.19 ± 0.01 
[4.8] (13) 
40 ± 20 [17] 
†(9) 
2.0 ± 0.1 [1.3] 
(13) 
 
6-
cyanoUMP 
§ 
11 [0.7] (16) 
29 ± 2 [4.8] 
(13) 
200 [17] †(9) 
26 ± 2 [1.3] 
(13) 
A) 62 ± 5(13) 
6-
hydroxymet
hylUMP 
  450 [17] †(8)   
6-
hydroxyura
cil 
6 [0.7] (6)  7 [0.2] (14)   
6-
hydroxyuri
dine 
9 [0.7] (6)  9 [0.2] (14)   
6-iodoUMP 
§ 
  
10 [17] †(8) 
25± 5 [17] †(9) 
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Inhibitor ScODC MtODC HsODC PfODC 
A) PvODC 
B) EcODC 
C) SaODC 
D) HpODC 
6-
methylamin
oUMP 
3 [0.7] (17)     
6-
methylamm
oniumUMP 
>15 [0.7] (17)     
6-
methylUM
P 
 
134 ± 5 [4.8] 
(13) 
 
34.1 ± 0.4 [1.3] 
(13) 
A) 22.4 ± 
0.7(13) 
6-
phosphono
UMP 
 N.I. [1.6](#)   
B) 25.8 ± 0.4 
[14] (18) 
B) 1300 
[12.4](#) 
6-sulfono-
dihydroOM
P 
21 ± 6 [0.7] 
(19) 
    
6-sulfono-
dihydroUM
P 
29 ± 7 [0.7] 
(19) 
    
6-
thiocarboxa
midoUMP 
0.00052 ± 
0.00002 [1.5] 
(4) 
0.0035 [0.7] 
(20) 
0.004 [0.6] 
(21) 
  240 [3.2] (12)  
allopurinol-
MP 
1 (22) 
4.0 ± 0.4 [1.5] 
(4) 
 2.6 (22) 
0.24 ± 0.02 
[0.35] (15) 
 
AMP  
3500 ± 200 
[4.8] (5) 
4300 ± 200 
[1.7] †(5) 
  
BMP 
0.000009 
[1.5](23) 
 
0.000009 
[0.2](14) 
  
CMP  
1200 ± 700 
[4.8] (5) 
1400 ± 100 
[1.7] †(5) 
  
dihydroOM
P 
80 [1.5] (24) 
0.3 [0.7] (20) 
110 [1.6] (24)    
dihydroUM
P 
 1500 [1.6](#)    
GMP  
4200 ± 100 
[4.8] (5) 
 
2100 ± 100 
[1.3] (5) 
 
IMP  
5700 ± 200 
[4.8] (5) 
7200 ± 300 
[1.7]† (5) 
4000 ± 20 [1.3] 
(5) 
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Inhibitor ScODC MtODC HsODC PfODC 
A) PvODC 
B) EcODC 
C) SaODC 
D) HpODC 
OMP* 
1.5(1) 
3.5(7) 
1.5(4) 
0.7(2) 
1.5 (23) 
0.7(25) 
0.7(26) 
0.60 ±0.04 (21) 
7 37°C(27) 
1.6 ± 0.5(28) 
2 55°C(29) 
4.8 ± 0.9 
55°C(5, 13) 
3.7 ± 0.2 55°C 
(10) 
1.7 ± 0.3 
37°C†(5) 
17 ± 2 †(8) 
0.3 37°C†(30) 
0.2 37°C(30) 
0.2 37°C(14) 
0.35 ± 0.06(15) 
1.3 ± 0.1 
37°C(5) 
3.2 ± 0.4(12) 
B) 14 ± 1(18) 
D) 1.7 ± 
0.1(10) 
orotate* 10000 [0.7](6)  
19000 [0.2] 
(14) 
  
orotidine* 
>30000 [0.7] 
(25) 
1000 [0.7] (6) 
 1500 [0.2] (14)   
oxypurinol-
MP 
0.052 ± 0.005 
[1.5] (4) 
    
phosphate 
20000 [3.5] (7) 
7000 [0.7] (6) 
    
pyrazofurin
-MP 
0.005 [7](27) 
6.2 ± 0.6 [3.7] 
(10) 
0.017 [1.7] 
(10) 
0.0036 ± 
0.0007 [0.35] 
(15) 
D) 0.13 ± 0.06 
[1.7] (10) 
ribose 40000 [0.7] (6)     
ribose -5'-
phosphate 
500 ± 1 [1.5] 
(4) 
80 [0.7] (6) 
    
sulfite 
3000 ± 2000 
[0.7] (19) 
    
thiopurinol-
MP 
2.5 ± 0.3 [1.5] 
(4) 
    
TMP  
3300 ± 200 
[4.8] (5) 
8700 ± 600 
[1.7] †(5) 
10000 ± 600 
[1.3] (5) 
 
UMP 
410 ± 5 [1.5] 
(4) 
92 ± 2 [0.7](2) 
500 [1.5] (23) 
200 [0.7] (20) 
200 [0.7] (6) 
330 ± 10 [4.8] 
(5) 
220 ± 100 [1.7] 
†(5) 
400 [17] †(8) 
24 [0.2] (14) 
210 ± 10 [1.3] 
(5) 
120 [3.2] (12) 
 
uracil 20000 [0.7] (6)  
16000 [0.2] 
(14) 
  
uridine 20000 [0.7] (6)  
32000 [0.2] 
(14) 
  
xanthine >600 [0.7] (6)  
>8000 [0.2] 
(14) 
  
xanthosine 500 [0.7] (6)  580 [0.2] (14)   
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Inhibitor ScODC MtODC HsODC PfODC 
A) PvODC 
B) EcODC 
C) SaODC 
D) HpODC 
XMP 
24 ± 8 [1.5] (4) 
0.4 [0.7] (20) 
0.4 [0.7] (6) 
130 ± 3 [4.8] 
(5) 
0.7 ± 0.3 [1.7] 
†(5) 
0.7 [0.2] (14) 
0.0044 ± 0.007 
[0.35] (15) 
43 ± 2 [1.3] (5) 
 
 
● ● ● 
 
A.3 Crystal structures of OMPDC 
A comprehensive list of protein data bank codes for deposited X-ray crystal structures of 
OMPDC orthologs.  Abbreviations: Sc, Saccharamyces cerevisiae; Mt, Methanothermobacter 
thermautotrophicus strain ΔH; Ph, Pyrococcus horikoshii OT3; Pb, Plasmodium berghei; Py, 
Plasmodium yoelii (PY01515); Pv, Plasmodium vivax; Pf, Plasmodium falciparum; Ec,      
Escherichia coli; Bs, Bacillus subtilis; Hs, Homo sapiens; Gk, Geobacillus kaustophilus. 
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Ligand Protein Data Bank Codes 
 
 
ScOMPDC 
 wild-type D91N K93R 
Apo 1DQW(31), 3GDK(24) 3GDR(24) 3GDM(24) 
6-azaUMP 3GDL(24) 3GDT(24)  
BMP 1DQX(31)  
 
 
MtOMPDC 
 wild-type D70N D70A D70G K72A 
Apo 
1DV7 
(32),3G18(24) 
3G1Y(24),  3G1S(24)  
6-azaUMP 
1DVJ(32),3G1A(2
4) 
3G24(24), 
1KM0(33) 
 1KLY(24)  
dihydroOMP 3G1F(24)     
dihydroUMP 3G1H(24)     
UMP 
1LOQ 
(34),3G1D(24) 
3G22(24) 1KLZ(33) 3G1X(24) 1KM4(33) 
6-iodoUMP 
(covalent) 
2E6Y(35)    2ZZ7(36) 
BMP 
1X1Z(37), 
1LOR(34), 3LTP 
(28) 
    
6-azidoUMP 2ZZ6(36)     
6-cyanoUMP 2ZZ1(36)  2ZZ3(36)  2ZZ2(36) 
CMP 1LP6(34)     
XMP 1LOL(34)     
FUMP    3G1V(24)  
 D70A/K72A D75N K42A F71A F100A 
Apo    N.P. N.P. 
OMP 1KM6(33)     
6-azaUMP  1KM5(33) 1KM3(33)   
6-cyanoUMP 2ZZ5(36) 2ZZ4(36)    
BMP    N.P. N.P. 
 S127G S127P S127A Q185A R203A 
Apo   1KM1(33)   
6-azaUMP 3LLD 3LLF  1KM2(33) 3LI0(28) 
BMP      
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Ligand Protein Data Bank Codes 
 ΔR203A V182A I199A I199F I199E 
Apo  3M41(28) 3M43(28)   
6-azaUMP 1LOS(34)     
BMP  3LHW(28) 3LHY(28) 3LHU(28) 3LV5(28) 
 V201A V201F I218A I218F V182AI199A 
Apo 3M44(28)  3M47(28)  3M5X(28) 
BMP 3LHZ(28) 3LHT(28) 3LI1(28) 3LV6(28) 3LTS(28) 
 V182A/V201A V182A/I218A V182A/I199A/V201A 
Apo 3M5Y(28) 3M5Z(28)  
BMP 3M1Z(28) 3LTY(28) 3LHV(28) 
      
 PhOMPDC 
UMP 2CZE 
XMP 2CZF 
DTT, glycerol 2CZD 
Citrate 2CZ5 
  
 PbOMPDC 
I 2FDS 
  
 PyOMPDC 
Sulfate, Cl 2AQW(38) 
      
 PvOMPDC 
UMP 2FFC(38) 
6-azaUMP 2GUU 
      
 PfOMPDC 
Apo 2ZCG(15),2ZA2(39) 
I 2FDS(38) 
Phosphate 2F84, 2Q8L 
OMP 2ZA1(39) 
UMP 2ZA3(39) 
XMP 3BPW 
6-aminoUMP 2Q8Z(13) 
6-azidoUMP 3BAR(13) 
6-iodoUMP 2QAF(13) 
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Ligand Protein Data Bank Codes 
 EcOMPDC 
Apo 1L2U(40) 
BMP 1EIX(41),1JJK(40) 
  
 BsOMPDC 
UMP 1DBT(42) 
      
 HsOMPDC 
 wild-type D312N K314A 
Apo 2JGY,2QCC(8)   
UMP 
2V30,2QCD(8), 
3EX1[from 6-
cyanoUMP](9) 
 
3EWY[from 
OMP](9) 
OMP  2QCL(8)  
BMP 3BGG(10),3EX4(9)  
3EWX[from 6-
azidoUMP ](9) 
5-bromoUMP 2QCG(8)   
5-cyanoUMP 3BK0(10),3EWZ(9)   
5-fluoroUMP  2QCF(8)  
5-iodo-2'd-
UMP 
2QCH(8)   
6-acetylUMP 3EX0(9)   
6-aminoUMP 3DBP   
6-cyanoUMP 3EX2(9)   
6-
hydroxymethy
lUMP 
 2QCM(8)  
6-
mercaptoUMP 
3EX5(9)   
Pyrazofurin-
MP 
3MI2   
Glycerol 2P1F,2QCE(8)   
Sulfate 2EAW   
XMP 3BVJ   
5-fluoro-6-
azidoUMP 
(covalent) 
3G3D(11)   
6-iodoUMP 
(covalent) 
3G3M (11),3BGJ, 
2QCN(8) 
  
6-azidoUMP 
(covalent) 
3EX3(9) 3EX6(9)  
6-acetylUMP 
(covalent) 
 3EWU(9)  
6-cyanoUMP 
(covalent) 
 3EWW(9)  
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 GkOMPDC 
Apo 2YYT 
CMP 2YYU 
 
● ● ● 
 
A.4 Potentially misannotated “OMPDC’s” 
A list of proteins annotated to be OMPDC’s which lack conserved active site residues 
necessary to catalyze efficient OMP decarboxylation. 
 
gi number/ 
species 
symptom size
a 
kDa 
operon paralogs   
(gi number) 
Bacteria 1 Subgroup 
167987163/ 
Salmonella 
enterica 
no D20/K42 19.4 no genome no genome 
196243168/ 
Cyanothece 
no D20 23.5 pyrF-7bp-hypoth.(gi:196243169) none
b
 
164517834/ 
uncultured 
bacterium 
D75E, No Posible 
Q185 
25 no genome no genome 
54113051/ 
Francisella 
tularensis 
no Possible Q185 23.4 no genome no genome 
56708661/ 
Francisella 
tularensis 
no Possible Q185 23.9 pyrD-1bp-pyrF none 
169656473/ 
Francisella 
tularensis 
no Possible Q185 23.4 pyrF-11bp-pyrD none
b
 
187930934/ 
Francisella 
tularensis 
no Possible Q185 23.9 pyrF-1bp-pyrD none
b
 
115314015/ 
Francisella 
tularensis 
no Possible Q185 23.9 pyrF-11bp-pyrD none
b
 
89255492/ 
Francisella 
tularensis 
no Possible Q185 23.4 pyrF-1bp-pyrD 254368488 
157121382/ 
Francisella 
tularensis 
no Possible Q185 23.9 no genome no genome 
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134302762/ 
Francisella 
tularensis 
no Possible Q185 23 pyrF-11bp-pyrD none
b
 
118496650/ 
Francisella 
tularensis 
no Possible Q185 23.9 pyrF-1bp-pyrD none
b
 
151572901/ 
Francisella 
novicida 
no Possible Q185 23.9 no genome no genome 
208780058/ 
Francisella 
novicida 
no Possible Q185 23 pyrD-11bp-pyrF none
b
 
167627003/ 
Francisella 
philomiragia 
no Possible Q185 23.3 hypoth.(gi:167627001)-3bp-pyrD-
1bp-pyrF 
none
b
 
153217630/ 
Vibrio cholerae 
1587 
no 
Q185/G202/R203, 
sequence truncated 
before 7th loop 
19.6 no operon for either 153217050 
213019185/ 
Wolbachia 
no D20 21.3 no genome no genome 
167977808/ 
Salmonella 
enterica 
no D20/K42 19.3 Sui1(translation initiation factor)-
1bp-pyrF 
none
b
 
197776044/ 
Streptomyces 
pristinaespiralis 
D75E, no Q185 23.7 no genome no genome 
84394674/ 
Vibrio 
splendidus 
no Q185/R203 20.8 no genome no genome 
213974603/ 
Salmonella 
enterica 
no R203 23.9 no operon for either 213979867 
110589318/ 
Endoriftia 
persephone 
no R203 25.9 no genome no genome 
Bacteria 2 Subgroup 
207721556/ 
Ralstonia 
solanacearum 
D20 26.5 pyrF-34bp-cation 
transporter(gi:207721557)-41bp-
cation transporter(gi:207721558) 
no genome 
223467191/ 
Bifidobacterium 
breve 
K72L,D75G 32.6 carbamoyl-phosphate 
synthase(gi:223467189)-1bp-carbamoyl-
phosphate synthase(gi:223467190)-1bp-
pyrF-36bp-guanylate kinase(gi:223467192) 
223467573 
213691635/ 
Bifidobacterium 
longum 
K72L,D75G 32.5 carbamoyl-phosphate synthase-1bp-
carbamoyl-phosphate synthase-1bp-
pyrF-179bp-guanylate kinase 
213692323 
224283411/ 
Bifidobacterium 
bifidum 
K72L,D75G 56.9 pyrF/guanylate kinase-18bp-
carbamoylphosphate synthase-8bp-
carbamoylphosphate synthase-87bp-
transcription termination factor-21bp-
translation elongation factor P (EF-P) 
224283048 
225350762/ 
Bifidobacterium 
pseudocatenulat
um 
K72L,D75G 33.6 no genome no genome 
212716893/ K72L,D75G 33.3 EFTu-182bp-EFP-22bp-transcription 
termination factor-114bp-
212715933 
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Bifidobacterium 
catenulatum 
carbamoylphosphate synthase-8bp-
carbamoylphosphate synthase-1bp-pyrF-
56bp-guanylate kinase 
171743368/ 
Bifidobacterium 
dentium 
K72L,D75G 32.8 no genome no genome 
217413923/ 
Bifidobacterium 
gallicum 
K72L,D75G 34.5 guanyl kinase-114bp-pyrF 217413610 
183602594/ 
Bifidobacterium 
animalis 
K72L,D75G 34.5 EFP-96bp-transcription termination protein-
73bp-carbomoylphosphate synthase-8bp-
carbomoylphosphate synthase-4bp-pyrF-4bp-
guanylate kinase 
183601594, 
183218235, 
183219200 
17230437/ 
Nostoc sp. PCC 
7120 
no active site loop 
or G202 or R203 
55.4 no operon 17132039, 
21362811 
21362811/ 
Nostoc sp. PCC 
7120  
no active site loop 
or G202 or R203 
52.8 none
b
 none
b
 
75907180/ 
Anabaena 
variabilis 
no active site loop 
or G202 or R203 
52.7 no operon 75907147 
119511686/ 
Nodularia 
spumigena 
no active site loop 
or G202 or R203 
53 no operon 119509110 
23126878/ 
Nostoc 
punctiforme 
no active site loop 
or G202 or R203 
53.1 no operon 23125124 
224401896/ 
Microcoleus 
chthonoplastes 
no active site loop 
or G202 or R203 
53.3 no operon for either 224403024 
172035418/ 
Cyanothece 
no active site loop 
or G202 or R203 
54.2 pyrFE-58bp-Holliday junction DNA 
helicase-113bp-hypoth protein 
172036442 
126660262/ 
Cyanothece 
no active site loop 
or G202 or R203 
 no genome no genome 
67924048/ 
Crocosphaera 
watsonii 
no active site loop 
or G202 or R203 
54.3 hypoth protein-72bp-Holliday 
junction DNA helicase-57bp-pyrE 
67922719 
177663996/ 
Cyanothece 
no active site loop 
or G202 or R203 
54.1 no operon 218247100, 
218248641 
196257544/ 
Cyanothece 
S127N, no active 
site loop or G202 
or R203 
54.6 no operon 196254432 
186903367/ 
Cyanothece 
no active site loop 
or G202 or R203 
54.3 no operon 218438647, 
218440964 
159029964/ 
Microcystis 
aeruginosa 
no active site loop 
or G202 or R203 
53.3 no genome no genome 
166365579/ 
Microcystis 
aeruginosa 
no active site loop 
or G202 or R203 
53.1 hypoth. protein-11bp-pyrEF 166366576 
170077235/ 
Synechococcus 
no active site loop 
or G202 or R203 
53.4 regulatory component-71bp-hypoth. 
protein-10bp-pyrEF 
170077172 
209524596/ 
Arthrospira 
maxima 
S127A, No active 
site loop or G202 
or R203 
54.9 no operon 209526729 
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119493601/ 
Lyngbya sp. 
PCC 8106 
S127A, No active 
site loop or G202 
or R203 
54.9 glycoside hydrolase-33bp-pyrEF 
58aa-4bp-pyrEF 
119493600, 
119486141 
113474256/ 
Trichodesmium 
erythraeum 
S127A, No active 
site loop or G202 
or R203 
56.3 no operon for either 113474317 
87302588/ 
Synechococcus  
no active site loop 
or G202 or R203 
56.9 no operon 87301175 
223490581/ 
Cyanobium  
no active site loop 
or G202 or R203 
57.1 no operon for either 223491744 
116075686/ 
Synechococcus 
no active site loop 
or G202 or R203 
59.7 no operon for either 116073601 
116072113/ 
Synechococcus 
no active site loop 
or G202 or R203 
55.9 no operon for either 116071217 
88807296/ 
Synechococcus 
no active site loop 
or G202 or R203 
56.1 no operon for either 88807460 
37520648/ 
Gloeobacter 
violaceus 
S127A, No active 
site loop or G202 
or R203 
52.3 no genome no genome 
153874377/ 
Beggiatoa 
no active site loop, 
no G202/R203 
32.5 no operon for either 153877192, 
153877320 
218753091/ 
Mycobacterium 
tuberculosis 
no active site loop, 
no G202/R203 
21.7 no genome no genome 
215403233/ 
Mycobacterium 
tuberculosis 
no active site loop, 
no G202/R203 
21.7 no genome no genome 
81254666/ 
Mycobacterium 
tuberculosis 
no 
Q185/G202/R203 
29.9 pyrR-4bp-pyrB-4bp-pyrC-4bp-hypoth. 
protein-4bp-carbamoylphosphate synthase-
4bp-carbamoylphosphate synthase-1bp-pyrF 
none 
42527613/ 
Treponema 
denticola 
no R203 32.8 no operon none 
83746782/ 
Ralstonia 
solanacearum 
no G202 or R203 27.6 no operon none 
Eukarya Subgroup 
223548084/ 
Ricinus 
communis 
no D20/K42 39.9 – none 
220696621/ 
Aspergillus 
flavus 
no D20 25.3 – none 
197210454/ 
Homo sapiens 
no S127, missing 
chunk of sequence 
including begining 
of active site loop 
22.9 – 4507835, 
2081622, 
2081625, 
197210446, 
340170, 
119599813, 
52626688, 
197210444, 
2081620, 
197210452, 
197210450, 
197210448 
159129261/ 
Aspergillus 
missing chunk of 
sequence including 
28.6 – no genome 
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fumigatus begining of active 
site loop 
154274175/ 
Ajellomyces 
capsulatus 
missing active site 
loop and G202 and 
R203 
31.7 – none 
114588926/ 
Pan troglodytes 
missing Q185, 
G202, and R203 
51 – 114588924, 
114588922, 
114588928 
52626688/ 
Homo sapiens 
missing Q185, 
G202, and R203 
27.4 – 4507835, 
2081622, 
2081625, 
197210446, 
340170, 
119599813, 
197210454, 
197210444, 
2081620, 
197210452, 
197210450, 
197210448 
195995731/ 
Trichoplax 
adhaerens 
R203S 52.1 – none 
28629195/ 
Kluyveromyces 
marxianus 
missing Q185 29.6 – 1169246 
195623242/ Zea 
mays 
missing G202 and 
R203 
46.7 – 226494429, 
162462458, 
223947015, 
156254526 
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